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A B S T R A C T   

Enzymatic degradation of poly(ethylene terephthalate) (PET) has emerged as a promising route for ecofriendly 
biodegradation of plastic waste. Several discontinuous activity assays have been developed for assessing PET 
hydrolyzing enzymes, usually involving manual sampling at different time points during the course of the 
enzymatic reaction. In this work, we present a novel, compartmentalized UV absorbance assay for continuous 
detection of soluble hydrolysis products released during enzymatic degradation of PET. The methodology is 
based on removal of the walls separating two diagonally adjacent wells in UV-transparent microplates, to ensure 
passage of soluble enzymatic hydrolysis products between the two adjacent wells: One well holds an insoluble 
PET disk of defined dimensions and the other is used for continuous reading of the enzymatic product formation 
(at 240 nm). The assay was validated by quantifying the rate of mixing of the soluble PET degradation product 
BHET (bis(2-hydroxyethyl) terephthalate) between the two adjacent wells. The assay validation also involved a 
simple adjustment for water evaporation during prolonged assays. With this new assay, we determined the ki-
netic parameters for two PET hydrolases, DuraPETase and LCCICCG, and verified the underlying assumption of 
steady-state reaction rates. This new continuous assay enables fast exploration and robust kinetic character-
ization of PET degrading enzymes.   

1. Introduction 

Over the last century, synthetic polymers have become an integral 
part of modern life due to their versatile and durable properties [1,2]. 
Accordingly, the production of plastics has increased rapidly, reaching 
an annual production of 367 Mt in 2020 [3]. This high production has 
led to an increasing amount of plastic waste, which due to poor col-
lecting rates, poses an ecological challenge due to its accumulation in 
landfills and marine environments [4]. 

Although the most widely used plastics are synthetic polymers, new 
discoveries have shown that microbial enzymes are capable of degrading 
certain types, notably poly(ethylene terephthalate) (PET) [5–7]. These 
discoveries have provided a new starting point for enzyme-driven PET 
recycling [8,9]. The enzymes that are active on PET include certain 
esterases (EC 3.1.1.1 and EC 3.1.1.2), lipases (EC. 3.1.1.3), cutinases (EC 
3.1.1.74), and notably the new class of enzymes categorized as PET 
hydrolases (PETases) (EC 3.1.1.101) [6,7]. Currently, several efforts 

focus on discovery, characterization, and protein engineering of PET 
degrading enzymes [10–12]. 

Proper performance assessment and comparison of PET degrading 
enzymes relies on robust and accurate assays. Several different analyt-
ical methods have been established for investigating the enzymatic 
degradation of PET [13]. A few of these assays permit continuous 
analysis, e.g. involving pH-stat [14], turbidimetry [15], calorimetry 
[16], or impedance spectroscopy measurement [17]. However, none of 
these continuous assays fulfill the requirement for assessing the enzy-
matic degradation of PET in a simple setup that permits small reaction 
volumes (to test limited amounts of enzymes) and allows for multiple 
reactions to be run in parallel. 

Suspension-based assays that apply UV-absorption spectroscopy to 
detect the hydrolysis products are among the most commonly used for 
PET hydrolases [18–20]. The analytical principle of these UV-absorption 
assays is based on the high absorbance of the phenyl-groups present in 
the soluble enzymatic degradation products of PET, i.e. terephthalic acid 
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acid. 
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(TPA), mono(2-hydroxyethyl)terephthalic acid (MHET), and bis 
(2-hydroxyethyl)terephthalic acid (BHET) [21,22]. A limitation of the 
UV absorbance assay is that PET itself absorbs at 240 nm and thus that 
larger insoluble substrate particles result in light scattering. It is there-
fore not possible to run the reaction continuously in a plate reader using 
a standard microplate, as the presence of the PET substrate interferes 
with the measurement, and the assays must therefore be run discon-
tinuously. Such discontinuous assays usually require a significant 
amount of diligent manual sampling to attain accurate and comparable 
results, and since the enzymatic degradation of PET is a slow process 
that furthermore only slowly achieves a steady-state, especially at 
increased substrate crystallinity [18,23–25], the sampling usually has to 
take place over extended time periods. 

Here, we demonstrate and validate a compartmentalized UV absor-
bance assay for continuous detection of soluble hydrolysis products 
during enzymatic degradation PET, i.e., a continuous assay that can be 
run in UV-transparent microplates. The applicability of the continuous 
assay is evaluated through inverse Michaelis-Menten (invMM) kinetics 
[26] on two thermostable PET degrading enzymes: LCCICCG, a variant of 
the leaf-branch compost cutinase (LCC) [12], and DuraPETase, a variant 
of the Ideonella sakaiensis PETase [27], and by analyzing the simulated 
rates of mixing of the hydrolysis products versus the enzyme catalyzed 
product formation rates. 

2. Materials and methods 

2.1. Enzymes 

LCCICCG was heterologously expressed in E. coli SHuffle T7 compe-
tent cells (New England Biolabs, Ipswich, Massachusetts, USA), while 
DuraPETase was heterologously expressed in the E. coli BL21 (DE3) 
competent cells (New England Biolabs, Ipswich, MA, USA) as described 
previously [18]. 

2.2. Substrate 

The PET material used as substrate was 1 mm thick amorphous PET 
sheets (Goodfellow Cambridge Ltd, Huntingdon, UK) (Cat. No. 
ES303010), punched into uniform disks (Ø=6 mm) using a generic hole 
punch. In order to remove the enthalpy relaxation caused by ageing of 
the polymer, the PET disks were annealed at 85 ◦C for 5 min, and sub-
sequently quenched in ice water for 30 s as described in [25]. The 
starting crystallinity of this PET material was 9.1 ± 1.3%, as measured 
by differential scanning calorimetry (DSC) as described earlier [25]. 

2.3. Modification of microplates 

To allow for continuous spectrophotometric measurements of prod-
uct formation resulting from PET hydrolase action, a UV-transparent 
flat-bottom well microplate (made up of polystyrene with UV- 
transmissible well bottoms) (Corning Inc., Corning, New York, USA) 
(Cat. No. 3635) was modified to ensure unrestricted passage of soluble 
enzymatic hydrolysis products between two diagonally adjacent wells 

(Fig. 1). The modification involved cautious removal of the interjoining 
walls of two diagonally adjacent wells using a DREMEL® Rotary Tool 
(with a 4.8 mm routing bit) (DREMEL, Racine, Wisconsin, USA). During 
experimental runs, one well contained the PET disk (denoted as the 
reaction well), while the other well (denoted as the analytical well) was 
used for continuous UV detection of the soluble PET degradation prod-
ucts formed during reaction. The modified plates were subjected to 
quality control to ensure that the interconnected wells were not leaking 
into the neighboring wells of each set of diagonally adjacent set of wells 
(Supplementary information, Fig. S1). 

2.4. Continuous activity assays 

The continuous assay was used to measure the product formation as a 
function of time during the action of DuraPETase and LCCICCG, respec-
tively. Each enzyme was added to the connected wells in dosages 
ranging from 20 nM to 800 nM in 650 µL of 50 mM Glycine-NaOH 
buffer at pH 9, and preheated at 50 ◦C for 10 min in an Epoch 2 
microplate spectrophotometer (BioTek, Winooski, Vermont, USA). 
Subsequently, a PET disk was placed into the reaction well and UV 
absorbance was detected at 240 nm in the analytical well for up to 
90 min at intervals of 45 s. A shaking step lasting 3 s was included be-
tween each measurement. The UV absorbance of the enzymatic product 
formation at 240 nm was converted into molar amounts using 
commercially available BHET as standard. BHET was chosen as the 
standard since the molar absorption of BHET has been reported to reflect 
the sum of the pooled absorbance from all soluble PET degradation 
products [22]. To verify that this also applied under the experimental 
conditions in this study, we prepared standard curves for both BHET and 
MHET (Supplementary information, Fig. S2). On this premise, the molar 
amounts are given in terms of nmol BHET equivalents (BHETeq). 
Following enzymatic treatment of a PET disk, the reaction mixture was 
furthermore analyzed using direct light scatter to ensure that no parti-
cles were present that could interfere with the light pathway used to 
detect product formation (data not shown). 

For the invMM kinetics analysis, the initial rates, vi, of the PET hy-
drolase action were determined from the slopes of the progress curves of 
the enzyme catalyzed reactions achieved at different enzyme dosage 
levels, E0. The kinetic parameters for interfacially acting enzymes are 
thus described as the inverse maximal reaction rate, invVmax, and the 
inverse Michaelis-constant, invKM, respectively, derived as previously 
described [26], i.e. according to Eq. (1): 

vi =
invVmax⋅ E0
invKM + E0

(1)  

2.5. Evaporation 

Any possible evaporation occurring during the prolonged incubation 
required for the assay measurements was assessed at 50 ◦C. This was 
accomplished by quantifying the residual volume of 650 µL water 
samples in the microplates after incubation for 0 min, 30 min, 60 min 
and 120 min. The residual volume was quantified by weighing the 

Fig. 1. Schematic representation of the modified microplates. A) Standard UV 96-well micrplate. B) Modified microplate used in the continous asssay. The two 
digonally adjacent wells were conntected by removing the well walls using a DREMEL® Rotary Tool. C) Experimental set-up of the contious assay. Each connected 
well is filled with an enzyme solution (light blue color). An insoluble PET substrate is added to the reaction well, while the A240 is meassured in the analytical well. 
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remaining water in a connected set of two diagonal wells by pipetting. In 
addition, the effect of prolonged incubation on the absorbance of a 
100 µM BHET solution (650 µL) was evaluated over a 2 h incubation 
period at 50 ◦C. 

2.6. Mixing of BHET between the wells 

A study was conducted to quantify the rate of mixing of the soluble 
hydrolysis products (solutes) in the reaction well and the analytic well. 
To investigate any potential influence of the presence of the PET disk on 
the mass transfer of soluble products, the experiment was conducted 
with and without the presence of a PET disk in the reaction well (Sup-
plementary information, Fig. S3). It was assumed that the mixing of the 
contents in the reaction- and analytical well can be described as a well- 
mixed two tank system with a constant molar flow in both directions, i.e. 
according to the following kinetic scheme (2): 

nrw

kf
⇌
kr

naw (2)  

Here nrw and naw are the molar amount of solutes in the reaction- and 
analytical well, while kf and kr are the rate constants for the forward and 
reverse mass flow, respectively. At equilibrium, the concentration of 
solutes is the same in both wells, thus corresponding to an equilibrium 
constant equal to 1. Since both wells have the same volume, it follows 
that the rate constants, kf and kr , must be the same. Hence, kf = kr = k. A 
differential equation of the change in nrw with time, t, can be derived 
from the kinetic scheme in (3): 

Δnaw

Δt
= k ⋅ nrw(t) − k ⋅ naw(t) (3) 

The nrw(t) at a given time can furthermore be expressed as function of 
naw(t): 

nrw(t) = 2 ⋅ neq − naw(t) (4) 

Here neq is the molar amount in both wells at equilibrium. By adding 
(4) to (3) and integrating the equation an expression of naw(t) emerges 
(Eq. (5)): 

naw(t) = neq + exp( − 2 ⋅ k ⋅ t) ⋅ c (5) 

Here c is the constant of integration. The rate constant k of the system 
was quantified by fitting experimental data to (5). A global fit, at which 
k was fixed, was performed using OriginPro software (OriginLab Cor-
poration, Northampton, Massachusetts, USA). An additional experiment 
was conducted to verify that the mixing constant of MHET was similar to 
that of BHET (Supplementary information, Fig. S3). 

2.7. Simulation of mixing of solutes during enzymatic reactions 

The response of the system, was evaluated by simulating the amount 
of solutes in both wells, coupling (3) with an expression of the change of 
solutes in the reaction well, which can be described as in Eq. (6): 

Δnrw

Δt
= V ⋅ v + k ⋅ naw(t) − k ⋅ nrw(t) (6) 

Here V denotes the total volume of the connected wells, while v is the 
product formation rate of the enzymatic reaction occurring in the re-
action well. It was assumed that the concentration of substrate was in 
such excess that v ≈ vi during the course of the reactions included in the 
simulation. 

The product formation rate of the experimental data was then 
simulated by solving the differential Eqs. (3) - (6) numerically using 
MATLAB software (MathWorks, Natick, Massachusetts, USA). The 
observed product formation rates at the linear regions of the progress 
curves along with the estimated rate constant of the mixing were used as 

input values in the simulation. 

3. Results and discussion 

3.1. Continuous detection soluble products by UV spectrophotometry 

The release of soluble products from the hydrolysis of PET using two 
PET hydrolases, DuraPETase and LCCICCG, was monitored continuously 
via detection by UV absorption. By connecting two adjacent wells in a 
microplate by removing the wall structure between two diagonally 
positioned wells, it was possible to run the enzymatic reaction in the 
reaction well while detecting the UV absorbance of the supernatant in 
the analytical well. During enzymatic hydrolysis, the insoluble PET disk 
was physically retained in the reaction well by the compartmentalized 
design of the interconnected wells. This compartmentalization pre-
vented any interference to the optical light path used for absorbance 
measurements in the analytical well. Although one side of the PET disk 
faced downwards towards the bottom of the microplate, the accessibility 
of the enzymes to both sides of the substrate PET disk was not restricted 
(Supplementary information, Fig. S4). 

A schematic representation of the plate design is displayed in Fig. 1. 

3.2. Inverse Michaelis-Menten kinetics of two thermostable PET 
hydrolases 

The performance of the continuous assay was evaluated by quanti-
fying the kinetic parameters invVmax and invKM , for both LCCICCG and 
DuraPETase. The enzymatic reaction rates at various enzyme concen-
trations were obtained for each enzyme by monitoring the product 
formation in the analytical well during enzymatic treatment. Reactions 
were performed at 50 ◦C, corresponding to the maximal incubation 
temperature of the plate reader, and at pH 9, the pH optimum of both 
LCCICCG and DuraPETase [18]. 

The absorbance of a solute measured in the plate reader is only 
proportional to its concentration within a certain range (i.e. Lambert- 
Beer’s law). The upper detection limit of the product formation, 
measured by the continuous assay, is therefore limited to the range of 
this proportionality which corresponded to an upper limit of ~80 nmol 
BHETeq (Supplementary information, Fig. S2). 

The progress curves at various enzyme concentrations of LCCICCG and 
DuraPETase are displayed in Fig. 2. A distinct lag phase in the pro-
gression of the product formation was observed during the initial 
treatment (~30–80 min depending on the conditions). After this point, 
the rate stabilized at a constant, which we define as the initial steady 
state rate. The rates were converted into µM min− 1 by dividing the initial 
rates, determined from Fig. 2A and B, with the starting volume (650 µL). 

The estimated rates were plotted against the enzyme concentration 
(Fig. 3A and B) and fitted to the invMM equation, displayed in Eq. 1, to 
obtain the kinetic parameters, invVmax and invKM, listed in Table 1. 

No significant difference were observed between the invKM of LCCICCG 
and DuraPETase. These values were in the same range as previously 
reported invKM values of other PET degrading enzymes [19,28]. 

The invVmax, on the other hand, was more than 6-fold higher for 
LCCICCG compared to DuraPETase; the invVmax is interpreted as the 
maximum rate the enzyme can achieve on an insoluble substrate, and 
implies that all accessible attack sites on the surface of the substrate are 
constantly occupied by the enzyme. The data verify the applicability of 
the assay for evaluating kinetics of PET hydrolases. The experimental 
data show that LCCICCG outperforms DuraPETase at these reaction 
conditions even if the optimal reaction temperature for LCCICCG is in fact 
20 ◦C higher. 
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3.3. Validation of the continuous assay 

3.3.1. Evaporation 
As the continuous assay is an open system, water may evaporate from 

the wells during incubation in the plate reader. A reduction in the re-
action volume is therefore expected to occur during the enzymatic re-
actions. The evaporation from the interconnected wells was monitored 

at standard reaction conditions (50 ◦C over a 2 h incubation period) 
(Fig. 4A). This corresponded to a linear evaporation rate of 2.15 
± 0.13 µL min− 1. It can therefore be expected that ~40% of the total 
reaction volume had evaporated after two hours of incubation. The 
enzyme concentrations from Fig. 3 A and B were therefore adjusted 
according to the expected residual volume, at the time at which the rates 
were calculated. This was done to account for the increasing enzyme 
concentration caused by evaporation. 

The effect of prolonged incubation on the absorbance of reaction 
products, was evaluated by incubating 72 nmol of BHET at standard 
conditions (Fig. 4B). A constant signal was observed during the two 
hours of incubation, despite a ~40% reduction in the sample volume 
caused by the evaporation. This phenomenon can be explained by the 
Lambert-Beer’s law (A = C ⋅ l ⋅ ε), as the increase in concentration, (C), 
caused by the reduction in sample volume, is inversely proportional with 
the length of the optical light path (l), at which the absorbance measure 
is taken. 

Threfore, we consider it a fair assumption that the absorbance 
monitored by the continuous assay is representative with the actual 

Fig. 2. Progress curves at various initial enzyme concentrations (20–800 nM) for A) LCCICCG and B) DuraPETase. The reactions were performed at 50 ◦C in 50 mM 
Glycine-buffer pH 9 for a maximum of 100 min. The data points and error bars represent the average value and standard deviations (n = 3). 

Fig. 3. Inverse Michaelis-Menten (invMM) curves of A) LCCICCG and B) DuraPETase displaying the product formation rates as a function of the enzyme load. The 
symbols and error bars represent the average and standard deviation (n = 3) of the linear region of the experimental data. The solid lines are non-linear regression fit 
of the experimental data to the invMM equation (Eq. (1)). The reactions were performed at 50 ◦C in 50 mM Glycine-buffer pH 9 for a maximum of 100 min. Enzyme 
dosages and product levels were adjusted to account for water evaporation during the course of reaction. 

Table 1 
Kinetic constants derived from the invMM fits of LCCICCG and DuraPETase shown 
in Fig. 3. The values are the fit parameters ± the standard deviation of these 
based on three replicate measurements for each enzyme. Different superscript 
letters a and b indicate statistically significant differences between the data for 
each enzyme (p < 0.05), where a is significantly higher than b.   

invKM 
invVmax  

[nM] [µMBHETeq min− 1] 

LCCICCG 104a ± 35 9.2a ± 0.9 
DuraPETase 101a ± 28 1.5b ± 0.1  
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molar amount of BHETeq released during the enzyme reaction. 

3.3.2. Mixing of solutes between the wells 
A key prerequisite for the continuous assay is that sufficient mixing 

of contents in the interconnected wells is achieved. We note that the 
reaction mixture is subjected to physical shaking which dictates that the 
mass transfer of soluble products between the wells cannot be regarded 
as diffusion alone, but instead as a combined effect of diffusion and 
mixing. This will allow the system to obtain a steady-state, at which the 
product formation rate measured in the analytical well is equal to the 
rate of the enzymatic reaction in the reaction well. 

The rate constant of the mixing was quantified by monitoring the 
absorbance in the analytical well, after a small amount of a concentrated 
BHET suspension had been added into the reaction well of individual 
samples (Fig. 5). The mixing constant of the system was estimated to be 
0.247 ± 0.002 min− 1 using global fitting of the experimental data 
(Fig. 5) to Eq. (5). 

As a consequence of the separation of the reaction well and the 
analytical well, a delay in the observed product formation rate is ex-
pected during the initial incubation. This delay, determined by the 
mixing rate constant, is equivalent to the time it takes for the detected 
rate in the analytical well to be equivalent to the product formation rate 
in the reaction well. The expected product formation measured in the 
analytical well was simulated using the differential Eqs. (3) and (6) 
using the estimated rate constant from Fig. 5 and the rate of the linear 
regions from Fig. 2A and B as input values. This was done to compare the 
acceleration of the rate observed experimentally with the acceleration 
associated with the time delay caused by the mixing. 

A comparison between the observed and simulated product forma-
tion in the analytical well is displayed in Fig. 6A, while the on-set time, 
defined as the time it takes to reach 95% of the product formation rate at 
steady state, is displayed in Table 2. 

From Fig. 6A it is evident that the reaction rate of the simulated 
product formation reaches a steady-state after 8 min which, depending 
on the conditions, was 3.5–10 times faster than the corresponding actual 
rates. The mixing constant was neither affected by the presence of a PET 
disk in the reaction well or the type of hydrolysis products (i.e., BHET or 
MHET) (Supplementary information, Table S1). However, the mixing 
constant was apparently affected by other parameters, including the 
specific dimensions of the passage between the interconnected wells in 
the prepared microplates. As outlined in 2.3 we therefore recommend 
complete removal of the interjoining walls of two diagonally adjacent 
wells for successful assay results. The mixing constant used in this study 
for simulating product formation was conservatively selected to repre-
sent the lowest experimental mixing constant obtained throughout our 
study. The data emphasize the importance of continuous monitoring of 
the product formation when quantifying the reaction rates, as single 
end-point measures may result in an underestimation of the rates. 

4. Conclusion 

In order to thoroughly study the characteristics of PET hydrolases, it 
is important to assess the progression of the rate by which soluble hy-
drolysis products are released from a PET sample during enzymatic 
treatment. In this study, we demonstrated the applicability of our 
continuous activity assay for the quantification of released soluble hy-
drolysis products from PET disks treated with two PET hydrolases, 
DuraPETase or LCCICCG. 

Both enzymes showed a clear trend where the initial rate increased 
gradually until a constant rate had been reached. In turn, these constant 

Fig. 4. A) Correlation between residual volume of 650 µL water samples and incubation time at 50 ◦C, the correlation follows a linear trend (y = -(2.15 ± 0.13) 
x + 647 ± 7, R2 0.99). The average volume and standard deviation (n = 3) are represented by data points and error bars. B) Change in signal, in nmol BHETeq of 
three individual samples (represented by red, black, or blue data points) of 72 nmol BHET during 120 min incubation at 50 ◦C. 

Fig. 5. A) Change in BHETeq in the analytical well after adding of three 
different volumes of a concentrated BHET suspension (2.5 mM) into the reac-
tion well. The average and standard deviation (n = 3) of the experimental data 
is represented by data points and error bars. The solid lines represent the non- 
linear global fit of Eq. (5) to the experimental data. 
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rates were used to derive kinetic parameters under the assumption of 
steady-state kinetics. The results obtained were in line with values re-
ported in the literature. In summary, this continuous activity assay offers 
a novel tool for further characterization of PET degrading enzymes. The 
continuous monitoring assay is fast and simple, and has potential as a 
high-throughput method for kinetic assessment of new putative PET 
degrading enzymes or engineered PET hydrolases in expression 
libraries. 

As a final remark it is important to state that this assay is not limited 
to the characterization of PET degrading enzymes, as it can be used to 
characterize other enzyme working on insoluble substrates. This does 
only require that the products from enzymatic reactions can be 
measured by absorbance or other types of optical spectroscopy. 
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