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Fluorescence-based techniques are prevalent in studies of nanomedicine-targeting to cells and tissues. However,
fluorescence-based studies are rarely quantitative, thus prohibiting direct comparisons of nanomedicineperformance across studies. With this Commentary, we aim to provoke critical thinking about experimental
design by treating some often-overlooked pitfalls in ‘quantitative’ fluorescence-based experimentation. Focusing
on fluorescence-labeled nanoparticles, we cover mechanisms like solvent-interactions and fluorophoredissociation, which disqualify the assumption that ‘a higher fluorescence readout’ translates directly to ‘a better
targeting efficacy’. With departure in recent literature, we propose guidelines for circumventing these pitfalls in
studies of tissue-accumulation and cell-uptake, thus covering fluorescence-based techniques like bulk solution
fluorescence measurements, fluorescence microscopy, flow cytometry, and infrared fluorescence imaging. With
this, we hope to lay a foundation for more ‘quantitative thinking’ during experimental design, enabling (for
example) the estimation and reporting of actual numbers of fluorescent nanoparticles accumulated in cells and
organs.

1. Introduction
Studies of tissue accumulation and cellular uptake of nanomedicines
rely increasingly on fluorescence-based methods. Examples include:
Measurements of bulk solution fluorescence, fluorescence microscopy,
flow cytometry, and in vivo imaging systems to quantify the behavior of
nanomedicines, i.e., nanoparticles (NPs) carrying drugs or acting as
therapeutic agents. In this Commentary, we highlight some oftenoverlooked pitfalls associated with the use of fluorophores in such
studies and discuss strategies to derive numbers of NPs in cells and or
gans, as summarized in Fig. 1.
First, we briefly introduce some fundamental concepts about fluo
rophores. Next, we examine two pitfalls related to the interactions be
tween fluorophores and their biological environment, which can readily
bias fluorescence readouts and fluorophore tracking: (P1) How the sol
vent/surroundings alter optical properties of fluorophores, and (P2) How
labile fluorophores can dissociate from nanomedicines to other entities in
biological liquids. We discuss how to identify whether these pitfalls are a
concern for a given experimental setup and how to account for them.
Finally, we explore how quantitative information is best obtained from

fluorescence-based experiments. Specifically, we discuss the opportu
nities to count NPs in in vitro and in vivo studies:
(O1) Quantifying the proportion of NPs that are associated with cells,
(O2) Quantifying the number of NPs associated with single cells, and
(O3) Quantifying NP-presence in biodistribution studies.
Fluorescence output from a fluorophore is highly dependent on its
surroundings. Additionally, background signals, like autofluorescence,
readily offset fluorescence measurements. Hence, assuming that ‘more
signal’ equals ‘more fluorophores’ will easily lead to erroneous conclu
sions. Here, we focus on the derivation of quantitative information,
because we see a need (within the field of nanomedicine) to establish the
reliability of observations, improve the reproducibility of isolated
studies, and make direct comparisons between studies. With quantita
tive tools, including NP-counting strategies, we can establish astute and
falsifiable hypotheses about the mechanisms underpinning NP uptake in
cells and the efficiency of NP-targeting to specific cell types/organs, i.e.,
hypotheses central to fundamental research and for establishing the
clinical potentials of NPs.
To exemplify, consider these questions: Does 10.000 arbitrary fluo
rescence intensity units measured from a cell correspond to the uptake of
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a single or hundreds of NPs? If it corresponds to only 100 NPs per cell
and the NP-to-cell ratio is a billion-to-one, can we argue that the NPs are
efficient in targeting the cells? In the words of Milo et al. [1]: Biological
numeracy allows scientists an ‘extra sense’, as already appreciated by Darwin
himself, to decide whether a given biological claim actually makes sense.
Here, we cover a select set of topics (relating to fluorescence-based NPquantification) that are not commonly appreciated or highlighted in the
literature. Hence, this work does not provide a complete overview of all
quantitative fluorescence approaches in nanomedicine and all chal
lenges associated with fluorescence measurements. For example, we will
not cover well-known issues related to photobleaching and quenching
effects [2]. Neither will we discuss issues related to the membrane af
finity of fluorophores, as this topic was treated exhaustively in recent
works [3,4].

alternating single and double bonds (Fig. 2A), resulting in a low energy
gap between the molecular electronic ground state (S0) and the first
molecular excited state (S1). The low energy gap makes it possible, in
many cases, for the fluorophore to absorb and emit light in the visible
spectrum. The electronic states (S0, S1, etc.) each exhibit discrete
vibrational and rotational states. Fig. 2B shows a Jablonski diagram,
which includes the vibrational states and corresponding electronic
transitions (the most likely transitions) within and between the elec
tronic states S0 and S1 in a fluorophore.
Fluorophores are molecules that, after decay to the lowest vibrational
S1 state, have relatively slow non-radiative decays and thus (often) decay
to the ground state by radiation, i.e., emission of a photon (fluorescence).
Kasha’s rule states that photon emission occurs in appreciable yield only
from the lowest excited state [5]. Hence, if the fluorophore is excited to the
S2 state or higher, it rapidly decays to the lowest vibrational S1 state via
internal conversions and vibrational relaxation and then emits a photon
(fluorescence), thus returning to the S0 state. A Jablonski diagram with
these transitions clearly shows that the photon energy needed to excite a
fluorophore is (generally) greater than the photon energy of the resulting
fluorescence. The Stokes shift, i.e., the difference in energy between the
absorption maximum (S0 → S1) and emission maximum (S1 → S0), is
characteristic of the fluorophore itself and its immediate environment (see
below). Ultimately, all energy ‘lost’ in the Stokes shift, is dissipated as heat
to the environment around the fluorophore.

1.1. The fluorophore and its fluorescence behavior
Fluorescence-based measurements all start with the fluorescent
probe, i.e., the fluorophore. Thus, a brief introduction to some funda
mental principles of fluorescence is helpful to understand the pitfalls/
opportunities presented in this Commentary. For a detailed account of
the photophysical and physicochemical properties of fluorophores, we
highly recommend Lakowicz’s ‘Principles of fluorescence spectroscopy’
[2].
An organic fluorophore (the focus of this work) contains several

Fig. 1. Topics in this Commentary include two pitfalls (P1 and P2) related to fluorophore-environment interactions and three opportunities (O1-O3) to study,
quantitatively, uptake and accumulation of fluorophore-labeled nanoparticles (NPs).
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Fig. 2. A: Molecular structures and selected physicochemical properties of commonly used fluorophores. B: Jablonski diagram for a typical fluorophore (top) and the
corresponding absorption and emission spectra (bottom). Thicker arrows represent more likely transitions, as described by the Franck-Condon principle. C: Examples
of how the local environment of a fluorophore, e.g., solvent, pH, and oligomerization effects, can alter the spectral properties of the fluorophore.

1.2. (Pitfall 1) How the solvent/surroundings alter optical properties of
fluorophores and how to account for these alterations

toluene solvent with methanol [6]. Unlike Prodan, the cyanine fluo
rophores are largely insensitive to the polarity of their surroundings (they
exhibit a relatively small Stokes shift), because they are permanently
charged and can be considered symmetrical due to their two resonance
structures (Fig. 2A). Hence, they do not exhibit large changes in dipole
moments between their ground and excited states. Yet, underscoring the
complexity of fluorescence and fluorophore interactions, the hydrophobic
cyanines tend to aggregate. This can lead to large spectral shifts and/or
quenching [7] (Fig. 2A and C). Quenching induced by fluorophore ag
gregation is commonly referred to as aggregated-caused quenching (ACQ).
Many fluorophores for cell membrane staining, including some cyanines,
are quenched in solution, likely because they oligomerize, but fluoresce
(unquenched) when they are partitioned into membranes.
The solvent/surroundings can also alter the optical properties of
fluorophores through acid-base reactions. So, in analogy to the
polarization-sensitive fluorophores, pH-sensitive fluorophores can be
exploited to probe the acidity in their biological environment. Fluores
cein is one example of a pH-sensitive fluorophore (Fig. 2A), as only the
monoanion and dianion of fluorescein are fluorescent, with quantum
yields of 0.37 and 0.93, respectively [8]. Carboxy SNARF®-1 is another
fluorophore that is pH-sensitive and show a profound change in the
absorption and emission profiles, when pH changes (Fig. 2C). The
emission peak shifts by more than 50 nm when changing the pH from 6.0
to 9.0 [8]. Hence, the environment can indeed alter the optical prop
erties of various types of fluorophores.
Having discussed how the optical properties of fluorophores can be
profoundly altered by their immediate environment, we now turn to
considerations of how such alterations can offset the ‘quantitative
quality’ of fluorescence measurements. Often, we measure fluorescence
intensity across a range of wavelengths (a detection window) defined by
wavelength-selective filters. Conversely, we usually excite fluorophores
at a single wavelength (or a very narrow band of wavelengths really)
using a fixed-wavelength laser. As the optical properties of fluorophores

The environment around a fluorophore can affect its optical properties
including its absorption and fluorescence spectra (Fig. 2C). As outlined
above, the Stokes shift in a fluorophore is affected by its solvent/sur
roundings: The dipole moment of a fluorophore in its excited state is
typically larger than in its ground state, due to the partial charge separation
that takes place when the fluorophore is excited. The increased dipole
moment leads to an increased stabilization of the fluorophore by the sur
roundings through reorientation of polar solvent molecules – a process
known as solvent relaxation. This stabilization decreases the energy level of
the excited state, after excitation but before emission, and so fluorescence
emitted at a given S1 → S0 transition has a lower photon energy (longer
wavelength) than needed to make a similar S0 → S1 transition. Theoretical
models can, in some cases, predict this spectral shift based on the polarity
(dielectric constant) of the solvent and the dipole moments of the fluo
rophore in the ground and excited states. In many instances, however,
interactions between the fluorophore and the solvent/surroundings also
play in. For example, hydrogen bonds and specific ion interactions can
make it difficult to accurately predict spectral changes of a fluorophore [2].
Some experiments exploit these changes to probe the biological environ
ment around fluorophores. For example, the Prodan fluorophore is used to
probe the polarity of lipid membranes. The Stokes shift in Prodan is highly
sensitive to the polarity of its surroundings, due to the pronounced chargetransfer that takes place when Prodan is excited (Fig. 2A). The optical
properties of neutral fluorophores containing both electron-donating
(e.g., the dimethylamino group in Prodan) and electron-withdrawing
groups (e.g., the carbonyl group in Prodan), also known as push-pull flu
orophores, are often sensitive to the environment. These types of fluo
rophores include (in addition to Prodan): Dansyl, NBD, Nile Red, FR0, and
others [6]. For some of these push-pull fluorophores the Stokes shift can
change more than 50 nm when exchanging the solvent, e.g., by replacing a
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can change depending on their environment, this measurement
approach will easily skew estimated numbers of fluorophores/NPs that
are present in a sample, be it within cells in microscopy/flow cytometry
studies or within isolates from in vivo studies such as organ homoge
nates. To exemplify, let us imagine NPs labeled with a pH-sensitive
fluorophore. These NPs are efficiently internalized by cells and trans
ferred to acidic lysosomes. Now, due to the low pH in the lysosomes, the
wavelengths of emitted fluorescence are no longer aligned to the
detection-window, which was defined by the very different emission
profile of the same fluorophore in a standard pH 7.4 buffer. Likewise, the
environment-induced shift in the excitation spectrum causes a reduced
excitation efficiency by the fixed-wavelength laser, which was also
selected to optimally excite the fluorophore in pH 7.4 buffer. Both effects
reduce the fluorescence readout, leading to the false conclusion that the
cells do not internalize NPs efficiently. In addition, the protonation/
deprotonation of the fluorophore is also accompanied by a change in
quantum yield, which further complicates quantitative conclusions.

(EVs) [10], liposomes [11], lipoplexes [12], and biomimetic lipopro
teins [13]. Due to their non-covalent nature, these self-assembled lipidbased NPs are dynamic. This can lead to LAF/lipid spill-over/exchange
from lipid-based NPs to endogenous lipoproteins, EVs, and plasma/
serum proteins, like albumin, which have multiple hydrophobic binding
pockets (Fig. 3A) [12–16]. Recently, we showed that a liposome
formulation similar to Doxil® (the first FDA approved nanomedicine
[17]) labeled with commonly used LAFs desorb a significant amount of
their LAF content into other plasma components. We found, when
incubating LAF-labeled liposomes with cells, that the degree of LAFstaining of the cells correlated with the propensity of the LAFs to
desorb from liposomes [18]. Thus, when we observe LAF-fluorescence in
target cells, e.g., by flow cytometry, this may reflect LAF-displacement
from LAF-labeled NPs uncorrelated with (or far-exceeding) actual NP
uptake. We have also shown that LAFs incorporated into reconstituted
high-density lipoproteins (rHDL) can desorb into endogenous lipopro
teins in serum, including HDL and low-density lipoproteins (LDL) [19].
Our study indicated that LAF-desorption can occur, independent of
lipid-transfer enzymes, upon direct interaction (e.g., collision) between
rHDL particles and endogenous lipoproteins. A detailed overview of
pitfalls associated with LAF-staining of isolated EVs for uptake studies is
given by Simonsen [20]. This technical report covers concerns related to
LAF-desorption from EVs, unintended LAF-staining of lipoproteins [21],
and the formation of LAF aggregates [22]. Likely, LAF-labeled lipid
nanoparticles (LNPs) will garner increasing interest due to their suc
cessful application in the COVID-19 vaccines BNT162b2 and mRNA1273 from Pfizer-BioNTech and Moderna, respectively [23].
When LAFs from LAF-labeled nanomedicines can move onto lipo
proteins, proteins, and EVs, the interpretation of uptake experiments is
compromised, i.e., it becomes unclear whether increased fluorescence in
target-cells reflect an uptake of nanomedicines, lipoproteins, proteins,
EVs, isolated LAFs transferred upon collision, or a combination of these
(Fig. 3B). Complicating this issue further, we note that receptors facili
tating cholesterol/lipid influx from lipoproteins into cells are upregulated in many cancer cell types [24]. As the majority of nano
medicines target cancers, it is particularly important to be able to
distinguish LAF-uptake mediated by lipoproteins (carrying LAFs disso
ciated from NPs) from the actual uptake of LAF-labeled NPs.

1.2.1. Our recommendation to identify and circumvent P1
We need to design our experiments such that a fluorescence readout
can be reliably and quantitatively coupled to a concentration of nano
medicine in the sample. Now, the question is: How do we establish
whether the biological environment offsets the fluorescence readout to a de
gree that warrants a redesign of the experiment? We suggest the following:
Acquire absorption and emission spectra of samples with identical
concentrations on the same optical setup (same settings) to establish
whether optical changes are introduced in the sample of interest
compared to a control sample. In lack of suitable hardware for obtaining
continuous spectra, make measurements with two (or more) different
detection windows. If the ratio between measured fluorescence in
tensities change between the sample of interest and the control sample,
then spectral changes have likely been introduced by the sample. If the
optical properties of the fluorophore do change upon introduction to the
biological environment, then the quantitative value of the study is
compromised. In this event, it can be helpful to use less environmentally
sensitive fluorophores such as cyanines and, if possible, ensure that
fluorophores do not oligomerize at the experimental conditions. Ex
periments with different fluorophore concentrations can reveal whether
self-quenching (Fig. 2A and C) is a concern [9].

1.3.1. Our recommendation to identify and circumvent P2
To avoid confounders relating to LAF desorption, we recommend,
generally, to use highly lipophilic LAFs for labeling of lipid-based NPs.
As the degree of LAF-desorption also depends on the type of lipids used
to form the NP, we recommend to evaluate the stability/integrity of
lipid-based NP in bio-similar environments (beyond a buffer) [18,19].
To this end, i.e., to evaluate whether LAF-desorption into biological
species is a concern, we propose to use the high-resolution size-exclusion

1.3. (Pitfall 2) How labile fluorophores can dissociate from
nanomedicines to other entities and how to circumvent this behavior
The biological environment can also offset quantitative measure
ments by displacing fluorophores from their intended binding sites. This
is particularly a concern for lipid-anchored fluorophores (LAFs) used to
track lipid-based NPs for drug delivery, such as extracellular vesicles

Fig. 3. A: LAF-labels incorporated into a lipid-based NP (e.g., a liposome) can desorb into serum/plasma species such as proteins, lipoproteins, and extracellular
vesicles (EVs). B: LAF-labeled NPs, proteins, lipoproteins, and EVs can all be internalized and give rise to fluorescence signals from within a cell. C: The SEC assay can
separate NPs (>30 nm) from serum species to evaluate/quantify the propensity of LAFs to desorb from the lipid-based NP into serum species smaller than 30 nm.
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vesicles immobilized on a substrate [30–32]. However, for this approach
to work for counting NPs inside cells, we must account for the following
confounders: (1) Possible alterations of optical properties imparted by the
intracellular environment including scattering, absorption, and fluores
cence quenching/enhancing effects. To account for this, Gottstein et al.
[33] introduced a correction factor based on the ratio between the fluo
rescence intensity from a fluorescent microplastic bead inside and at the
cell surface, which further allowed them to derive the NP number in cells;
(2) Autofluorescence/background signals from cells without NPs; and (3) NPs
adhering to the cell surface. Confocal laser scanning microscopy can be used
to identify the fluorescence from internalized NPs. Once these effects have
been appropriately addressed, we can quantify the number of NPs in a cell
by measuring its accumulated fluorescence signal, compensating for
autofluorescence/background/optical alterations induced by the intra
cellular environment, and subtracting the signal from the surface-bound
NPs, and finally dividing the remaining signal by the average signal per
NP (Fig. 4B). That said, it should be noted that the environmental effects
on the optical properties of fluorophores could be different across the
compartments in the cell.
The above discussion of imaging-based approaches leads naturally to
the following examination of flow cytometry – a technique geared spe
cifically for measuring accumulated fluorescence signals from individual
cells at throughput-rates far more suitable for quantitative (with sound
statistics) studies (Fig. 4C). In the past decade, the sensitivity of flow
cytometers has improved considerably, enabling the use of flow
cytometry to study particles much smaller than cells, including EVs [34],
liposomes [35,36], and gold NPs [37]. If the fluorescence signal from a
single NP can be detected, it should be possible to quantify the number
of NPs associated with a cell by applying calibration measurements like
those described for microscopy studies (see above). However, unlike
fluorescence microscopy, conventional flow cytometers cannot directly
distinguish between fluorescence from the cell surface and fluorescence
from internalized NPs. Attempts to differentiate between surface-bound
NPs and internalized NPs in flow cytometry studies have been made.
These include: (1) Comparing the fluorescence intensity between cells
exposed to NPs at 4◦ C and 37◦ C, knowing that cells at 4 ◦ C cannot
internalize NPs via energy dependent pathways; (2) Using quenchers that
are not internalized by cells and thus only quench the fluorescent signal
from the surfacebound NPs; and (3) Introducing etching reagents or en
zymes to dissolve or remove, respectively, NPs from the cell surface.
However, all these strategies have some shortcomings as described in
[38,39]. The use of NP-targeting fluorescent probes has also been tested
to evaluate the fluorescence signal from the internalized NPs. Tammam

chromatography (SEC) assay recently devised in our laboratory [18]
(Fig. 3C).
1.4. (Opportunity 1) Quantifying the proportion of nanoparticles
associated with cells
Flow cytometry and fluorescence microscopy are the most
commonly used fluorescence-based techniques for evaluating whether
nanomedicines are associated with cells. While flow cytometry allows
for high-throughput and multi-parameter analysis of individual cells,
fluorescence microscopy is a low-throughput method that (unlike clas
sical flow cytometry) can determine whether NPs are located inside a
cell or merely associated with the cell surface. That said, both techniques
share the shortcoming that they cannot directly quantify the proportion
of the introduced NP-dose that is associated with cells. Hence, only cellto-cell relative measures are reported. A rough estimate of the propor
tion of NPs associated with cells could simply be obtained by measuring
the fluorescence from the NPs in the cell sample before and after incu
bation [25] (Fig. 4A).
1.5. (Opportunity 2) Quantifying the number of NPs per cell
Quantitative studies based on fluorescence microscopy have improved
greatly with the introduction of advanced camera hardware, new labeling
methods, and high-throughput image analysis [26]. These developments
have, for example, enabled two new approaches to quantifying the num
ber of fluorophores present in a cell [1,27]: (1) Stepwise bleaching mea
surements relying on sequential detection of fluorophore-bleaching events
during continuous laser exposure [28]. Here, a bleaching event is
measured as a sudden reduction/loss of fluorescence signal. After com
plete bleaching of the fluorophores in the cell, the number of fluorophores
is determined either directly from the accumulated number of bleaching
events or by dividing the initial fluorescence signal with the bleachingstep-size, i.e., the signal-reduction per bleaching event; and (2) Stan
dards containing known numbers of fluorophores enabling calibration of
fluorescence signals measured from the cell [29]. These standards are
typically green fluorescent proteins (GFPs) or other fluorescent moieties
that are introduced to the cell. Often, NPs are loaded with many fluo
rophores, and thus, the stepwise bleaching strategy can fall short [27]. To
get around this, we may use the fluorophore-labeled NPs themselves as
calibration standards, granted that the fluorescence signal from the
average NP is known. Multiple studies show that it is possible to measure
the fluorescence intensity from individual liposomes and extracellular

Fig. 4. A: A simple approach to estimating the proportion of NPs internalized or associated with cells. The upper light blue rectangle is the volume removed for
analysis. B and C: Conceptual illustrations of how the number of NPs taken up by a cell or associated with a cell may be estimated when the fluorescence signal from a
single NP is known based on fluorescence microscopy (B) and flow cytometry (C), respectively. The zigzag lines separate studies of single NPs and single cells that
have taken up NPs, respectively. In doing this, it is important to account for autofluorescence/background contributions to the signal (fluorescence) readouts. (For
interpretation of the references to colour in this figure legend, the reader is referred to the web version of this article.)
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et al. [1] report the use of a fluorescent probe that penetrates cells at 37
◦
C, but not at 4 ◦ C, and that binds to chitosan-based NPs. Selby et al. [40]
use a fluorescent DNA-based probe conjugated to the material of inter
est, to quench surface-bound material via a complementary DNA strand
coupled to a quencher. These strategies are, however, specific for the
type of NP that are being investigated.
Gottstein et al. have attacked the challenge of distinguishing between
internalized and surface-bound NPs by developing a mathematical
model for quantifying NP internalization based on an integration of flow
cytometry measurements and images obtained with confocal micro
scopy [33]. This combination of ‘imaging’ and ‘high-throughput
counting’ is promising, and it leads naturally to a discussion of the
emerging imaging flow cytometry techniques. Although, the recorded
images from existing (commercial) imaging flow cytometers only pro
vide two-dimensional information, semi-quantitative information about
the proportion of internalized NPs/fluorophores compared to the total
fluorescence can be derived. Recently, Weiss et al. presented a threedimensional approach to imaging flow cytometry, which enables
localization of liposomes inside/on a cell [41]. As this technology ma
tures, nanomedicine-developers may gain a powerful tool for highthroughput screening of NP internalization. Even with novel 3D imag
ing flow cytometers, several challenges must be addressed to accurately
quantify the uptake of NPs in cells. These challenges include pitfalls 1
and 2, bleaching, quenching, and absorption/scattering of laser light/
fluorescence inside cells.
By using a simple bulk-measurement strategy similar to O1, the
average number of NPs associated with cells could also be derived. We
suggest the following procedure: First, the number of cells and NPs are
measured before mixing. Next, the non-associated NPs are removed by
introducing a few washing steps (including cell pelleting through
centrifugation and buffer exchange). Some of the NPs associated with
the cell surface may be lost during these steps. Finally, the NP-cell so
lution is lysed and the bulk fluorescence measured. By using an appro
priate calibration curve (based on the fluorescence of NPs as a function
of NP particle concentration in the lysis buffer), the average NP number
per cell can be derived. Measuring on the lysed sample should also
prevent issues related to P1.

low cost, and multiplexed imaging of several (spectrally distinct) fluo
rophores [42]. These advantages also apply for fluorescence reflectance
imaging, which is likely the most used fluorescence imaging modality in
biodistribution studies. Imaging a thick sample, like a whole animal or
organ, is challenging though, as light-scattering and light-absorption in
tissue limit imaging depth. This issue is somewhat alleviated by using
fluorophores that fluoresce in the near-infrared spectrum. Still, fluo
rescence reflectance imaging is not inherently a quantitative method
ology: A flank tumor in a tumor mouse model will easily produce a
strong fluorescence readout, while the liver (deeper inside the animal)
may not ‘light up’ in the same way – even though this organ likely
contains a significant quantity of fluorescent NPs, if they are injected
intravenously. This issue is illustrated in Fig. 5A, where whole-animal
and whole-organ fluorescence images of biomimetic high-density lipo
proteins labeled with a LAF (1,1’-Dioctadecyl-3,3,3′ ,3’-Tetramethy
lindotricarbocyanine Iodide (DiR)) are shown [43]. While the wholeanimal images are enticing at first glance, they only confirm the pres
ence of some NPs/fluorophores in the flanked tumor. The more
advanced technique ‘tomographic fluorescence imaging’, provides some
additional depth-information, as it enables 3D fluorescence imaging
based on models of how light travels through the scattering specimen. If
these models match the imaged specimen perfectly, the resulting 3D
images will carry a quantitative value comparable to that of other more
traditional 3D-imaging modalities such as magnetic resonance imaging
(MRI) and positron emission tomography (PET) [42]. To (partly)
circumvent tissue-attenuation, whole organs are often isolated and then
imaged. However, this is not a complete solution, as pitfall 1 and light
scattering, absorption and autofluorescence effects will persist. So, while
organ-isolation is a step in the right (quantitative) direction, the fluo
rescence readout will still not be proportional to the number of fluo
rophores/NPs present in the organ [44]. Another, maybe more
pragmatic, approach to obtain reliable quantitative measurements of NP
distribution in animal studies is to analyze organ homogenates by ‘bulk’
fluorescence measurement. Here, the buffered solution used to homog
enize the organs minimizes potential solvent effects (discussed above in
P1), thus allowing to keep the solvent/surroundings of the fluorophores
consistent across experiments. A study by Oliveira et al. corroborates the
validity of using fluorescence in measurements of organ homogenates
[45]: Biodistribution measurements on organs from mice show nearequivalent results for measurements made with the traditional 89Zr
radiolabel and homogenized-organ infrared fluorescence measurements
respectively (Fig. 5B). We note that this homogenization-strategy also

1.6. (Opportunity 3) Quantifying NP-presence in biodistribution studies
Fluorescence imaging confers several advantages for biodistribution
studies, including high spatial resolution, fast visual feedback, relatively

Fig. 5. A: Whole-animal and whole-organ (harvested after 48 h) DiR-fluorescence images of DiR-fluorophore-labeled biomimetic high-density lipoproteins intra
venously injected into BALB/c mice with a CT26 flanked tumor. Reprinted with permission from ACS [43] (https://pubs.acs.org/doi/10.1021/acsomega.0c05468).
Further permissions related to the material excerpted should be directed to the ACS. B: Biodistribution of 89Zr and infrared fluorophore-labeled antibody (cetuximab)
in tissues assessed by gamma radiation and infrared fluorescence. Tumors and organs were collected 24 h after injection of the biodistribution probe. Each organ was
halved: One half was homogenized for infrared fluorescence quantification and the other half for gamma radiation quantification. Six mice, each with two tumors,
were used. Bars show mean values and error bars show SEM. Statistical significance is as follows: double asterisks for p < 0.01 and triple asterisks for p < 0.001 [45].
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enables quantification of non-fluorescent entities through immunoas
says like ELISA, which can be used to validate the level of, e.g., protein
components present in the NP and/or to assess the up- or downregulation of a specific disease biomarker. Specifically, for wholeorgan studies, homogenization and bulk fluorescence-measurements
likely present the most viable approach to quantifying actual numbers
of fluorophores/NPs present in the organ, i.e., numbers which can be
compared across different studies performed by different laboratories.
Absolute NP numbers in each organ may be derived from calibration
curves, i.e., systematic measurements of fluorescence from NPs dis
solved in the homogenization buffer at different, known, NP particle
concentrations.

[10] J.M. Gudbergsson, K. Jønsson, J.B. Simonsen, K.B. Johnsen, Systematic review of
targeted extracellular vesicles for drug delivery – Considerations on
methodological and biological heterogeneity, J. Control. Release (2019), https://
doi.org/10.1016/j.jconrel.2019.06.006.
[11] L. Sercombe, T. Veerati, F. Moheimani, S.Y. Wu, A.K. Sood, S. Hua, Advances and
challenges of liposome assisted drug delivery, Front. Pharmacol. (2015), https://
doi.org/10.3389/fphar.2015.00286.
[12] X.X. Zhang, T.J. McIntosh, M.W. Grinstaff, Functional lipids and lipoplexes for
improved gene delivery, Biochimie (2012), https://doi.org/10.1016/j.
biochi.2011.05.005.
[13] J.B. Simonsen, Evaluation of Reconstituted High-Density Lipoprotein (rHDL) as a
Drug Delivery Platform - a Detailed Survey of rHDL Particles Ranging from
Biophysical Properties to Clinical Implications, Nanomedicine (2016), https://doi.
org/10.1016/j.nano.2016.05.009.
[14] L.R. McLean, M.C. Phillips, Kinetics of Phosphatidylchohne and
Lysophosphatidylcholine Exchange between Unilamellar Vesicles, Biochemistry
(1984), https://doi.org/10.1021/bi00315a017.
[15] M. Nakano, M. Fukuda, T. Kudo, H. Endo, T. Handa, Determination of interbilayer
and transbilayer lipid transfers by time-resolved small-angle neutron scattering,
Phys. Rev. Lett. (2007), https://doi.org/10.1103/PhysRevLett.98.238101.
[16] M.T. Larsen, M. Kuhlmann, M.L. Hvam, K.A. Howard, Albumin-based drug
delivery: harnessing nature to cure disease, Mol. Cell. Ther. (2016), https://doi.
org/10.1186/s40591-016-0048-8.
[17] Y. Barenholz, Doxil® - The first FDA-approved nano-drug: Lessons learned,
J. Control. Release (2012), https://doi.org/10.1016/j.jconrel.2012.03.020.
[18] T.L. Münter, K. Kristensen, D. Pedersbæk, J. Larsen, Jens B. Simonsen, Andresen,
Dissociation of fluorescently labeled lipids from liposomes in biological
environments challenges the interpretation of uptake studies, Nanoscale (2018),
https://doi.org/10.1039/C8NR07755J.
[19] D. Pedersbæk, et al., The composition of reconstituted high-density lipoproteins
(rHDL) dictates the degree of rHDL cargo- and size-remodeling via direct
interactions with endogenous lipoproteins, Bioconjug. Chem. (2019), https://doi.
org/10.1021/acs.bioconjchem.9b00552.
[20] J.B. Simonsen, Pitfalls associated with lipophilic fluorophore staining of
extracellular vesicles for uptake studies, J. Extracell. Vesicles (2019), https://doi.
org/10.1080/20013078.2019.1582237.
[21] K. Takov, D.M. Yellon, S.M. Davidson, Confounding factors in vesicle uptake
studies using fluorescent lipophilic membrane dyes, J. Extracell Vesicles 6 (1)
(2017) 1388731, https://doi.org/10.1080/20013078.2017.1388731.
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1.7. Summary
The field of nanomedicine relies increasingly on fluorophorelabeling for microscopy, flow cytometry, and biodistribution studies.
In this Commentary, we have discussed pitfalls and opportunities relating
to the experimental design of such fluorescence-based studies including
bulk solution measurements. In particular, we have emphasized that
truly quantitative fluorescence-based measurements are challenging to
perform, mainly because the environment around fluorophores readily
perturb the fluorescence readout. Generally, we find that the best way to
avoid the presented pitfalls is to conduct appropriate calibration/control
experiments under highly controlled experimental conditions. Refer
encing recent literature, we have also highlighted some new approaches
(opportunities) to perform quantitative fluorescence-based studies of NP
uptake in cells and tissues. These opportunities largely rely on a com
bination of imaging and high-throughput counting or complete ho
mogenization of the sample of interest. Without quantitative
information, e.g., actual numbers of NPs in cells and organs, we cannot
appropriately compare results from different studies. It is our hope that
the topics and thoughts presented here, will promote a critical assess
ments of existing literature and inform the experimental design of future
studies, ultimately improving the quantitative assessment of nano
medicines and their clinical potential.
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