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Abstract

Potential and electrochemical measurements of biological cell electroactivity is crucial in cell biology research. The traditional technique with a micrometer-sharp glass
pipette equipped with a metal wire within its core or electrically conductive saline
solution allows extracellular, ion-channel and intracellular measurements. In applications that require multichannel measurements, this approach is, however, impractical
and planar arrays of metal electrodes are usually employed. Yet, with planar geometry, they allow extracellular measurements only. Several approaches to developing
functional three-dimensional electrode arrays with features able to penetrate cell membrane are currently investigated by various groups. While a number of experimental
setups have been recently developed, the question remains whether the nanostructure
is in fact penetrating the cellular membrane, and if the measurements are indeed intracellular. In my thesis, I approach the problem from two angles. Firstly, I worked
on the development of stable and functional three-dimensional electrodes with focus
on their electric connectivity, insulation, cell-penetration ability and investigated their
electrochemical performance, biocompatibility, and cost-effectiveness of the fabrication.
Secondly, I worked on a reliable imaging method that would be able to directly envision
nanostructure-cell membrane interface. As a result, a novel maskless patterning method
of CNT forests was invented, devices with multichannel arrays of electrodes with silicon nanowires were fabricated and tested, and a reliable FIBSEM method providing
three-dimensional images of nanowire- and nanotube-cell interaction and membrane
penetration was developed.
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Resumé

Elektrokemiske mlinger og mling af membranpotentialer har afgrende betydning for
forskning i den elektriske aktivitet af biologiske celler. Til dette forml bruger man traditionelt skarpe (i mikrometer-klassen) glaspipetter, der kan trnge ind i cellen og frer strm
via en indvendig metaltrd eller strmfrende saltoplsning, hvilket gr det muligt at udfre
intracellulre og ekstracellulre mlinger, samt mlinger af ionkanaler. Denne metode er
dog upraktisk ved anvendelser, der krver flerkanal-mling. I stedet for, bruges matricer
med mange flade metalelektroder, hvilket desvrre kun muliggr udfrelse af ekstracellulre mlinger. Med det forml at gre intracellulre flerkanal-mlinger mulige, arbejder flere
forskergrupper mlrettet p at udvikle matricer med tredimensionale elektroder, der vil
vre i stand til at penetrere cellemembranen. P trods af, at i den seneste tid er der blevet
offentliggjort nogle prototyper af sdanne systemer, er det fortsat et ubesvaret sprgsml,
hvorvidt de tredimensionale elektrodestrukturer i virkeligheden er i stand til at trnge
ind gennem cellemembraner. I denne afhandling har jeg tilstrbt at gribe problemet an
fra to sider. For det frste, har jeg arbejdet med udvikling af teknologi for fremstilling af tredimensionale elektroder, med fokus p parametre ssom ledningsevne, biokompatibilitet samt produktionslnsomhed. For det andet, har jeg arbejdet p en plidelig
afbildningsmetode, der ville tillade en direkte visning af vekselvirkningen mellem cellemembranen og den tredimensionale nanostruktur. Som resultat af dette arbejde er der
opfundet en nyskabende metode for maskels mnsterkontrol af kulstof-nanorr (CNT)
skove, fremstillet og gennemtestet udstyr med multi-elektrode matricer med silicium
nanotrde, samt udviklet en plidelig FIB-SEM afbildningsmetode, der tillader at skabe
tredimensionale billeder af vekselvirkningen mellem nanotrde eller nanorr og biologiske
celler.
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The PhD project
Background and prior experience
In 2004, I graduated from the Warsaw University of Technology with the major in Mechatronics.
My Master’s thesis was on the design of custom-made AFM cantilevers. After graduation, I worked
for Nascatec GmbH in Germany for four years. Nascatec was a spin-off from the University of Kassel
producing AFM cantilevers, micro-force sensors and microgrippers. I was employed within the EUFP6 project ASSEMIC which dealt with microassembly and micromanipulation techniques. I was
responsible for thedevelopment and testing of micromanipulation tools (microgrippers, cantilevers)
with integrated force sensors. In the period, I authored and co-authored several peer-reviewed
publications and conference proceedings, and was the inventor of two patent applications. In 2008
I joined, Peter Bøggild’s group at DTU Nanotech. For nine months my task was nanomanipulation
and in-situ TEM measurement and observation of carbon nanotube electric breakdowns.

Motivation
How did I come from engineering and use of micro- and nanorobotic systems to research in nanostructured electrodes and electron microscopy of biological cells? My background, mechatronics,
is in fact a cybernetics field: it encompasses a wide range of technological approaches and forces
multidisciplinary skills and attitude. With that background, my approach had always been to investigate and develop tools and technologies supporting interesting scientific fields, rather than to
conduct basic research per se. Having worked with micro- and nanotechnogies, I havealways been
inclined to pursue and fascinated by their future biocybernetic applications. Neural interfacing:
recording and stimulating neuronal cells or brain tissue had intrigued me and fed my imagination
for a long time. I longed to work on the development on the neural electrode systems, recording or
signal processing. When DTU Nanotech became the participant of two EU-PF7 funded projects,
I was given the long-sought opportunity.

Funding grants
Project TECHNOTUBES (grant agreement No. CP-IP 228579-1) was a large international consortium working on the development of technologies for wafer-scale carbon nanotube (CNT) applications. DTU Nanotech’s task under the project was to develop carbon nanotube-based electrochemical sensors and platforms for electrophysiological measurements on cells and tissue. Project
NANOSCALE (grant agreement No. CP-FP 214566-2) was also a large consortium exploring the
interactions between stem cells, neurons, neuronal networks and surfaces with geometrical and
chemical nanopatterns. DTU Nanotech’s task under the project was to develop three-dimensional
electron microscopy techniques for high-resolution imaging of cell-nanostructure interactions. Being funded to work for two seemingly distant scientific goals, I aimed to bridge the gap between
the tasks I was assigned, and while providing the required input to the projects, to pursue my
own research interests. This was achieved with work on several technological aspects of the development of nanowire-enhanced multi-electrode arrays (MEAs) for intra- or extracellular recordings
of neuronal action potentials, and on the FIBSEM technique for CNT imaging these events with
three-dimensional high resolution.
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P. Bøggild, K. Mølhave, A. Downard, and K. Baronian, Titanium tungsten coatings for bioelectrochemical applications. In: Technical Proceedings of the 2011 NSTI Nanotechnology Conference
and Expo. Nano Science and Technology Institute, pp. 252-255, 2011.

Patent application
The concept published as Wierzbicki et. al ”Black silicon maskless templates for carbon nanotube forests” Microelectronic Engineering, 104(0):110-113, 2013 was also protected with a patent
application filed by DTU:
R. Wierzbicki, P. Bøggild, K. Mølhave, M.S. Schmidt, A. Boisen, ”Catalyst Deposition For
The Preparation Of Carbon Nanotubes”, WIPO Patent Application WO/2013/037951, March 21,
2013.

Conferences
During the project I attended the following conferences:
TechConnect World 2011, June 13-16 2011, in Boston, USA. Poster presentation: ”Titanium
tungsten coatings for bioelectrochemical applications”
37th International Conference on Micro and Nano Engineering, September 19-23 2011, in Berlin,
Germany. Poster presentation: ”Black silicon maskless templates for carbon nanotube forests”

viii

Acknowledgements
I would like to express my gratitude to a number of people whose help, inspiration and input were crucial and invaluable during the study. First and foremost,
I would like to thank Kristian Mølhave for his supervision and scientific, technical
and personal guidance during the course of the study. I would also like to thank
Peter Bøggild for his guidance which mostly prominent during the months prior to
the beginning the study, as it helped me significantly and set me on the right tracks
in the then-new environment.
The work has been conducted at the departments of Nanotech, Danchip, and
CEN at the Technical University of Denmark (DTU), CFIM at the University of
Copenhagen, NMI at the University of Tübingen, Germany, and at Aixtron Ltd.
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Chapter 1

Introduction
This chapter outlines the motivation and scientific background of the thesis. Brief history and the
state of the art technology of electrodes for excitable cell potential and electrochemical recording
and stimulation are presented, with detailed discussion of novel nanostructured electrode materials,
imaging techniques for cell-nanoelectrode interactions. Finally, the thesis outline is given.

1.1

Action potential

Certain types of animal cells - neurons, muscle or endocrine - are excitable, i.e. able to transmit and
compute incoming electrical or chemical signals. Neuron anatomy consists of three main sections:
dendrites, soma and axon (Fig. 1.1). Multiple dendrites pick up signals from neighboring cells,
which are integrated within the soma. If the net incoming signal reaches a set threshold, the cell
”fires”, i.e. a short spike of electric potential (called action potential) propagates along the single
axon. The axon interfaces with dendrites of the neighboring neurons, and thus the signal can be
picked up, transmitted or computed. The connection between a dendrite and an axon is called a
synapse, which can be either chemical or electrical. Within the chemical synapse, membranes of
both cells do not adhere to each other, but are separated by a synaptic cleft, a gap of 20 to 40 nm
(Fig. 1.1, inset). When the action potential travels along the axon, it opens voltage-dependent
calcium channels in the membrane. Calcium ions inflow to the axon and the very high concentration
of Ca2+ at the terminal of the axon triggers the release of vacuoles containing neurotransmitters.
The dendrite’s membrane within the synapse possesses various types of neurotransmitter-specific
receptors. When the neurotransmitters are released into the synapse, they bind corresponding
receptors. The bound receptors open ligand-activated sodium ion channels causing an inflow of
sodium into the cell and an increase in the cell’s membrane potential. At the resting state, the
membrane has a negative potential caused by the concentration gradient between extracellular and
intracellular ions. If the potential increase caused by the inflow of positive sodium channels reaches
a set threshold, voltage-dependent channels within the membrane open allowing more inflow. This
is an avalanche reaction and the membrane’s potential rises very rapidly reversing its polarization.
Since the polarization is reversed, sodium channels close, shutting down any more inflow of Na+ .
At the same time, the depolarized membrane opens all voltage-dependent potassium channels, and
K+ ions outflow from the cell causing a rapid drop of the potential down to the resting state. The
potential spike is rapid (ca. 1 ms) and is limited spatially. Synaptic inputs from all dendrites sum
within the soma and if the sum exceeds the threshold, local membrane polarization travels rapidly
along the axon forming an action potential.
Extra- and intracellular potential recording and stimulation of excitable cells and tissue allow
the investigation of cellular activity and whole networks. It is available through several alternative
methods, electrode materials and configurations. Historically, the oldest methods involved metal
wires used as early as in the pioneer works of Luigi Galvani [4]. Still in use, modern wire electrodes
are made sufficiently long (tens of cm) and thin (ca. 50 µm) for deep tissue penetration. The wires
are insulated with exposed tip electrode area [5] and allow extracellular potential measurements.
The wires are traditionally made of stainless steel [6], tungsten [7], but also carbon fibre [8] and
are insulated with glass, epoxy or polyimide.
1

Figure 1.1: Anatomy of a neuron.

Glass capillaries offer an alternative electrode setup (first used by [9]) with much finer endtip geometry. Insofar as they can be used for extracellular measurements, they also allow cell
membrane penetration and intracellular measurements. Glass capillaries with outer tip diameter
of several microns have been originally used to investigate squid giant axon and model ion channels
[10; 11], and intracellular measurements of muscle cells [12]. Capillaries with such dimensions
proved to damage the cells, and the development of finer, sub-µm tips followed [13] allowing lowtraumatizing penetration of the giant axon cellular membrane. These improvements, as well as
the development of the voltage clamp technique in the same year [14; 15]. It provides independent
from ionic currents control of the membrane potential through a feedback loop system and allowed
electrical modeling of action potentials and ion channels [16]. The method was further developed
into the patch-clamp technique, which allows voltage clamp of a single or few ionic channels clamped
with a glass pipette [17]. It gained widespread use, and glass capillaries with rounded tips can be
used to handle single cells, perform extra- and intracellular measurements, and single ion-channel
clamping [17].
The main drawback of conductive wires or saline-filled glass electrodes is a low number of
available measurement channels. For high-throughput multi-channel measurements of brain tissue
slices or neuronal cultures, microelectrode arrays (MEA) have been developed [18]. Created by
photolithography on a flat surface, they allowed multi-point measurements, yet due to their flat
two-dimensional geometry - in the extracellular mode only.
With the advent of micro- and nanofabrication technologies, new materials, as well as new, finer
electrode wire geometries that can facilitate cellular membrane penetration and provide electric
conductivity, nanowires (NW) and carbon nanotubes (CNTs) (here jointly named as nanofibres
(NFs)) became available. Nanowires, originally referred to as quantum wires, have been invented
by [19]. These materials with a high-aspect ratio, sub-µ in diameter, made of semiconductor or
conductive polymer, offer novel electrical [20], optical [21] and mechanical properties, and became
a popular research subject in multiple disciplines, including electrophysiology and cell culturing
[22; 23]. Carbon nanotubes, discovered by Iijima in 1991 [24], are cylindrical, one-dimensional
structures made of folded graphitic layers and exhibit extraordinary geometries: outer diameters
can be as low as 3 Å [25] while stable length-to-diameter ratio can be as high as 132,000,000:1 [25]).
Additionally, due to the physicochemical properties of single graphic sheets, they have unmatched
mechanical [26], electrical [27], and thermal [28] properties. Especially promising application of
NFs is the enhancement of MEAs for neuronal recording or stimulation [29]. NFs can be grown or
attached to MEA electrode sites in tangled [30] or vertical arrangement [31]. If their dimensions
and distance between each other are favorable, cells adhering to electrode sites may incorporate
them into the cytosol, or wrap tightly with the membrane. Such enhanced microelectrode arrays
thus allow multichannel extra- and intracellular measurements. Several groups are currently pursuing that research goal. Most of the successful nanostructure intracellular measurements have
been reported within the duration of this PhD study, in years 2009-2012. Various nanostructure
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morphologies, coatings and membrane penetration approaches have been used.
Kinked silicon nanowires integrated with field effect transistor (FET) mounted on a bent cantilever were reported by Tian et al. [32] in 2010. These evolved into vertical, hollow silica nanotubes
with integrated FETs, used to perform intracellular measurements from cardiomyocytes [33] by
Duan et al. in 2012. In principle, the SiO2 nanotubes were analogous to traditionally used glass
capillaries, but were arranged vertically on a substrate, with an FET amplifier integrated just a
couple of micrometers from a nanotube’s tip. The nanotubes were tapered with an outer diameter
at the tip of 55 nm. Robinson et al. [34] in 2012 reported MEAs with 3x3 arrays of vertical, 150 nm
in diameter nanowires on each electrode. Only the tips of the nanowires were exposed electrically
(coated with Ti/Au), while the remaining part was isolated with silica, allowing point measurements from the tips only. Spontaneous membrane penetration was observed (indirectly, through an
electric measurement) at 50% of the electrodes. Electroporation was used to promote penetration
on the remaining electrodes. Intracellular measurement facilitated through electroporation was
also reported by Xie et al. [35] with cardiomyocytes cultured on MEAs with platinum vertical
nanowires (150 nm in diameter). Hai et al. [36] used gold-coated mushroom-shaped structures
(coated with RGD motif peptide). The mushrooms were engulfed by neurons through endocytosis,
and while the membrane was not penetrated, the mushrooms were able to provide measurements
from ”in-cell” as they were positioned in the center of the soma. Later, electroporation was used,
where electric pulses applied to the mushroom electrodes caused temporary formation of pores
within the membrane and allowed intracellular measurements [37].
Apart from membrane penetration, other interactions with adherent cells are possible. Nanostructured surfaces affect cell life cycle [38], may induce necrosis or apoptosis [39], control adhesion
[40; 3], affect cell morphology [41; 42], or direct their growth [43; 44]. Depending on stiffness and
structural strength of nanofibre attachment, they can be bent or broken by cellular membrane and
internalized in the cytosol [2].
In addition to potential recording, electrochemical measurement allows selective detection of
chemical compounds: e.g. redox species or neurotransmitters, and thus more detailed insight into
cell physiology, communication, and metabolism. Conductive wires, glass capillaries, or nanofibres
can be used for electrochemical detection, but they need to meet additional electrode material
requirements for electrochemical performance and stability. Gold, platinum, conductive polymers
or carbon are common materials of choice, and can be used as the electrodes’ main material or as
coatings. Carbon nanotubes are particularly promising, and can be used as electrode tips themselves [31] or as surface coating [45; 6]. CNTs are biocompatible [46] and make very good electrode
material due to carbon’s electrochemical properties: physicochemical stability and resistance to
corrosion, and good electric conductance [47]. CNTs can be chemically functionalized [48] for
increased sensitivity [49; 50; 51; 52] and selectivity [53]. Nanowires can also be used and several
functionalization chemistries exist for silicon, metallic or conductive polymer NWs [54].

Figure 1.2:
Modes of cellular membrane intracellular measurements with nanostructured electrodes. A) Mechanical
penetration with hollow nanotube with FET amplifier [33], B) spontaneous penetration with an array of
nanowires [34], C) membrane opening with electroporation [35], D) in-cell measurements with a
mushroom nanostructure [36].
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Figure 1.3:
Action potential. Duration of the typical spike is ca. 1 ms,
while amplitude ca. 100 - 130 mV.

1.2

Imaging techniques

While recordings from nanostructured wires have been successful, in most cases the exact nature
of the nanofibre-membrane interaction remains unclear. A popular imaging technique is scanning
electron microscopy (SEM) of critical point dried (CPD) cells. Cell and nanofibre-enhanced substrate morphologies can be clearly seen, as well as the interaction between cell protrusions and the
nanofibres [42; 55; 3; 23]. Still, the regions under the adherent cell and inside its cytosol remain
obscured. There are several imaging techniques available to access the cell-substrate interface and
cytosol area: transmission electron microscopy (TEM) of microtomed lamellas, focused ion beam
scanning electron microscopy (FIBSEM) in slice-and-view mode, and optical confocal microscopy.
TEM of heavy metal stained specimens provides best image quality in terms of resolution [56; 57].
Two-dimensional imaging of thin lamellas or three-dimensional imaging of thicker blocks is possible.
The challenge with the technique is to obtain undisturbed specimen lamellas: the lamella contains
both the substrate with nanofibres usually made of hard and brittle semiconductor material and
relatively soft polymer embedding of the cell slice. Incorporated mechanical stress and the difference in mechanical stiffness of the two parts usually result in delamination and detachment from
each other either during or post microtoming [58; 59]. This can be avoided with soft (e.g. PMMA)
substrate material [60] or the substrate may be removed prior to microtoming [56; 61; 57; 62; 63].
The latter approach is burdened with the risk of destruction or deformation of the interface.
Alternatively, FIBSEM slice-and-view can be used to in-situ ablate (with FIB) slices of the cell
and concurrently image them with SEM. The technique yields two-dimensional (if only one FIB cut
is made) or three-dimensional images of the structure if a series of imaged slices are made. While
the resolution an SEM image is inferior to the TEM, convenience (no lamella handling problems)
and speed of three-dimensional imaging are the advantages.

1.3

Thesis

The thesis approaches the problem from two angles. Novel and alternative methods for nanostructureenhanced MEAs are investigated, and the imaging technique of cell-nanofibre interaction is developed and tested.
The second chapter of the thesis discusses silicon black technology used to fabricate silicon
nanowires: a cost-effective alternative to the traditionally used and expensive electron beam lithography (EBL). Integration compatibility to MEA fabrication and biocompatibility to cell culturing
are investigated. Appendix A presents experimental study of cell motility, morphology, viability
and proliferation on black silicon nanograss substrates. Results of these experiments are not presented in this thesis, as they were the subject of an another PhD thesis by Joanna Lopacinska.
Nevertheless, they are relevant and supplementary to the topic.
The third chapter presents analogous research on carbon nanotubes. Alternative patterning
methods for vertically aligned carbon nanotubes are investigated, including maskless patterning of
large forests, and direct patterning of single electrically addressable CNTs. Technological compatibility and biocompatibility with cell cultures are surveyed. One of the results presented there is
4

a novel patterning method for carbon nanotube forests, and Appendix B contains peer-reviewed
paper on that subject.
The fourth chapter presents research on the application of titanium tungsten (TiW) substrates
for CNT electrodes. A preliminary study published in conference proceedings is presented in
Appendix D. The paper in Appendix C presents a conference proceedings paper on conductivity
measurements of TiW films on silicon nanograss.
The fifth chapter presents the results of electrochemical testing of nanowire-enhanced MEAs.
The sixth chapter discusses development efforts and tests of FIBSEM slice-and-view technique
applied to cells cultured on flat surfaces, silicon nanowires, and carbon nanotubes. The paper
in Appendix E presents results of a wider study on FIBSEM investigation of cell-nanostructure
interactions, and the information in the paper is complimentary.
The paper in Appendix F is a review of electron microscopy techniques applied to imaging of
nanomaterials in food samples, to which I provided a section of FIBSEM microscopy. The topic of
the paper is outside of the thesis scope.
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Chapter 2

Fabrication of silicon nanograss
This chapter describes efforts towards the fabrication of vertically aligned silicon nanowire substrates (silicon nanograss). An overview of available nanowire fabrication techniques is given, and
nanowire formation is followed by a detailed description of reactive ion etching (RIE), which was
the chosen fabrication method. Finally, process parameters, process repeatability, nanograss morphology and density, wafer uniformity, influence of the substrate composition and conductivity,
and nanograss UV lithographic patterning are discussed.
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2.1

Fabrication of nanowires

As mentioned in the previous chapter, vertically aligned nanowires are a promising surface nanostructuring technology that could be used to create micro-electrode arrays for neuronal studies. A
variety of available nanowire fabrication techniques exist, and it is an important for a decision to be
made on which should be applied for our task. This section discusses the vast group of alternatives
and explains the decision of using silicon nanograss.
Nanofabrication can generally be divided into top-down and bottom-up alternatives. With the
top-down approach (Fig. 2.1B), bulk material is etched down chemically, with a masking material
pattern residing on top of the substrate (Fig. 2.1A). Alternatively, with the bottom-up approach,
the nanowires can be grown at sites of catalytic seeds, with the nanowire material provided by a
liquid or gaseous phase precursor (Fig. 2.1C). The diameters of the nanowires are defined in a first
order of approximation by the diameters of the masking/catalyst dots as formed after annealing
of the masked pattern [66], and thus the dots need to be patterned with dimensions matching the
expected diameter of the nanowires (Fig. 2.1A). As the nanowire diameters are within 10 to 1000
nm, a range of patterning methods offering different critical dimensions (CD) match various ranges
of the requirement (Tab. 2.1).
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Figure 2.1: Nanograss fabrication

2.1.1

Pattern definition

First, before discussing different available patterning methods, the historically oldest and also
maskless method needs to be mentioned. In their original work from the 1960’s, Wagner and
Ellis [67] used thin films of gold to grow silicon whiskers which were wires with diameters in
the micrometer range. Upon annealing, very thin metal films tend to break up and cluster into
colonies of islands of random size distribution and position. This can be additionally enhanced
by substrate annealing and resulting Ostwald ripening of the islands. The main drawback of the
maskless method is poor control of diameter distribution and nanowire areal density.
If a more narrow diameter distribution and/or ordered positions of the nanowires are required,
state-of-the art lithography methods could be considered. Standard I-line 365 nm ultraviolet
lithography (UVL) offers CD = 1.0 µm and thus is not directly suitable for the task. Nevertheless,
a feasible modification of the method exists: phase-shift photolithography, where diffraction fringes
can be used for the creation of periodic patterns [68]. Alternatively, standard lithography can be
used to create 1.25 µm dots followed by reactive ion etching to shrink them down to 400 nm [69].
Lithographic methods (Fig. 2.2) employing light of shorter wavelengths offer CD in ranges
that are suitable for the definition of masking/catalyst dots. Deep ultraviolet lithography (DUV)
uses wavelengths of 248 and 193 nm, and extreme ultraviolet lithography (EUV) uses wavelengths
down to 13.5 nm. However, as these systems are designed for mass production of electronic circuits,
feasibility of small scale batch fabrication (typical for the type of research study performed within
this thesis) is limited due to very high initial costs and/or limited accessibility of the equipment.
Few reported applications of commercial DUV ro EUV systems can been found in literature.
On the other hand, electron beam lithography (EBL) (Fig. 2.3) is often available in research
facilities, and offers the best quality of pattern in term of resolution. Work of Gangloff et al. [70]
employed EBL for patterning of gated nanowires and nanotubes.
Another viable patterning method is nanoimprint lithography (NIL) (Fig. 2.4) where stamps
are used to mechanically imprint the pattern. The method offers very high resolution (down to
10 nm [77]), relatively inexpensive processing (compared to EUV or EBL), and high throughput.
Morton et al. used it to pattern vertical (1.5 µm long) nanowires with sub-40 nm diameters [78].
The main challenge of the technique is a high defect rate [77].
Creation of a nanometric pattern of masking/catalyst islands can also be done through self-

Lithography methods
Ultraviolet (UV)
Deep ultraviolet (DUV)
Deep ultraviolet (DUV)
Extreme ultraviolet (EUV)
Electron beam (EBL)
Other methods
Nanoimprint (NIL)
Self-assembly
Self-assembly
Stencil
Porous alumina
Block copolymers
Dip-pen lithography

Source
I-line lamp
KrF laser
ArF laser
LPP, LDP
Electron gun
Tool
Stamp
Beads
Catalyst particles
Holes
Holes
Holes
AFM tip

Wavelength [nm]
365
248
193
13.5
0.05
Feature size [nm]
10
1000
20
5
30
20
10

CD [nm]
1000
250
150
22
10
CD [nm]
10
90
39
15
30
20
30

Table 2.1: Patterning technologies
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Example
SUSS Mask Aligner MA6
Canon FPA-3000 EX4
NXE:3300B
JEOL JBX-9500
Example
NLS UV Imprint System
[71]
[72]
[73]
[74]
[75]
[76]

assembly of a monolayer of spherical beads, followed by deposition of the material and lift-off of the
beads (Fig. 2.5). A hexagonal array of islands is created, and the islands can be annealed to reflow
into circular shapes. Fuhrmann et al. [71] report silicon nanowire fabrication with a self-assembled
monolayer of 1320 nm polystyrene beads, 10-20 nm gold catalyst, resulting in an array of 90 nm
gold islands, and 89 nm silicon nanowires. Instead of depositing the beads as a masking layer, a
monolayer of gold nanoparticles can also be deposited directly from a colloid. Hochbaum et al. [72]
reports the use of colloids with different Au particle sizes, the smallest of and 20 nm in diameter,
resulting in growth of nanowires of 39 nm in diameter.
Deposition of catalyst dots by metal evaporation through a perforated stencil mask (Fig. 2.6)
has been reported by Deshmukh et al. [73]. A suspended 50 nm thick silicon nitride membrane
with 5 nm holes (formed with EBL or FIB [79] patterning and dry isotropic etching) was used
to form metal dots with diameters reaching down to 15 nm. The method is particularly useful
in applications where spinning of lithographic resist is troublesome or not possible. Engstrøm
et al. employed it to grow nanowires on top of AFM cantilevers to form ultra-high aspect ratio
probing tips [80]. While the method is relatively simple, provides excellent resolution and is
resist-free, it suffers from a limited life of the stencils, which get clogged with the evaporated
metals. Additionally, Lu and Lal [81] propose a hybrid patterning method, where a continuous
silicon nitride membrane with tungsten pattern is used as a stencil mask for parallel electron beam
lithography with a radioisotope thin film used as an electron source.
Aerotaxy-based growth method uses a gas stream in which nanoparticles are formed, manipulated and deposited on the surface for masking or growth purposes. Heurlin et al. [82] reported
that method for growth of GaAs nanowires with diameters of 35, 50, 70 and 120 nm.
Porous alumina show a regular periodic pattern of holes in the nanometric range [83] and can
be used as a stencil mask or a growth template. Sauer et al. used it for growth of silver nanowires
with inter-wire distance of 110 nm and diameters reaching down to 30 nm [74]. Block copolymers
form porous layers with holes of a diameter of several nanometers and similar periodicity (Fig.
2.7), and can be used to create a masking lift-off layer. In original work of Park et al. [75], block
copolymers with holes of 20 nm diameters and periodicity of 40 nm were presented. Thiyagu et
al. used block copolymers to pattern polystyrene (PS) nanospheres (30 nm in diameter), which
were subsequently used as an etching mask to remove everything off a thin film but the catalytic
particles needed to form silicon nanowires [84]. Importantly, both the block copolymer and porous
alumina methods lack long range order.
Dip-pen lithography is another possible patterning method which utilizes AFM tip for direct
pattern drawing [76]. No report utilizing it for growth of vertically aligned nanowires has been
found.

2.1.2

Nanowire formation

Bottom-up growth of nanowires
Long before the advent of micro- and nanotechnologies, Wagner and Ellis [67] used the vapor-liquidsolid (VLS) process to grow micrometer-sized whiskers. The method utilizes a clean, defect-free
substrate with deposited islands of catalyst [85]. In the first annealing step, the temperature is
elevated, and the islands melt. Next, as gas flows across the substrate, the growth material is
dissociated from the precursor gasses and dissolves in the molten droplets of the catalyst. At
supersaturation, the growth material precipitates at the liquid-solid interface creating epitaxial
growth of the nanowires, with their diameters determined by the droplet sizes. A set of methods
based on VLS exist that were successfully employed to grow nanowires: chemical vapor deposition
(CVD) [86], plasma enhanced CVD (PECVD) [87], metalorganic CVD (MOCVD) [88; 66], where
growth is achieved through chemical reaction, or molecular beam epitaxy (MBE) and thermal
evaporation [89], where it is achieved through physical deposition. Laser ablation can be used to
aid catalyst island ripening [90].
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Figure 2.2:

UV lithography:
UV exposure (A), development B,

Figure 2.3: E-beam lithography:

metal coating (C) and lift-off (D).

B, metal coating (C) and lift-off
(D).

Figure 2.4:

Figure 2.5:

e-beam exposure (A), development

Nano-imprint
lithography (NIL): resist spin (A),
stamping (B, C), metal coating (D)

Self-assembly of
beads (A), metal coating (B),
beads removal (C), annealing (D).

and lift-off (E)

Figure 2.6: Shadow masking.

Figure 2.7:

Block copolymers:
formation (A), metal coating (B),
lift-off (C).
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Top-down etching of nanowires
In the top-down approach, nanowires are created through etching of bulk material with the top
pattern acting as a masking material. Two alternatives exist: wet and dry etching. In the first
case, the material is removed chemically with the etchant dissolved in a solution, in the second
case a mixed chemical and physical etching takes place with the etchant being in gaseous form,
often enhanced with plasma. Wet etching (at room or elevated temperatures) does not require
sophisticated equipment, and processing can be done in standard cleanroom chemical processing
benches. A recent work of Sivakov et al. [91] is an example of wet etched silicon nanowire substrates
for solar cell applications.
Dry reactive ion etching (RIE) is traditionally used to create high aspect ratio vertical profiles.
It utilizes a chemically reactive plasma to react with the substrate material and to remove it. A
mixture of chemically reactive gases is ionized at low pressure with an RF field and the ions are
accelerated towards the substrate often by additional DC fields, etching it through a combination
of a chemical reaction and physical knock-out of substrate atoms. Due to the plasma normal
direction of the ion’s velocity caused by the plasmas electrical field at the interface to the surface,
a directed, anisotropic etching is possible. The method is standard for silicon etching applications.
Successful examples of RIE-etched nanowires are presented in the works of Wang et al. and Morton
et al. [38; 78].
A modified plasma etching method - the Bosch process - with alternating anisotropic RIE etch
and isotropic passivation deposition steps allows the creation of very high aspect ratio pillars,
trenches and vertical sidewall profiles [92].
The two top-down and bottom-up approaches offer different level of nanowire morphology and
composition control. The bottom-up method provides straight nanowires with very high aspect
ratios and smooth sidewalls. The top-down method offers good options for sandwiched multijunction nanowires, as complex multi-layer material sandwiches can be etched down [38] but, on
the other hand, the VLS method can be used to grow heterostructure nanowires as well [93]. The
top-down method offers lesser control of sidewall quality, as the walls tend to be underetched. For
example, Morton et al. [78] report high aspect ratio nanowires with sidewall roughness of 10 nm,
while MBE grown nanowires tend to have atomically smooth walls.

2.2

Black silicon nanograss - state of the art

The method of choice for nanowire formation, which is investigated within the thesis, is black
silicon. Compared to lithographic methods, Black Silicon is extraordinarily simple: it involves
only one processing step of RIE etching. It utilizes RIE to etch silicon wafers and originates
from processing issues which initially were considered a problem in standard RIE processing.
Parameter space for RIE processing is multidimensional and includes gas composition, gas flow
rates, chamber pressure, chuck temperature, RF power, and processing time. The recipes may be
unstable: a change of chamber conditions (e.g. due to contamination, or servicing/exchange of
components) may cause the etching recipe to move into a different regime, dramatically changing
etching profiles and etching rates. The resulting problem in silicon etching is the formation of
”black” silicon. Sometimes within unmasked areas where the material should be evenly etched
away, a dense forest of sharp spikes is formed [94]. It is caused both by the existence of unwanted
nanoparticles on the silicon (native oxide, dust), and by the fact that sometimes the etching recipe
had reached regime. If the etching regime had shifted to highly anisotropic with vertical sidewalls,
the unwanted particles act as nano-masks and a sharp tall needle is formed under each one of them.
Jansen et al. [95] proposed to utilize the black silicon effect to find conditions where the etching
profile is highly vertical for the creation of high aspect ratio features. He used SF6 /O2 /CHF3
gas mixture; after finding the black silicon regime, a slight increase of CHF3 flow was removing
formation of the silicon spikes, while still maintaining the desired vertical etch.
Although the effect was originally a problem in RIE silicon etching, due to the interesting
properties of the nanograss and maskless process of its creation it found several technological
applications within the last 10 years. The name of Black Silicon derives from a decrease in visible
light reflectivity to about 5% compared to 20-30% of flat silicon. It is caused by a continuous
gradient of refractive index within the tapered nanograss spikes, which reduces Fresnel reflection
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[96]. In 2000, Schnell et al. proposed to use black silicon for solar cell applications [97], followed
by reports by Yoo and coworkers [98; 99], and recent commercialization attempts [100]. Schmidt
et al. used the black silicon method to form slightly underetched pillar which coated with silver
served for Raman detection [64].
Lopacinska et al. used several different silicon nanograss substrates to investigate biological cell
adhesion and proliferation [3]. It is interesting if it could be used for those applications as a maskless
alternative to lithographic methods. The lithography methods require surface pretreatment, resist
spinning, baking, exposure, development, metal deposition, and lift-off, followed by etching or
growth of nanowires, while nanograss offers fabrication in the one and only step of RIE etching.
All of these processing steps could be avoided, promising cost and time efficiency at the price of
lack of order in the pattern. The challenge to use black silicon is that the process is maskless, and
the nanograss morphology is controlled by RIE processing parameters. Considerable effort needs
to be made to find proper recipes in the parameter space. The following sections of the chapter
describe the effort.

2.2.1

Chemistry of RIE

The mechanism of SF6 /O2 /CHF3 plasma etching is a synergy of physical ion bombardment and
chemical etching. Briefly, dissociation of SF6 yields F∗ radicals that etch silicon forming volatile
silicon tetrafluoride [101]:
Si(s) + 4F ∗ (g) → SiF4 (g) ↑,

(2.1)

∗

whereas ionization of O2 produces O radicals which passivate the silicon forming silicon oxyfluoride:
Si(s) + xF ∗ (g) + yO∗ (g) → SiFx Oy (s).

(2.2)

Both of the above reactions are chemical and isotropic. Simultaneously, as the SF6 and CHF3
+
are dissociated into SF+
x and CFx and accelerated towards the substrate, they directionally bombard the horizontal surface, etching it by knocking out the chemically passive silicon oxyfluoride
and forming volatile SiF4 , SOx Fy and COx Fy (Fig. 2.8) [102].

2.2.2

Influence of process parameters on etch profile

Correct etch profile is critical to the formation of silicon nanograss. Single spots within the process
parameter space where nanograss is formed can be found experimentally, but it is important to
understand the influence of each of the processing parameters to precisely control the nanograss
morphology. The important parameters are: etch rate, anisotropy and selectivity. Their dependance on recipe parameters is discussed in the following paragraphs.
Legtenberg et al. provided an experimental analysis and discussion of process parameters
influencing the etch profile [102]. Table 2.2 summarizes their results, giving an overview of the
trends of anisotropy (vertical vs. horizontal etch rates) and selectivity (Si vs. SiO2 etch rates).
The following discussion is based on that paper, and is presented for clarity of experimental results’
discussion.

Figure 2.8: Physicochemical etching of black silicon nanograss
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SF6 flow

O2 flow
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mid
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Si etch rate
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&
%
%
%
%
%
%
%
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&

%
local max.
&
%
local max.
&
&
&
&
%
%
%

%
%
%
&
&
&
%
%
%
&
&
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Table 2.2: RIE processing trends: an overview
based on experimental work of Legtenberg et al. [102]
The silicon etch rate is a function of both chemical fluoridation and ion bombardment. Etch
rate is directly proportional to SF6 flow, as more fluoride radicals are present at higher flows. The
etch rate rises with O2 flow for low flow values, and decreases for high flows. This is a result
of two competing mechanisms. In the first mechanism, dominating at low flows, oxygen prevents
recombination of SF+
x and F* back to SF6 , and thus more oxygen means more fluoride radicals and
higher etch rate. The second mechanism, which dominates at higher flows, is increased passivation
of silicon into oxyfluoride, lowering the etch rate. The etch rate increases with increased RF
power, as concentration of fluoride free radicals increases much faster than concentration of oxygen
free radicals with RF power [103]. The etch rate drops with increased chamber pressure, as ion
bombardment drops and passivation increases.
Anisotropy is a measure of etch directionality, a dominance of vertical etch profiles over underetched profiles. The actual anisotropy is a net result of two competing processes: isotropic
fluoridation etch of silicon and anisotropic ion bombardment of the horizontal surfaces. First,
anisotropy increases with increased chamber pressure at low pressure values, reaches local maximum for medium pressures, and is inversely proportional to high chamber pressures. The behavior
at low pressures is explained with insufficient oxygen coverage to form a stable passivation layer:
as oxygen coverage rises with the pressure, sidewalls receive more passivation and more anisotropic
profiles are obtained while horizontal surfaces can be etched by ion bombardment under the right
conditions. The decrease of anisotropy at high pressures is explained with decreased mean free
path of ion bombardment and increased concentration of fluorine radicals and oxygen. Anisotropy
has similar dependence on RF power: with rising power initially is rising, reaching a local maximum and decreases at high powers. As ionization of the plasma is proportional to the RF power,
both fluoride radicals and ion bombardment are increasing with the power. The behavior of the
anisotropy is explained with domination of fluoride radicals at low power levels, and domination
of ion bombardment at high power levels. Finally, anisotropy is linearly and inversely proportional
to SF6 flow and linearly, directly proportional to O2 flow. Increased SF6 flow increases fluoride
radical concentration and thus increases isotropic chemical etching. Increased O2 flow increases
passivation, and thus increases anisotropy.
Selectivity is the ratio of Si to SiO2 etch rates. The silicon etch rate is depending on fluorine
concentration and ion bombardment, whereas silicon dioxide etch rate is dependent solely on ion
bombardment. Selectivity rises with rising chamber pressure, as more fluorine radicals are present,
and silicon etch rate rises. Next, it decreases with RF power as ion bombardment becomes more
prominent.
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2.2.3

Formation of nanograss

Black silicon nanograss spikes are formed at process regimes with high anisotropy and high selectivity, where even nanometer-sized masking particles can prevail during the etching process. Jansen
et al. assigns formation of black silicon to ”micromasks” of dust or native oxide [95], yet they
acknowledge that nanograss is formed even on very clean silicon wafers treated with HF dip for
native oxide removal. Thus, the RIE process itself is responsible for the creation of the nanograss
as well. Two mechanisms are proposed: redeposition of oxidized silicon nanoparticles [95; 102] and
variations of silicon oxyfluoride thickness formation [102].

2.3

Method

Having discussed the theory of black silicon formation, we can proceed to experimental sections.
A variety of black silicon recipes had been investigated, first on full not patterned wafers, and next
on patterned MEA chips.
Nanograss etch experiments were performed in DTU Danchip’s cleanroom using the SSE Advanced Silicon Etcher for etching nanograss. Low doped (ρ = 1-20 Ωcm) 4” silicon wafers were used
as substrates. Several different aspects of nanograss fabrication were tested: morphology control,
density control, wafer-scale uniformity, wafer-to-wafer repeatability, influence of masking pattern,
influence of buried oxide, and feasibility for UV-lithographic post-growth patterning and polymer
embedding. Figure 2.9 presents an overview of all used RIE processing recipes.
Electron microscopy at 30◦ angle was used for qualitative description of nanograss morphology.
Electron microscopy at 90◦ angle combined with particle counting (ImageJ software’s [104] standard
function) and Delaunay-Voronoi triangulation (ImageJ plug-in [104]) algorithms were used for
quantitative description of nanograss density and nearest-neighbor distance (NND), respectively.

2.4

Wafer-scale nanograss

This section discusses the results of nanograss fabrication on full wafers. A homogenous, repeatable nanograss with controlled density, height and diameter, covering full 4” wafers would be the
ideal starting point for processing devices, and further aiming for integration into MEAs for cell
interfacing.
Several possible nanograss morphologies are potentially interesting for cell interfacing. Different
morphologies may induce different cell responses and adhesion. For instance, very sharp and sparse
nanowires should be expected to be engulfed by the cellular membrane, or even penetrate it. On
the other hand, dense and dull spikes or post may support the cell sustaining limited contact area.

2.4.1

Morphology

Nanograss is formed through several competing and interdependent processes: directed physical
sputtering, non-directed chemical etching, redeposition of particles, native oxide variations, and
oxyfluoride passivation. It is sensitive to electrostatic charging of the wafer, micro-scale pattern
size (if only parts of the wafer are supposed to be etched), and position on the wafer. That complex
physics and chemistry of the process provide a very rich variety of morphologies (Fig. 2.10).
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Figure 2.9:

Black silicon nanograss RIE recipes. Processing parameters for the recipes MS 26-01..05
were not provided, as they were IP protected during patent application procedure. Height and width of
nanograss 16-05, 16-05A, and 16-05B was not measured.
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Figure 2.10:

Nanograss morphologies: A) nanometric pillars, recipe 16-05; B) nanometric pyramids,
recipe 15-19; C) dense micrometer-long needles, recipe 15-17; D) sparse micrometer-long needles, recipe
23-08; E) micrometer-sized conical structures, recipe RWBS-01; F) Very low density tall nanograss, recipe
26-05; G) Vertical pits, recipe RWBS-07; H) Overetched ”palm-tree” nanowires, recipe RWBS-13.
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2.4.2

Repeatability

Vertically standing pillars produced by Schmidt (Fig. 2.11) and sparse tall spikes produced by
Madsen were interesting starting points for cell-interfacing nanowire fabrication as they might
facilitate engulfing or penetration. When I used their RIE recipes under the same conditions (same
machine), different results were obtained for Madsen’s recipes, but very similar and repeatable
results for Schmidt’s.

Figure 2.11: Stability of recipe 16-05.
Interestingly, the RIE recipe I used, by Rene Bergmann and Rajendra Kumar [105], provided
three different nanograss morphologies (Fig. 2.12). Even though the recipe was locally repeatable
for each of the operators, the differences are most likely caused by recipe instability, not the
operator factor. The time between the runs by the operators was long (several months), while the
time between the runs by a single operator was short (a couple of days) and it is the long-term
change of the chamber condition that is expected to affect the etching regime. Also, the influence
of the operator factor is limited as processing of the wafers is performed in a cleanroom facility with
strict regulation, and most of wafer handling and processing is performed automatically by the
SSE ASE machine. The operator only needs to place a wafer onto a robot’s arm and initiate the
recipe. Furthermore, the pyramidal recipes run by the same operator (me) were highly unstable
and difficult to repeat. An explanation for that can be given with the existing anisotropy local
maxima for pressure and RF power (Tab. 2.2). Recipes residing within the local anisotropy maxima
of power and pressure will be much more stable, as slight process variations will not change the
sidewall profile much. Because the anisotropy will be maximal, the stable recipes will usually
produce vertical or close-to-vertical (very slightly tapered or very slightly underetched) nanowires
(Fig. 2.11).

Figure 2.12: Nanograss recipe instability: all three images represent nanograss fabricated with recipe
RWBS-23, by three different operators: author (A), Rene Bergmann (B), Rahendra Kumar (C). Scale bar
on of all three images is 1 µm.

2.4.3

Height

The height of etched nanograss directly depends on the etch rate and etch time. By varying
etching time and keeping all the other parameters constant, one can control the structure height
while maintaining morphology (Fig. 2.13). Interestingly, density is highly affected, meaning that
extending the etching process causes most of the nucleation points and nanowires to disappear,
while fewer remain and grow in size.
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Figure 2.13: Influence of time on nanograss size and density. Scale bars: 1 µm.

2.4.4

Wafer-scale variation

Electron micrographs show that nanograss morphology (Fig. 2.14) and density (Fig. 2.15) on
a 4” wafer are relatively stable within the central region of 2” in diameter. Further away, the
density decreases, and close to the edges of the wafer the morphology changes abruptly. It can be
explained with edge effects when a lesser amount of sputtered particles is available for redeposition
and nucleation at the edges of a wafer.

Figure 2.14: Morphology variation across a wafer: nanograss in the center (A), at 30 mm off the center
(B) and at 50 mm off the center (C). Scale of all three images is equal, scale bars are 20 µm.

2.4.5

Density control

If the etch time and rate are kept constant, control of nanograss density while maintaining nanowire
morphology (aspect ratio, wall profile and height) can be done with chamber pressure tuning (Fig.
2.15)). As discussed in section 2.2.2 and shown in Table 2.2, anisotropy reaches the local maximum
for medium range chamber pressures. At the maximum, anisotropy derivative vs. the pressure is
minimal and thus least sensitive to pressure changes. On the other hand, density of nucleation
points (e.g. redeposited silicon nanoparticles) is very pressure-sensitive as it may be dependent
on mean free path. Thus, tuning the pressure changes density while keeping relatively constant
anisotropy (and thus morphology).
Coil power can be used for density control as well (Fig. 2.16). As anisotropy reaches the local
maximum for mid ranges of RF power (Tab. 2.2), it is insensitive to small RF power variations,
while the number of sputtered and redeposited particles is highly sensitive and affects density.

Figure 2.15: Density variation over the wafer (A) and density control with chamber pressure and time
(B)
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Figure 2.16: Density control with coil power. Recipes on blank Si and SOI wafers.

Figure 2.17: Influence of density RF power control on nanowires’ width. Recipes on blank Si and SOI
wafers.
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2.5

Device integration

If the nanograss should be used as a nanostructured cell culturing substrate (as investigated by
Lopacinska et al. [3]), it can be fabricated on a bulk silicon wafer and diced into chips of respective
sizes. However, if nanograss should serve as a part of an electrophysiological or electrochemical
measurement electrode, it must be patterned, electrically conductive, and isolated at the bottom
from the bulk substrate and in regions at the top from the cell culture solution.
To investigate such applicability of black silicon nanograss, a device compatible with a commercial MCS potential recording system [106] was designed, fabricated, characterized and tested.
This section presents issues that had to be addressed in order to perform the task.
The chip consisted of a substrate, bottom insulation (if the substrate was conductive), metallic
electric connections, electrode pads with metal coated nanograss and top insulation (Fig. 2.18).
Gold was used both for the conductive leads and for the nanograss coating. Titanium tungsten
(TiW) was used as an adhesion layer.

Figure 2.18: Schematic cross-section of a fabricated device.

2.5.1

Layout

The chips were designed to fit MCS standard interface with 49 x 49 mm2 chip size, 59 electrodes
each 30 µm in diameter and 200 µm pitch, and one large reference electrode (Fig. 2.19). Mask
layout file was obtained from NMI and two 4” masks were designed: one to pattern the nanograss
device layer with electrodes, connection leads and contact pads, and the other to create the openings
in the top insulation for electrodes and contact pads. Only one 49 x 49 mm2 chip fits into a 4”
mask in order to increase chip-per-wafer yield, an alternative design was added with twelve 15 x
15 mm2 chips. These chips feature identical small electrode pattern to the standard layout with
changed reference electrode size (Fig. 2.20). Contact pads are much smaller and need additional
interface connector in order to fit into MCS system.

Figure 2.19: Large MEA chip, compatible with NMI’s and MCS’s systems, with attached glass ring well.
Chip size: 49 x 49 mm2 (a), electrode size: 30 µm, electrode distance (pitch): 200 µm (b).
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Figure 2.20: Mask design (a) and interface design (b). Single Large MEA chip is present in the center of
the mask surrounded by 12 small chip designs. Small chip can be adapted to a standard interface through
a designed interconnector with pogo pins connecting the small chip and a large board.

2.5.2

Substrate and bottom insulation

Most commonly used MCS substrates are made of glass, which is transparent and isolating. Transparency allows convenient observation of the cell culture in a biological microscope and the nonconductivity simplifies the fabrication as no bottom insulation is necessary. Initial tests with silica
glass wafers were carried out. The wafers were coated with 2 µm of low pressure chemical vapor
deposited (LPCVD) polysilicon, and processed with RIE to create black silicon nanograss. Unfortunately two major difficulties arose with that design. The ASE machine uses electrostatic clamping
of the wafers during processing, and due to isolating properties of the glass wafers they were often
jammed or lost by the clamping mechanism. Furthermore, the glass wafers are much more brittle
than standard silicon wafers, and this is aggravated by the polysilicon coating which provides thin
film stress. The glass wafers were thus highly unstable and were breaking and cracking too often
for the fabrication process to be stable.
Therefore, standard silicon wafers were chosen instead, and 500 nm of thermal oxide (950 ◦ C,
50 minutes) was deposited to provide bottom insulation. After that, 2 µm of LPCVD polysilicon
was grown on both sides. Due to ASE clamping issues, the polysilicon and thermal oxide needed to
be removed from the bottom of the wafers prior to RIE. It was done with polysilicon etch (HNO3 +
5% BHF) followed by 40% BHF etch of the oxide. The frontside was protected by 2.2 µm standard
AZ photoresist.

2.5.3

Nanograss on SOI

When an SOI wafer is processed with RIE, electrostatic charging of the buried oxide creates a
very different etching regime. Recipes that were developed and tested for bulk wafers are not
directly transferrable to SOI processing. The recipe MSSC-26-05 that yields sparse, tall and sharp
nanowires at bulk wafers turned out to be outside of the black silicon regime on SOI wafers - no
nanograss was formed. On the other hand, recipe MS-23-7 was found yielding similar vertical and
sparse structures on SOI and blank wafers (Fig. 2.21). This result was obtained for a wafer with
full polysilicon coating, before patterning.
Alternatively, UV lithography patterning of the polysilicon could be done before RIE processing.
However, due to the very small area of remaining polysilicon, physics of such RIE etching would be
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Figure 2.21: Nanograss RW23-7 fabricated on SOI wafer.

similar to areas at the edges of a wafer in bulk processing, where either an insufficient number of
redeposited particles prevents proper formation of nanograss or charging effects caused increased
amount fluoride radicals and increased etch rate removing the nanograss. Martin Toft Madsen in
his MSc thesis [65] shows an overview of different nanograss morphologies across wafer positions.
No nanowires are present on any of the wafers, mostly pyramidal bumps can be seen. A pilot test
with patterned SOI wafer was made (recipe 16-05) showing a very similar bumpy morphology of
the nanograss. Therefore, RIE of nanograss on blank SOI wafers was made.
Density variations
When black silicon was etched on poly-SOI wafers, nanograss density varied and formed rings of
high density, surrounded by low density (Figs. 2.16 and 2.22B). It is could not be related directly
to polysilicon grain size, as diameters of the nanograss rings were ca. 10-15 µm, and polysilicon
grain size is usually sub-micrometer. It is nevertheless related to native oxide formation, as indicate
experiments with pre-RIE BHF dipping of wafers. BHF-dipped wafers did not show the rings of
high density nanograss, and had overall low density similar to the low inter-domain densities (Fig.
2.22A). It remains unclear why the native oxide formed islands or rings of few tens µm in diameter.

Figure 2.22: Recipe 23-7D run on SOI wafer with (A) and without (B) 30 s long pre-RIE BHF dip. Scale
bars: 5 µm.

2.5.4

Patterning of nanograss

Because the nanograss is desired to be only on the electrode areas, and is highly undesirable under
the connection leads due to creation of pinholes and risk of electric breakdowns through the top
insulation, after RIE etching the nanograss was patterned with UV photolithography. Wafers
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were coated with 2.2 µm of AZ5431 resist and positive exposure was made through the mask (KS
Aligner, 20 µm proximity exposure for 7 seconds). After development, resist islands were left on the
electrode and contact pad areas. Non-coated nanograss, and the remaining underlying polysilicon
was removed in 40% H3 PO4 + 5% BHF, and the resist was stripped with acetone afterwards.
Nanograss collapse?
The main concern of the nanograss photolithography was whether nanograss can survive resist
spinning, development, and spin-drying. Forests of nanowires or nanotubes are prone to collapse
during these processes, especially during drying when surface tension of the evaporating liquid snaps
neighboring nanowires (in fact this effect was used by Schmidt et al. to form leaning nanowires
for Raman detection [64]). Experiments with MS-16-05 (on bulk wafers) and RW-23-7 (on SOI
wafers) subjected to spinning and stripping of standard photoresist followed by spin-drying and
nitrogen gun drying show very little (Fig. 2.23A) or no nanowire collapse (Fig. 2.23B). A mechanistic explanation can be provided here. The nanowires can be thought of as vertically arranged
cantilevers (beams fully fixed at one end), having a spring constant. When liquid is drying, surface
tension pulls the cantilevers together during evaporation. If the force subjected by the meniscus is
high enough to bend the nanowires that they can touch and adhere to each other, the nanograss
will collapse. On the other hand, if the wires are stiff enough or the distance between them is
large enough, no collapse will take place: nanograss with short, thick wires should be immune to
collapse, as well as very sparse nanograss (such as RW-23-7). Figure 2.23 shows nanograss after
spinning where only the thin nanowires collapse, which partially confirms the hypothesis. Also, the
nanograss MS-16-05 which collapses [64] is slightly underetched, which gives it much lower spring
constant than vertical or tapered nanograss of similar size.

Figure 2.23: Nanograss after resist spin test. Arrows indicate thin nanowires that snapped to neighbors,
or collapsed on the substrate. A) Nanograss MS-16-05, spherical objects on top of the nanowires are
residuals of the resist. Scale bar: 300 nm. B) Nanograss RW-23-7. Scale bar: 2 µm.

2.5.5

Metal coating and lead patterning

In order to facilitate electric connectivity to the electrodes and to coat the nanograss, the wafers
need to metallized. Gold coating with titanium tungsten (TiW) adhesion layer was used. The
coating needs to be as thin as possible not to increase the nanowire diameters. Coated nanowires
were designed to be below 200 nm in diameter, and thus 50 nm total coating was used: 15 nm of
TiW and 35 nm of gold. The coating needed to be conformal, therefore sputtering was used to
deposit TiW and gold. After deposition, the gold coating had to be patterned into leads, electrodes
and contact pads. Standard, positive photolithography was made. Gold was etched with KI + I2
solution for 30 seconds, and TiW was etched with 30 % H2 O2 for 3 minutes. Resist was stripped
afterwards.
Nanograss thinning
Coil power control of nanograss density does not affect nanowire width (Fig. 2.17). Wet etch
thinning of the nanograss was investigated with 30 s long 40% BHF dip and with 10 s long dip in
40% H3 PO4 + 5% BHF (”poly-etch”). The first approach did not seem to thin down the nanowires
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(Fig. 2.24). Two reasons can be attributed to the result: either the oxyfluoride layer is so thin
that its removal does not affect nanowire thickness, or the oxyfluoride is HF-resistant. The second
approach removed most of the nanowires, leaving only the thickest ones (Fig. 2.25). In fact, due
to removal of all the thin nanowires, the average nanowire width increased from 35 ± 10 nm to 41
± 11 nm.

Figure 2.24: Nanograss RW-23-7 before (A) and after (B) 30 s dip in 40% BHF. No significant decrease
in nanograss density is observed. Scale bars: 2 µm.

Figure 2.25: Nanograss RW-23-7 before (A) and after (B) 10 s dip in 40% H3 PO4 + 5% BHF. Removal
of thin nanowires can be observed. Density of the nanograss decreased significantly. Scale bars: 10 µm.

2.5.6

Top insulation

Several different materials can be used for the top insulation of the electrodes. Silicon nitride
is very robust, and can be used in relatively thin layers of 500 nm. It can be deposited with
PECVD on top of the gold coating, and patterned with RIE. However, during these processes,
the substrate temperature can rise to above 300 ◦ C, which is too high for the gold coating. SU-8
resist coating, on the other hand, does not require high temperatures, and is straight-forward, as
no post-development etching step is required. The SU-8 is a resist and is directly patterned during
development. As the SU-8 is also biocompatible [107] and can be used for cell culturing, it was
chosen as the top insulation layer. 2 µm of 2002 SU-8 was spin coated (1500 RPM for 30 s) on the
wafers and developed.
A pre-bake step at 250 ◦ C for 12 hr is typically used to dehydrate the wafers and improve
resist adhesion. It was discovered, however, that this temperature is too high for the gold coating,
which migrated. Pre-bake at 120 ◦ C for the same period of time was discovered sufficient for resist
adhesion and no gold migration was observed.
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Figure 2.26: Electrode area of sample OLD15.

Figure 2.27: Fabricated device with nanograss,
sample No. OLD15L, view on nanograss spikes.

Figure 2.28: Fabricated device with nanograss,

Figure 2.29: Fabricated device with nanograss,

sample No. 23L, full electrode view.

sample No. 23L, view on nanograss spikes.

2.6

Conclusions

In this chapter, the application of black silicon technique for controlled fabrication of sparse and
sharp nanowires has been investigated. Review of nanowire patterning state of the art was given,
followed by a theoretical discussion of black silicon formation physics. Reactive ion etching recipes
(provided by colleagues, and developed by the author) were used to fabricate silicon nanograss
substrates, and the results were analyzed qualitatively (with SEM images) and quantitatively
(density, width and height statistics were obtained through measurement of SEM images).
Stability and controllability of nanograss density through processing parameters (chamber pressure and RF power) has been discussed. It is possible to fabricate reproducible nanograss substrates with controlled density, nanowire diameter in 50-200 nm range, and height reaching 1.6
µm. Height is limited with thickness of the initial polysilicon: 2 µm were used in our case, and
thicker polysilicon films tend to produce too much stress for reliable wafer handling. Thinning of
nanowires through wet etching in BHF and poly-etch solution has been investigated. Integration
of black silicon nanowires into a patterned and insulated electrode device has been investigated
and MCS-compatible chips with gold-coated nanowires were obtained. The results were used in
further studies presented in the following chapters on electrochemical performance of nanograss
electrodes and cell-nanowire interaction microscopy.
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Chapter 3

Fabrication of carbon nanotubes
This chapter describes efforts towards the fabrication of vertically aligned carbon nanotube (CNT)
substrates (forests). A brief overview of available CNT fabrication methods is given, followed
by detailed description of plasma enhanced vapor deposition, which was the chosen fabrication
method. Experimental results on CNT fabrication from catalyst arranged into thin films, through
DUV patterning, and through silicon nanograss templates are presented and discussed.
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3.1
3.1.1

CNT growth technology
Patterning methods

Historically, available methods for CNT fabrication are arc discharge [24], laser ablation [109], and
chemical vapor deposition (CVD) [110]. The first two methods offer fabrication of bulk quantities,
but do not provide possibilities of patterned growth. CVD (being a form of VLS process) utilizes
catalyst particles (nickel, cobalt or iron) to grow CNTs, and can be matched with one of patterning
methods. In analogy to the previously discussed growth of silicon nanowires, a multitude of
methods have been reported [111].

3.1.2

Chemical vapor deposition of CNTs and CNFs

The CVD method utilizes decomposition of acetylene or methane feedstock gas (diluted in nitrogen
or argon, and often mixed with reducing ammonia or hydrogen), where the catalyst particles guide
deposited carbon into one dimensional structures. Depending on the process conditions and used
materials, different CNT species are formed. Single-walled CNTs (SWNTs) are tubes made of a
single cylindrical graphitic (graphene) layer. Multi-walled CNTs (MWNTs) are made of several to
hundreds of coaxial cylindrical graphitic layers, where the cylinder walls are parallel to the central
axis. Carbon nano-fibres (CNFs) feature the graphitic cylindrical walls not parallel to the central
axis, forming distinct morphologies (bamboo, stacked cones and other).
Prior to CNT growth, the catalyst is usually annealed at elevated temperatures in reducing
atmosphere (∼ 600 ◦ C) for a few minutes to break up the thin film if is not pre-patterned, to
agglomerate patterned catalyst islands into single particles, and to reduce any native oxides on the
catalyst [112].
Thermal CVD utilizes high temperatures (700-900 ◦ C) to catalytically dissociate the feedstock
gas, the reaction occurs entirely on the catalyst particles [111]. CNTs fabricated with the method
are either tangled in a spaghetti-like form or form a block of closely packed nanotubes.
On the contrary, plasma enhanced CVD produces straight, vertically aligned CNTs or CNFs.
Plasma discharge is used to dissociate the feedstock gas into carbon bearing species that further
decompose into carbon at the catalytic sites. Additionally, PECVD builds up a vertical electric
field gradient that promotes aligned, vertical growth of the CNTs. In many studies, PECVD was
used with elevated temperatures, but low-temperature growth of CNTs at 120 ◦ C is also possible
[113].
In the absence of the catalyst, the deposited carbon is in an amorphous form. Presence of
the reducing gas aids in selective removal of the amorphous carbon: carbon is etched either with
NH3 or H2 , and etch rates are much higher for the amorphous form than for the graphitic layers
of CNTs. The amount of remaining amorphous carbon, and hence purity of the CNTs, depends
mainly on the feedstock gas mixture ratios, C2 H2 :NH3 or CH4 :H2 . Optimum ratios at which clean
CNTs without amorphous coating are grown are at 20% for ammonia and 23% for hydrogen [111].
Because of elevated temperatures during the annealing and growth, catalyst particles should be
protected from diffusing into the underlying substrate. Depending on the application and the wafer
material, different diffusion barrier films can be used: silicon dioxide, titanium nitride, titanium
tungsten, and other.
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3.2

CNT growth on flat substrates

For cell-CNT interaction experiments, 4” silicon substrates sputter-coated with nominal 150 nm of
titanium tungsten (TiW) diffusion barrier and nominal 8 nm of e-beam evaporated nickel catalyst
were used (WORDENTEC coating system). No patterning was applied. Diced chips of ca. 10
x 10 mm2 were processed in a commercial 4” AIXTRON ”Black Magic” system with C2 H2 :NH3
chemistry. The recipe is given in Table 3.1 below.
Figure 3.2 shows SEM of as-grown CNT forest obtained with the method. The forest contains
CNTs of various diameter and height, the fibres are vertically aligned, but slightly winded. Average
diameter measured directly from the image is XX nm, with standard deviation of YY nm, and
histogram showing a wide distribution with main peak at 75 nm, a two additional peaks at 165
and 225 nm. For more precise examination, the CNTs were scraped from a substrate onto a TEM
holy carbon grid and imaged with TEM at 200 kV (Fig. 3.1). Nickel particles can be clearly seen
as they provide high electron contrast. The particles seem crystalline, shaped along crystal facets.
Their cross-sectional shape is pentagonal with two equal planes forming the tip, two long planes
feeding the CNT growth and a bottom plane perpendicular to the CNT axis and roughly defining
the inner diameter (CNTs No. 2 and 5). The nanotubes reveal winded sidewalls (best seen in No.
9), some of them are CNFs with stacked (No. 1) or bamboo (No. 9) structure. Average diameter
of the 8 investigated CNTs is 118 ± 54 nm and average wall thickness is 23 ± 7 nm. No amorphous
carbon contamination can be seen.
Step
1
2
3
4
5
6
7
8
9
10

Description

Notes

Set chamber pressure to 6 mbar
Soak in NH3 only (250 sccm) for 3 min. at room temperature
Ramp temperature to 625 ◦ C
Anneal at 600 ◦ C for 3 min.
Wait for 10 sec.
Feed C2 H2 (50 sccm)
Turn on DC plasma (800 W)
Ramp to 750 ◦ C
Wait for 15 minutes (processing time)
Turn off the plasma, shut the NH3 and C2 H2 down and cool down with N2 (8000 sccm)

-

Table 3.1: CNT growth recipe

Figure 3.1:

TEM of CNTs fabricated with
recipe shown in Tab. 3.1.

Figure 3.2:

SEM of CNTs fabricated with
recipe shown in Tab. 3.1
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3.3

Patterned CNTs

Experimental investigation of cell-CNT forest interaction and FIBSEM cross-sectional image is
presented in Figure 6.8. The CNT forest fabricated with a maskless method is too dense to
facilitate close contact between the cells and CNTs. The cells are supported and reside on top of
the forest. It matches the results of Hanson et al. [114] where interactions between silica posts of
different pitch and cells were investigated. If the pitch was too narrow, the cells did not follow the
substrate, but resided on top of it. If electrically addressable CNTs would be used for intracellular
measurements, their pitch should be sparse and catalyst islands should be patterned with one of
the lithographic methods.
To facilitate addressable CNTs on a MEA, a mask design with an array of 54 electrodes was
used (Fig. 3.3). Figure 3.4 shows a schematic cross section of the device. 120 nm thick TiW
leads were defined by lift-off on top of 500 nm thermal silicon oxide. Top insulation was made by
PECVD deposition of 500 nm silicon nitride. UV-lithography was used to open large windows for
contact pads and high resolution (EBL or DUV) lithography to open sub-micrometer apertures
in the nitride for CNT growth. Nickel catalyst was deposited on top of the developed EBL (or
DUV) resist and was patterned by lift-off. The CNTs were grown in the last step. The approach of
growing CNTs after deposition of the top insulation layer allowed us to choose the top insulation
material liberally as it was not constricted with risk of CNT contamination or destruction. We
chose silicon nitride due to its very good insulating qualities. We could use only 500 nm of the
layer, whereas silicon dioxide or polymer coatings would have to be thicker to avoid pin-hole electric
breakdowns.
We aimed to grow CNTs with sub-100 nm diameters, and thus first EBL was used to open the
apertures in the silicon nitride. Experiments were made with varied aperture sizes of 40, 80, 120,
160, 180, 200, and 300 nm and two nickel nominal thicknesses of 5 and 17 nm. The best yield
was obtained for widest apertures and thicker catalyst coating (Fig. 3.5). Interestingly, diameters
of CNTs grown from Ø300 nm apertures were in the Ø100 nm range, as desired for intracellular
measurements. Since 300 nm was within resolution of a DUV stepper, we made further tests to
see if it can be used for definition of the CNTs. Again, CNTs with ca. 100 nm in diameter were
grown from 300 nm apertures (Fig. 3.7).
Figure 3.6 shows SEM of the grown CNTs, where single fibres were present. These were not
investigated with TEM, and thus could be either bundled numerous MWNTs, single MWNTs, or
CNFs. A single nickel catalyst particle can be seen at Figure 3.6A, and thus bundled MWNTs
are not likely (multiple catalyst particles would be seen for each CNT from the bundle). Because
processing conditions were the same as in the non-patterned CNT forest growth, most likely the
structure of those CNTs is similar to CNT No. 1 from Figure 3.1.

Figure 3.4:

Schematic cross-section of the
CNT-MEA device.

Figure 3.3: Top view of the electrode array of
CNT-MEA device. Courtesy of Sigurd Truelsen.

The fact that DUV lithography can be used to define sub-100 nm CNTs is very promising in
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Figure 3.5:

Yield of single vertical CNTs for varied EBL-defined aperture size and catalyst nominal
thickness. Based on Table 4.2.1 from [115].

terms of cost-effective fabrication of MEAs with single addressable CNTs for intracellular measurements. These CNT-MEAs are especially promising and when compared to the gold-coated
nanowire MEAs they offer electrodes where only the vertical fiber is electrically conductive, and
the flat surface is insulated. That should allow intracellular measurements not affected by the
background extracellular signals. Also, the CNTs should provide lower impedance as they are conductive across its whole cross-section, whereas the gold-coated nanowires were highly conductive
only through the coating. Unfortunately cell experiments, electrophysiological measurements and
FIBSEM study could not be done with these devices within the time frame of my PhD study,
as they were for nanograss MEAs. Nevertheless, the research is currently underway and the first
results are expected before the end of 2013.

Figure 3.6: Single vertical CNT grown from
EBL-defined 300 nm apertures, with 17 nm of
nickel. Courtesy of Sigurd Truelsen.

Figure 3.7:

Single vertical CNT grown from
DUV-defined 300 nm apertures. Courtesy of
Sigurd Truelsen.
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3.4

CNT growth on nanostructured substrates

Aside from cellular growth, substrates with vertically grown CNTs have a multitude of other applications: solar cells, electrochemical sensors, field-emission guns, to mention only a few. Section 3.2
discussed CNT growth from non-patterned catalyst films, which is the simplest, most cost effective
method. Yet, it produces CNT forests with wide distribution of diameters and notable presence
of thick CNTs with diameters several times larger than the average value. A novel, simple and
maskless method was devised during the PhD project [1] to produce CNT forests with narrowed
diameter and density distributions. It utilizes black silicon nanograss (as discussed in the previous
chapter) to form a template for CNT growth. Black silicon nanograss (e.g. fabricated with recipes
15-17, 16-05, 16-05A, or 16-05B, (Fig. 3.8A) coated conformally with titanium tungsten (Fig.
3.8B). TiW thickness is matched so it covers silicon nanowires as much as possible without neighboring wires touching each other, so very narrow gaps (few nm) are present between coated spikes.
Next, the substrate is e-beam coated (non-conformal, vertical deposition) with nickel. Nickel forms
isolated islands on top of the TiW-coated nanowires, and minimum amount is deposited in-between
the nanowires. If the nanowire size is uniform, the resulting top areas of TiW-coated nanowires
are uniform as well, as is the nickel amount on each spike. When the substrate is annealed during
PECVD CNT growth, all the nickel on each nanograss spike forms one agglomerated particle with
narrow size distribution, as the neighboring particles are prevented from merging. Thus a single
CNT grows from a single nanowire, and the nanograss becomes a template for the CNT forest
(Fig. 3.8C, D). Reliable and repeatable control of nanograss density assures CNT forest density
control and catalyst thickness control assures resulting CNT diameters. Experiments confirmed
the hypothesis, and CNT forests with narrow diameter distributions were fabricated (Fig. 3.9).

Figure 3.8:

The concept of growing a CNT
forest on a conformally coated silicon nanograss:
a) Silicon nanograss protrusions, b) TiW coated
nanograss, c) CNTs grown on the coated
nanograss from annealed 8 nm Ni thin film on
top of the TiW, d) close up of the CNTs grown
on the protrusions. Most of the CNTs grow
from single peaks of coated nanograss (1), while
minority grows from merged protrusions (2) or
from in-between the protrusions (3).

Figure 3.9:

Histogram of CNT diameters grown on flat substrate (control) and on
nanograss 16-05. Much narrower distribution of
latter.
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3.5

Summary and conclusions

This chapter presented experimental results on fabrication of vertically aligned CNT forests. High
temperature DC plasma PECVD with C2 H2 :NH3 :N2 chemistry was used to successfully fabricate
CNT forests from Ni catalyst films: non-patterned, EBL and DUV patterned and integrated into
MEA devices, and patterned with a novel black silicon maskless template method. Experimental results on electrochemical testing and cell experiments with chosen CNT substrates will be
presented in the next two chapters.
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Chapter 4

Cyclic voltammetry of CNTs on
TiW
This chapter discusses the applicability of titanium tungsten (TiW) coatings as components of
electrochemical biosensing systems and substrates for CNT electrodes. TiW coatings are used as
diffusion barrier for plasma-enhanced chemical vapor deposition (PECVD) of aligned CNT forests
grown from nickel catalyst. A hypothesis that anodic oxidation of TiW layers can be used for
self-insulation of the CNT electrode systems is tested. It is done through cyclic voltammetry in
PBS and PBS-buffered potassium hexacyano-ferrate (II/III) combined with EDX analysis of the
resulting surface material. We conclude that CNTs on TiW can function as stable nanostructured
electrodes in the potential range -0.4 to +0.8 V vs. Ag/AgCl in PBS, but anodic oxidation does
not prove to be a practical approach for electrode insulation.
The study has been partially presented as a poster and in a proceedings paper [116] at TechConnect World 2011 conference in Boston, USA. A follow-up paper presenting and discussing most
of the results given in this chapter has been prepared for submission.
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4.1

Introduction

During PECVD growth of carbon nanotubes on silicon, a barrier layer can be needed to prevent
the catalyst from diffusing into the underlying substrate. It is usually realized with a thin film of
silicon dioxide, or titanium nitride if electrically conductive CNT substrates are needed. Titanium
tungsten (90% W, 10% Ti) can also be used for that purpose, and had been used at DTU for CNT
growth due to its availability as magnetron sputtering target, and as seen in the results presented
in Chapter 3, it serves well as the diffusion barrier layer. What became interesting was whether
the material is compatible biologically and electrochemically and can be left exposed, or does it
need to be covered and separated from the cell culture and electrolyte. A brief culturing test of
NIH3T3 fibroblast cells on TiW-coated nanograss (Fig. 4.2) and literature study [117] proved the
material to be biocompatible and valid for further investigation.
Electrochemical properties proved to be interesting and complex, especially after PECVD
growth of the CNTs. Titanium alloys undergo anodic oxidation [118] that forms a stable and
highly resistive oxide layer. Since the oxide is formed only at the surfaces exposed to the electrolyte and its thickness is controllable by the applied potential [119], an interesting hypothesis was
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formed: can this effect be used to self-insulate the TiW-CNT electrodes so only the CNTs would
be active? Should a sensor be designed where only the nanotubes are exposed to the electrolyte
(e.g. in CNT cell-penetrating electrodes, where only the intracellular signal should be obtained),
the underlying material must be isolated. It can be done with spin coating of polymers [120] or
deposition of silica [121]. However, since the underlying TiW could be anodically oxidized, it might
keep electric connection to the CNTs, while the exposed areas would be isolated (Fig. 4.1). It
would provide isolation without additional deposition steps and would significantly simplify the
system.
The hypothesis was tested through a series of cyclic voltammetry experiments supplemented
with EDX analysis of the electrodes. Unfortunately, the anodic oxidation proved to not be feasible
for selective insulation of CNT-based electrodes, due to chemistry changes caused by PECVD processing. Still, the TiW-CNT electrodes proved to be long-term stable, and suitable for applications
that do not require isolation of the underlying electrode substrate.

4.2

The methods

In order to verify the hypothesis, the electrode has to be anodically oxidized and the resulting
change of its electroactivity quantitatively investigated. This requires understanding of the oxidation process itself and understanding of how fabrication processing steps affect the composition of
an electrode. Last but not least, an investigation method has to be chosen.

4.2.1

Anodic oxidation of TiW

Anodic oxidation of titanium alloys have long been used to form stable dielectric films for electronics
and corrosion protection. A vast number of experiments with various conditions of the process
(electrolytes, pH levels, and applied potentials) has been used to form oxides with varied thickness
and crystallographic structure [118]. Thickness of the formed oxide is a linear function of the
applied potential, and the oxide growth rate at pure titanium is in the range of 20 Å V−1 , within
the vast range of possible process conditions [118].
Regarding the TiW alloy, Habazaki et al. [122] investigated TiW with W contents of 9%, 10.5%
and 17% in 0.1 M of sulfuric or phosphoric acid. The oxide growth rate was 21 ± 1 Å V−1 for
all samples. The alloy compositions investigated in their study were different from the 90% atom.
of W in the alloy used in our study, but no other literature reports on anodic oxidation of TiW
with higher W content were found. Zhang et al. [52] reported anodic oxidation of pure W in
0.1 M H2 SO4 , which resulted in formation of 350 nm of porous WO3 at 60 V. This corresponds
to a growth rate of 58 Å V−1 . Non-porous mass equivalent of the oxide was 220 nm [52] which
corresponds to the growth rate of 37 Å V−1 . In our case the oxide growth rate should thus be
expected between 20 and 40 Å V−1 , assuming non-porous film formation.

Figure 4.1: The concept of TiW self-insulation
through anodic oxidation.

Figure 4.2:

NIH3T3 cells cultured on TiWcoated silicon nanograss (RWBS 01)
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In the Habazaki’s study, two layer oxide was formed with an inner layer of (Ti0.785 W0.215 )O2.215
(80% of thickness) and the outer layer of TiO2 (20% of thickness). The stoichiometry of the inner
oxide indicates that the titanium and tungsten were oxidized to +4 and +6 states, respectively:
0.785Ti+4 + 0.215W+6 + 2.215O−2 → 0.785TiO2 + 0.215WO3

(4.1)

The inner oxide Ti:W proportion of 0.785:0.215 was higher than the as-deposited Ti:W proportion of 0.83:0.17 due to partial migration of Ti into the outer layer of TiO2 caused by different
migration rates of cation species [122]. With the much (x5 times) lower Ti content in our study,
it should be expected that the outer TiO2 is still formed but constitute only ca. 4% of the total
oxide.

Electrolyte and potential range
Many studies of Ti anodic oxidation report use of highly acidic (pH ∼ 1) and oxidizing electrolytes
(e.g. H2 SO4 or H3 PO4 [119; 122]) at concentrations of 0.1 - 1.0 M, and voltages reaching 100
V. This allows formation of thick oxides (ca. 200 nm), but such thick oxides and aggressive
electrolytes are not desirable for our case. Titanium tungsten used as the diffusion barrier and
for electric conduction of CNTs has usually thickness of 100 - 150 nm. Too much oxide growth
would destroy the conductivity of the TiW leads. Also, if the CNTs are attached to TiW substrate
the formed oxide should not be too thick to not undercut conduction paths at the nanotube/TiW
interfaces. For example, if CNTs with 50 nm in diameter should be used, isotropic growth of 25
nm of oxide would completely cut off conductivity, whereas mere 6 nm of oxide would decrease the
interface conductive cross-section to 38 nm in diameter, and thus decrease its area by ca. 50%.
Aggressive oxidizing electrolytes should also be avoided not to affect the CNTs and avoid their
functionalization. Considering the above, phosphate saline buffer (PBS) has been chosen for our
study as it is non-oxidizing with pH of 7.4. The biocompatibility of PBS additionally simplifies
post-oxidation cleaning of the system. If the self-insulation hypothesis is true, the oxidation could
be done directly by the end-user at the system of interest, further simplifying the procedure.
Noteworthy, Aladjem reports that addition of chlorides to non-oxidizing electrolytes slows down
the passivation [118]. This should not be an issue however, as low growth rates and thin oxide
layers are desirable.

Cyclic voltammetry
For the purpose of the study, cyclic voltammetry is a good choice both to perform the oxidation
and to quantitatively assess the results. Cyclic voltammetry is an electrochemical measurement
technique utilizing a three-electrode setup with working (WE), counter (CE), and reference (RE)
electrodes. Linear sweep of potential at CE vs RE is applied and current between WE (electrode
of interest) and CE is measured. Electrolyte, usually a buffered solution, is used to provide conductivity, while reactions occurring in the analyte are measured. Redox reactions of the analyte
(oxidation at high potential and reduction at low potential) yield current peaks which allow quantitative measurement of analyte concentration or analyte detection. Alternatively, a well-defined
concentration of redox-reversible analyte (e.g. potassium hexa-cyanoferrate (II/III)) allows the
characterization of electrode material (used as WE). Redox peak heights and peak separation provide information about the electrode’s electroactivity. The location and shape of the redox peaks
are sensitive to chemical composition of the electrode. This is particularly useful in our study as
changes to the composition are expected due to PECVD growth of CNTs, which can be detected
with the CV. Therefore, CV was done with with 50 mM PBS as electrolyte and 10mM potassium
hexa-cyanoferrate (II/III) as analyte. The CVs were acquired using a Reference 600 potentiostat
from Gamry Instruments (Warminster, PA, USA). An Ag/AgCl (3M KCl) reference electrode and
a platinum wire counter electrode were used to complete a three-electrode configuration. The
working electrode area was defined by an O-ring with 3 mm diameter. CVs were acquired at a
scan rate of 50 mV/s.
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4.2.2

Test samples

After choosing the method and parameters, the samples had to be designed and fabricated. Several
different effects and factors potentially influence behavior of the final electrode system with CNTs
grown on TiW. The samples had to represent these effects isolated from each other. Table 4.1
summarizes the sample types.
An electrode with nickel deposited on TiW-coated nanograss (MS-16-05) was used to observe
selective isolation of the TiW (sample III). The electrode’s morphology was identical to the one
discussed in Section 3.4, so only the tips of the nanograss were coated with nickel, and the sidewalls
were coated only with TiW and exposed to the electrolyte. Samples I and II were used to compare
the behavior to flat TiW and nanostructured TiW electrodes, both without nickel.
Samples A-F were designed to isolate different components of the CNT/TiW electrode. Sample
A represented non-isolated bare TiW layer, for comparison with isolated bare TiW at sample B.
Sample C was processed with standard PECVD recipe for CNT growth, but no Ni catalyst was
deposited to represent parts of the surface where no CNTs are grown at, and where amorphous
carbon deposition may play role. Sample D was processed with PECVD without catalyst, and also
without C2 H2 gas present to investigate changes induced in TiW chemistry by thermal and plasma
processing without carbon deposition. Sample E was processed with a small island (islet) of 500
µm in diameter of nickel catalyst in the center of the chip, to investigate electrochemical behavior
of an island electrode and test if self-insulation of the surrounding TiW takes place. Sample F was
processed with full coating of nickel catalyst to investigate electrochemical performance of a CNT
forest.

Fabrication
All the samples were prepared by magnetron sputtering of TiW (10%at.Ti:90%W) onto low-doped
(resistivity 1-20 Ωcm) 4” silicon wafers. Flat silicon and silicon nanograss (MS-16-05) wafers were
used. Thermal SiO2 was used for electric insulation of flat samples. E-beam evaporated Ti for
improved adhesion of TiW. Nickel was used as CNT catalyst and deposited by e-beam evaporation. All thin film deposition was done with a Wordentec QCL-800 coating system (Wordentec
Ltd., Devon, UK). PECVD growth of CNTs was performed in a 6” Aixtron Black Magic system
(AIXTRON Ltd., Cambridge, UK) (6 mTorr N2, 160 sccm NH3, 40 sccm C2H2, 100 W DC plasma,
750 ◦ C, and 15 min), with a pre-growth annealing step (600 ◦ C, 6 mTorr N2, 160 sccm NH3, 3
min).
Sample

Substrate and coating

Additional processing

I
II
III
A
B
C
D
E
F

Si/TiW
Si/NG/TiW
Si/NG/TiW/Ni
Si/Ti/TiW
Si/SiO2 /Ti/TiW
Si/SiO2 /Ti/TiW
Si/SiO2 /Ti/TiW
Si/SiO2 /Ti/TiW/CNT (islet)
Si/SiO2 /Ti/TiW/CNT (full coverage)

Flat substrate
Nanograss MS-16-05
Nanograss MS-16-05
PECVD CNT growth
PECVD CNT growth
PECVD CNT growth
PECVD CNT growth

process, no catalyst
process, no catalyst, no C2 H2
process
process

Table 4.1: Samples used for the electrochemical measurements.

4.2.3

Energy-dispersive X-ray spectroscopy (SEM-EDX)

In order to investigate elemental composition of the materials after anodic oxidation an SEM-EDX
(FEI Nova 600 NanoSEM with Oxford Inca EDX system) analysis was performed. The samples
were investigated in as-grown and after-cyclic-voltammetry states.
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4.3
4.3.1

Results and discussion
EDX results

The EDX study results clarify elemental composition of the samples, they are summarized in Figure
4.3. All samples have Ti:W content of 1:10 matching the nominal composition of the sputter target.
Silicon is detected in all the samples indicating that possibly the EDX penetration depth reaches
the underlying substrate, or that the top surface is contaminated with silicon (for example by
wafer debris from chip dicing). Oxygen is detected at as-grown samples A and C indicating either
underlying silicon dioxide or oxidation of the top surface. Interestingly, oxygen is not detected on
all as-grown samples, while silicon is. It is confusing as silicon dioxide should be detected if silicon
content is present. It can be attributed to wrong peak identification within the EDX software or,
alternatively, silicon content may be due to contamination of the top surface, and EDX penetration
depth not reaching the underlying SiO2 and Si. Nevertheless, oxygen content is increased in all
samples after the CVs, confirming anodic oxidation.
Carbon content is detected at samples C and F, which had been processed with PECVD and
acetylene. Sample C was processed without nickel catalyst, and the sample is free of CNTs. Thus
the carbon content can be attributed to amorphous carbon contamination. Sample F shows much
higher carbon content, which is attributed to the CNTs that are also visible as black coating on
the sample, and in the SEM.
Nitrogen content is present in samples C and D processed with PECVD, but without the nickel
catalyst. It is not present in sample F which was processed with PECVD and had full nickel
coverage. In sample E, which had nickel island, nitrogen is present only outsize the island, and not
where nickel was deposited. Nitrogen content in samples C and D can be attributed to nitridation
of the TiW surface, i.e. formation of titanium and tungsten nitrides. Apparently, nickel coating
prevents nitridation of TiW. The PECVD recipe consist of two main steps when nitridation may
occur: annealing and growth. During the annealing step all of the deposited nickel catalyst remains
on the TiW surface, possibly protecting it from the NH3 /N2 atmosphere. However, during the
annealing nickel agglomerates into clusters, and thus some of the TiW must be exposed. An
explanation may come with the reduction of nickel during the annealing. Nickel that had been
exposed to ambient conditions oxidizes rapidly and the annealing in the NH3 /N2 atmosphere is
reduces it back to elemental Ni. Reduction of nickel oxide may decrease the amount of NH3
molecules available for nitridation of TiW. This cannot help during the CNT growth step however,
as most of the nickel is already reduced and is lifted up by the growing nanotubes. A dense forest
of CNTs is then formed which limits diffusion of radicals into the surface, which could explain lack
of nitridation of Ni-coated surfaces.

4.3.2

Cyclic voltammetry results

Selective passivation of nickel-TiW-nanograss
Figure 4.4 presents two first CVs (in pure buffer) of sample I, which was 50 nm of TiW on silicon
substrate. As the electrolyte is pure buffer, the peak of the first CV is attributed to anodic
oxidation of the material. Indeed, the second CV is already flattened and the electrode is inactive.
Integration of the first curve gives charge of 9581 µC, and from Faraday’s law of electrolysis this
corresponds to the oxide mass of:
QM
= 2.91µg
F z
where F = 9.65 104 C/mol is the Faraday’s constant, M is the alloy’s molar weight:
m=

MT iW = 0.1MT i · 0.9MW = 170.39g/mol,

(4.2)

(4.3)

and z is the alloy’s weighted average valence number:
zT iw = 0.1zT i + 0.9zW = 5.8.

(4.4)

With the circular area of 3 mm and TiW density of 14.1 kg/m3 , the mass corresponds to 4.4 nm
of TiW converted to oxide. Weighted (0.1:0.9) average density of TiO2 and WO3 is 6.87 kg/m3 ,
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Figure 4.3: EDX analysis results.

which results in estimated oxide thickness of 9.0 nm. As the maximum potential was 0.8 V, this
corresponds to oxide growth rate of 113 Å V−1 . This is ca. three times higher from the expected
growth rate, which can be attributed to non-linearities of the growth function at low potentials or
inaccuracy of the charge integration. Still, the estimation shows that the formed oxide is in the
range of several nanometers, as desired for the sensor design, and that such thickness is sufficient
to insulate it.
Figure 4.4 presents the comparison of anodic oxidation on flat (sample I) and nanograss (sample
II) substrates. The peak ratio is 1:76 for flat at MS-16-05 nanograss. Clearly, the larger peaks on
nanograss can be attributed to larger surface area of TiW exposed to the electrolyte.
Figure 4.5 shows two first CVs of sample III in buffered 10mM potassium hexa-cyanoferrate
(II/III). The first CV presents mixed electrochemistry of Ni and TiW. Nickel is present only on
horizontal surfaces (as it is deposited with e-beam evaporation), while vertical walls of coated
nanograss remain TiW. The first large peak is thus combined anodic oxidation of TiW and redox
of the hexa-cyanoferrate. The second CV presents predominantly redox of hexa-cyanoferrate, while
TiW is already mostly oxidized and isolated. This partially confirms the hypothesis, as TiW got
self-insulated, while nickel remained electroactive. Now, the question was if that result could be
recreated with the CNTs instead of nickel and thus fully confirm the hypothesis presented in the
beginning of the chapter.
Anodic oxidation in buffer
First CVs of samples A to D in pure buffer (Fig. 4.7) present strong anodic oxidation. Most of
the oxidation takes place during the first two cycles, which show relatively large peaks (Fig. 4.6).
The following CVs have no peaks and they change very slightly with each cycle within most of the
potential range, showing only a small rise at the highest potentials.
Samples A and B show curves with slightly shifted peaks of 0.28 V and 0.34 V, respectively.
Oxidation of sample A starts at ca. 0.13 V, while oxidation of sample B starts earlier at ca. 0.0
V. The samples differ with the silica underlayer present only on the latter. This forces all of the
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Figure 4.4: Passivation of titanium tungsten:

Figure 4.5: Cyclic voltammetry of black sili-

flat (green) vs. nanograss (red). Oxidation
peaks are 781µA and 5421µA respectively. The
lower red and green curves are the second cycles,
after passivation. Scan rate 50mV/s.

con nanograss covered with TiW and Ni. Initial large peak accounts for combined electrochemistry of TiW anodic oxidation and ferriferrocyanide oxidation. The second, lower curve
accounts for ferri-ferrocyanide redox on remaining nickel. Scan rate 50mV/s.

electric current to pass through the TiW layer. On the contrary, in sample A having no underlying
insulation part of the current passes through the bulk silicon. Thus current densities are lower in
the TiW layer of sample A and a higher potential need to be applied to form the oxide.
Sample C shows oxidation activity at a potential of 0.71 V, much higher than for samples A
and B which had not been processed with PECVD. This may be due to nitridation of titanium
tungsten and resulting change of electroactivity, or due to deposition of amorphous carbon forming
a protective layer. As discussed, EDX show both nitrogen and carbon present at that sample. For
clarification, a look at sample D has to be done, which was processed without acetylene, and no
carbon content is given by EDX. It shows an initial peak tracing the curve of sample B and a
following very high oxidation peak at 0.45 V, while above potential of 0.66 V the curve drops to
levels similar to those for sample C. A higher oxidation peak of the nitrided TiW indicates either
lowered resistivity of the material, or higher reactivity of the material and thicker oxide formation.
Deposition of amorphous carbon at the sample C protects the nitrided TiW until potential of 0.3
V, where the CV curve rises, and and can be explained with a potential drop through the carbon
layer.

Figure 4.6: Anodic oxidation of sample C, CVs
from 1st (highest peak) to 25th (lowest curve).

Figure 4.7: Cyclic voltammetry of samples A
to D in pure buffer, first CV.
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Cyclic voltammetry of CNT electrodes
The next step was to test CNT substrates in buffered potassium hexa-cyanoferrate (II/III). Figure
4.8 shows the comparison of CVs for three materials: TiW without CNTs (sample C), TiW with
an island of CNTs (sample E) and TiW fully covered with a forest of CNTs (sample F). The graph
shows the first and 25th CV for each of the samples.
Sample C with carbon-coated, nitrided TiW (TiW-N-C) show good electroactivity at first CV
cycle with redox peaks of ca. 170 µA. After 25 CVs the peaks drop to ca. 150 µA. If the electrode
would be fully isolated through anodic oxidation, no peaks should be present after a sufficient
number of CVs. Apparently after 25 CVs the sample is still electroactive, yet the decrease can
be attributed to anodic oxidation and partial material isolation. Compared with the first and
25th CV of the sample E having an island of CNTs surrounded by TiW-N-C material (Fig. 4.8),
it becomes clear that the electroactivity of TiW-N-C dominates the electrode behavior with the
island of CNTs having little influence. This in fact prevents selective isolation of the material
surrounding the island, and renders false the original hypothesis raised at the beginning of the
chapter.
The sample F fully coated with CNTs show higher redox peaks (Fig. 4.8) than the TiW-N-C
material, which do not decrease after 25 CVs. The slight increase of the peaks can be attributed
to cleaning of the electrode. Even though the CNT forest covers the entire electrode area, it
is relatively sparse, and the underlying TiW should be exposed to the electrolyte. The lack of
peak height decrease has to be attributed to dominance of CNT electroactivity over the TiW
electroactivity. Oxidation of the exposed TiW might be prevented by shielding provided by the
CNTs: a potential drop along the nanotubes would effectively decrease potential a the TiW surface.
Indeed, when subjected to cyclic voltammetry with increased potential window of -0.4 to 1.6 V,
the CNT electrode deteriorates and becomes inactive after 50 cycles (Fig. 4.9). In that case the
underlying TiW is expected to oxidize, also underneath the CNTs, cutting off electric connection.

Figure 4.8: Cyclic voltammetry of samples
with TiW-N-C (C), CNT islet (E) and CNT forest (F).

Figure 4.9: Cyclic voltammetry of sample F at
increased potential window.
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4.4

Conclusion

This chapter presented investigation TiW substrates for CNT electrodes and on the hypothesis
saying that anodically oxidized TiW substrates can be used as self-insulated electric leads for CNT
electrodes.
Substrates with forests of CNTs grown on titanium tungsten provide stable electrodes within
potential range of -0.4V to +0.8V. Even if TiW is exposed to the electrolyte, it does not affect
performance. While TiW is prone to anodic oxidation, it is shielded by the CNT forest if the forest
constitutes the whole electrode area. As the material is biocompatible, such electrodes may be
used for biosensing applications without coating of the underlying TiW.
If small islands of CNTs or single CNTs should be used as electrodes, the underlying titanium
tungsten has to be coated with a non-conductive material. The reason is that during PECVD
of CNTs, amorphous carbon deposits on TiW where no catalyst is present. TiW coated with
amorphous carbon dominates the electrode behavior and any possible signals from the CNT(s).
Due to carbonaceous coating, anodic oxidation of TiW is slow and insufficient to selective isolate
it, as it was proposed in the beginning of the chapter. Extended CV cycling or increased potential
window results in electrode degradation, and the CNT island or single standing CNT is also
electrically isolated in such case. This result prompted the idea of using silicon nitride isolation
over TiW and vias for single CNT growth, as presented and discussed in the previous chapter.
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Chapter 5

Electrochemical impedance
spectroscopy of microelectrode
arrays
This chapter describes experimental methods and discusses the results of electrochemical testing
of gold-coated MEA-integrated silicon nanowires designed for intracellular measurements. The
samples were investigated with electrochemical impedance spectroscopy (EIS) to test their stability
and applicability for cell measurements. Potential recording tests with primary culture rat dorsal
root ganglion (DRG) neurons were made. The chapter introduces the basic theory on impedance
and EIS needed for the context of the discussion, the experimental methods are presented and the
results are discussed.
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5.1

Theory

EIS is a valid method for electrode characterization and validating its use for potential recordings.
For a proper context of the discussion of MEA characterization results, a brief definition and
description of electric impedance, equivalent circuit system modeling, and EIS experimental details
are made in the following sections.

5.1.1

Electrical impedance

The impedance measurement method is valid for the characterization of MEAs as it answers the
basic questions: is the measurement system (cells, electrodes, metal leads, insulation, amplifiers)
capable of reliably recording a potential spike generated by an adherent neuronal cell? Will the
spike signal go through and be distinct, or will it be buried in noise? This is a question of the
system’s electrical/electrochemical impedance, which is a measure of the system’s response to an
alternating electric current.
Electrical impedance Z of a system is a generalized concept of electric resistance. While resistance describes the system’s response to a constant (DC) electric force, impedance describes its
response to an alternating (AC) electric force. A ratio of electric voltage V to resulting electric
current I can be thus described as an analogue of the Ohm’s law:
V =Z ·I

(5.1)

where the impedance Z is a complex quantity defined by magnitude |Z| and phase θ:
Z = |Z| · ejθ

(5.2)

The physical difference between DC resistance and AC impedance is that, in addition to resistance, the latter encompasses the effects of charging, induction and dissipation phenomena occurring in transients and voltage alternating circuits. These phenomena can be modeled as idealized
resistance ZR , capacitance ZC , inductance ZR , and constant phase ZCP E elements, respectively:
ZR = R

(5.3)

1
jωC

(5.4)

ZL = jωL

(5.5)

ZC =

ZCP E =

1
(jω)α C

(5.6)

where ω is the frequency of a signal. According to the above Equations, the resistive component
is not dependent on the frequency, while the other ones are. At DC condition with ω = 0, the
capacitive component tends to infinity constituting an open circuit, while the inductive component
tends to zero constituting a short circuit. At high frequency limit the capacitive component tends
to zero, while the inductive component tends to infinity. The constant phase element (CPE) is a
generalized capacitor/resistor which represents objects with a phase anywhere between 0 ◦ (perfect
resistor) and 90 ◦ perfect capacitor).

5.1.2

Spectroscopy

While impedance measurement at fixed frequency can tell us if the electrodes are suitable for
potential recordings (see: Section 5.1.3), more insight into the system’s properties can be gained
with spectroscopic measurement over a range of frequencies. As component impedances vary
with frequency, they can be identified and quantified by comparison of experimental spectra and
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equivalent circuit model spectra, providing a look at the condition of the electrode, solution, leads
and insulation.
The electrochemical AC circuit can be modeled with impedance components in an analogous
way as DC circuit models. A net impedance of components connected in a series is a sum of
components’ impedances, while net impedance of components connected in parallel is inversely
equal to the sum of inverted components’ impedances.
In the electrochemical circuit, several physical phenomena can be modeled. Solution resistance
Rs models voltage drop along the electrolyte body and is a function of ionic concentration, type
of ions, temperature and geometry of the current path. Double layer capacitance Cdl models
charging effects (non-faradaic currents) at the solution-electrode interface, where a double layer of
adherent ions is formed. It depends on many factors: ionic concentrations, temperature, electrode
area, electrode surface roughness or oxides present on the electrode. Charge transfer resistance
models redox reactions (faradaic currents) taking place at the electrodes and depends on the
reaction’s kinetics, i.e. chemistry (the number of electrons involved) and temperature. Warburg
impedance models effects where the driving force of diffusion opposes the electrical force. The
higher the frequency, the less time ions have to diffuse, and thus the Warburg impedance decreases
with increased frequency. The Warburg impedance element is a special case of CPE where both
imaginary and real components are equal and thus the phase is constant at 45◦ .
Randles Cell [123] is a commonly used impedance model encompassing charge transfer, Warburg, double layer and solution resistance impedances (Fig. 5.1). It is a series-parallel circuit, and
the governing equation is:
Ztotal = Rs +

1
Z(Cdl )

1
,
1
+ Zw +R
ct

(5.7)

when given the Equations 5.3, 5.4, 5.5 and 5.6, it becomes:
Ztotal = Rs +

1
jωCdl +

1
1
Rct + jω0.5C

(5.8)

W

Two sets of systems with varied charge transfer resistance and varied double-layer capacitance
have been modeled to support the discussion. The first model incorporates low charge transfer
resistance and its Nyquist plot exhibits a characteristic semi-circle and Warburg tail (Fig. 5.2).
The semicircle is a typical parallel RC circuit spectra. The geometry of the semicircle provides
quantitative information on all the systems’ solution resistance Rs , charge transfer resistance Rct ,
double layer capacitance Cdl and Warburg impedance (Fig. 5.2). However, if the charge transfer
resistance Rct is too high (e.g. no active species are present in the solution), it will effectively open
circuit its branch and the system will become a series RC (Rs , Cdl ) circuit. No semicircle will
be present in a Nyquist plot of such system, as shown in the second model (Fig. 5.3). In such a
situation, Bode plots provide the necessary information.
The influence of charge transfer resistance on Bode plots is presented in Figures 5.4 and 5.5.
The low frequency domain is dominated by charge transfer resistance and Warburg impedance
and manifests itself as a constant magnitude region where the phase is constant at 0◦ . The
mid-frequency domain is dominated by capacitive behavior, where magnitude is negatively sloped
against the frequency, and the phase reaches -90◦ . Importantly, the higher the Rct , the more
the central frequency domain becomes dominated with capacitive behavior (Figs. 5.4 and 5.5).

Figure 5.1: Randles cell equivalent circuit.
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Figure 5.3: Nyquist plot of Randles cell circuit
Figure 5.2: Nyquist plot of Randles cell circuit.

with highly capacitive behavior.

Finally, in the very high frequency domain the Cdl short-circuits and the impedance drop to
solution resistance only, with 0◦ phase.
Because MEAs for potential recordings are investigated with 10 mM PBS solution lacking active
species, the model with very high charge transfer resistance becomes the most important for the
discussion. With very high Rct Bode, plots are the main source of information. EIS spectra is the
net result of solution resistance and double layer capacitance competition:
Ztotal = Rs +

1
1
= Rs − j
.
jωCdl
ωCdl

(5.9)

Figures 5.6 and 5.7 present modeled influence of double-layer capacitance on Bode plots. The
higher the Cdl values, the earlier it is short-circuited at high frequencies, and thus the earlier the
magnitude curve flattens. Conversely, the lower the Cdl value, the later the flattening occurs. The
magnitude plot for very low double-layer capacitances is a negatively sloped straight line across
whole spectra, while the phase fluctuates around 90◦ .
As an experimental example, the recent report by Gerwig et al. [124] on MEA electrodes coated
with gold, titanium nitride, CNTs and PEDOT-coated CNTs shows a comparison of EIS on these
materials. Flat gold electrodes exhibit purely capacitive behavior indicating low Cdl , while TiN,
CNTs, and PEDOT-CNTs show increasing values of Cdl , respectively (Figure 4A in [124]). It
can be explained with increased surface area of the latter electrodes. This gives the right context
and comparison for the MEAs of interest fabricated as presented in section 2.5. They are flat
gold electrodes with occasional protruding nanowires, and surface area identical to the MEAs used
by Gerwig et al., thus spectra of a dominantly capacitive, high charge transfer resistance system
should be expected.

Figure 5.4: Magnitude Bode plot of a Randles cell.
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Figure 5.5: Phase Bode plot of a Randles cell.

Figure 5.6: Magnitude Bode plot of a Randles cell with purely capacitive behavior.

Figure 5.7: Phase Bode plot of a Randles cell with purely capacitive behavior.
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5.1.3

Maximum impedance of the system

Having defined the impedance, we now need to estimate its desired value range. Two important
factors are considered: bandwidth and the signal-to-noise ratio (SNR). The first one will tell us if
the signal would go through the measurement channel and not be damped out, and the other one
if the signal would be distinguishable from the surrounding noise.
Spike duration of a typical action potential spike is few µs, which corresponds to a couple
hundred Hz. Nyquist sampling theorem tells us that a signal, to be properly measured, needs to
be sampled with a frequency at least twice as high as the the signal’s. A bandwidth of 1 kHz is
thus a common requirement for successful potential spike recording.
Action potentials vspike have amplitudes of tens of mV within the soma. However, due to
cell-to-electrode distance and signal loss, the measured signals are in ranges of several to tens of
µV [125]. In order to reliably distinguish action potential spikes from the surrounding noise vnoise ,
the signal-to-noise (SN R) ratio should be kept sufficient:
SN R =

2
vspike
> SN Rmin
2
vnoise

(5.10)

Signal processing algorithms to identify spikes in signals with SN R as low as 1.2 (0.8 dB) are
available [126], yet without signal processing the SN R should be at least 2 or more (6 dB).
The main source of noise in a conductor is thermal. The voltage of a thermal noise (JohnsonNyquist) in a measurement channel is:
vnoise =

p

4kB T ∆f Ztotal

(5.11)

where kB = 1.380 · 10−23 is the Botzmann constant, T = 310.15 K is cell culture temperature, ∆f is the measurement bandwidth, and Ztotal is the impedance of a measurement channel.
Given the SN R should be larger than a minimal value SN Rmin (Eq. 5.1.3), the impedance of a
measurement channel should be below the maximum:
Z < Zmax =

2
vspike
.
SN Rmin 4kB T ∆f

(5.12)

Since the maximum impedance for SN Rmin = 2 (6 dB) and ∆f = 10 kHz, then:
Zmax (6dB, 1kHz) =

2
vspike
.
3.42 · 10−16

(5.13)

For spikes vspike = 10 µV it is:
Zmax (6dB, 1kHz, 10µV ) = 2.92M Ω,

(5.14)

which gives us a rough estimation of the maximum channel impedance. The estimation is rough
due to uncertain SN R value: the potential spikes vary in height, and the total noise has other than
thermal contributions, such as amplifier noise, and wire capacitive coupling. These are minimized
in integrated MEA amplifying systems [106] though, where channel amplifiers are placed very close
(a couple of cm) to the chip and the measurement slot is arranged in a Faraday’s semi-cage (a
cage with bottom and top openings for microscopic observation). In practice, it is assumed that
electrodes with impedances lower than 1MΩ at 1 kHz are suitable for measurements.

5.2

Experimental characterization of MEAs

MEA chips with gold-coated integrated silicon nanograss (Fig. 2.29) were fabricated as discussed in
section 2.5. Table 5.1 presents the summary of the investigated chips. Liquid chambers (cylindrical
glass rings with Ø30 mm outer diameter, 1 mm wall thickness and 10 mm height) were glued to
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each of the chips with E43 silicone glue, cured for 2 12 hr at 60 ◦ C with water vapor present, and
slowly cooled down.
Sample

Topography

Recipe

Adhesion layer

Electrode material

Top insulation

29-FLAT
31-FLAT
OLD-15L
5L
6L
7L
8L
9L
10L
15L
16L
17L
18L
19L
20L
21L
22L
23L
24L
15801

Flat
Flat
Nanograss
Nanograss
Nanograss
Nanograss
Nanograss
Nanograss
Nanograss
Nanograss
Nanograss
Nanograss
Nanograss
Nanograss
Nanograss
Nanograss
Nanograss
Nanograss
Nanograss
Flat

N/A
N/A
RW-23-7
RW-23-7E
RW-23-7E
RW-23-7E
RW-23-7A
RW-23-7B
RW-23-7C
RW-23-7D
RW-23-7D
RW-23-7E
RW-23-7F
RW-23-7D
RW-23-7D
RW-23-7D
RW-23-7D
RW-23-7D
RW-23-7D
N/A

TiW
TiW
TiW
TiW
TiW
TiW
TiW
TiW
TiW
TiW
TiW
TiW
TiW
TiW
TiW
TiW
TiW
TiW
TiW
TiN

Au (50
Au (50
Au (50
Au (50
Au (50
Au (50
Au (50
Au (50
Au (50
Au (50
Au (50
Au (50
Au (50
Au (50
Au (50
Au (50
Au (50
Au (50
Au (50
TiN

SU-8 (2
SU-8 (2
SU-8 (2
SU-8 (2
SU-8 (2
SU-8 (2
SU-8 (2
SU-8 (2
SU-8 (2
SU-8 (2
SU-8 (2
SU-8 (2
SU-8 (2
SU-8 (2
SU-8 (2
SU-8 (2
SU-8 (2
SU-8 (2
SU-8 (2
SixNy

(18
(18
(18
(18
(18
(18
(18
(18
(18
(18
(18
(18
(18
(18
(18
(18
(18
(18
(18

nm)
nm)
nm)
nm)
nm)
nm)
nm)
nm)
nm)
nm)
nm)
nm)
nm)
nm)
nm)
nm)
nm)
nm)
nm)

nm)
nm)
nm)
nm)
nm)
nm)
nm)
nm)
nm)
nm)
nm)
nm)
nm)
nm)
nm)
nm)
nm)
nm)
nm)

µm)
µm)
µm)
µm)
µm)
µm)
µm)
µm)
µm)
µm)
µm)
µm)
µm)
µm)
µm)
µm)
µm)
µm)
µm)

Table 5.1: Samples characterized by electrochemical measurements.

5.2.1

Impedance measurement at 1 kHz

MCS MEA-IT is a system allowing fast characterization of a full MEA chip. All channels are
measured within a few seconds and value of impedance at 1 kHz is given for each channel [106].
All the chips were measured with MEA-IT before gluing of the glass rings (with temporarily
attached silicone rings) and after gluing of the glass rings. This was done to ensure that the glue
and solvent vapors did not foul the electrode areas, as it could be observed in other experiments
[127]. 10 mM PBS was used as the electrolyte, and an external platinum wire as the counter
electrode.
The next question to be answered was if the channels were properly insulated: at the bottom
from the bulk of a chip, between each other, and at the top from the solution. The interpretation
of the impedance results was made easier when compared to obviously short-circuited channels.
Chips 6L and 7L had several channels interconnected, the interconnections were due to lithography
errors and were visible with a naked eye. Impedance of the connected channels was roughly 13 of the
mean impedance of other channels for three interconnected channels, and 21 for two interconnected
channels, clearly differentiating short-circuited channels from others. Impedance of the channels
with small electrode area was roughly two orders of magnitude higher than the impedance of the
large reference electrode (No. 15). These facts allowed the interpretation that, indeed, only the
defined small electrode areas were contributing to the impedance measurements and were well
insulated from each other, and the leads were insulated from the solution.
In most of the chips, some channels had very high impedance either because of a bad connection of a measurement pin to a contact pad, due to electric lead malfunction or electrode area
fouling. Those more than 30% away from the mean impedance value were marked as outliers and
excluded from statistics. Figures 5.8, 5.9, and 5.10 summarize impedance, phase and outlier results, respectively. A minute increase of impedance after gluing was observed, but as it was within
the standard deviation, it was not considered significant. All the measured chips had impedance
within the range suitable for potential recordings (below 300 kΩ).
In all samples, the phase was around 90◦ (Fig. 5.9) indicating a purely capacitive character of
the impedance. The question which needs to be answered here is whether that behavior was due
double layer charging, of if possibly the electrode areas were fouled (e.g. covered with a very thin
layer of underdeveloped SU-8).
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Figure 5.8: Impedances at 1 kHz for each MEA chip, before and after gluing. Main bars represent
mean values and error bars represent standard deviations, both calculated for all valid channels (excluding
outliers).

Figure 5.9: Phases at 1 kHz for each MEA chip, before and after gluing. Main bars represent mean values
and error bars represent standard deviations, both calculated for all valid channels (excluding outliers).

Figure 5.10: Outliers for all the samples, before and after gluing. Outliers were chosen when impedance
was away 30% or more from the mean value. Chip L19 was broken with many missing electrode connections,
resulting with very high number of outliers.
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5.2.2

Electrochemical impedance spectroscopy

EIS was thus run on selected chips to take a closer look at their characteristics. It was done with
an 8-channel potentiostat on samples 23L, FLAT29, FLAT31, and TiN15801 (NMI-produced TiN
sample used as a reference). Scanning was done in lines, each row of the electrode array was
scanned at once. Each of the samples was scanned from 100 kHz down to 1 Hz with 10 mV AC,
in 10 mM PBS with freshly annealed platinum mesh counter electrode and no reference electrode.
For clarity of the discussion, only the results on samples 23L (nanograss), FLAT29 (flat gold),
and TiN15801 (titanium nitride) are presented here. Three charts are shown for each sample: two
Bode plots of amplitude and phase and an overview of channel impedances at 1 kHz and 1 Hz.
Figures 5.11, 5.12 and 5.13 present the comparison of each channel impedances at 1 kHz and 1
Hz. Low variability and no outliers can be seen for samples 23L and FLAT29L, and two outliers
for TiN15801. Notably, the ’reference’ electrode No 15 shows three orders of magnitude lower
impedance at all samples, clearly due to higher electrode surface area.
Samples 23L and FLAT29 show straight tilted line amplitude spectrum (Figs. 5.16 and 5.14)
and a flat horizontal phase spectrum at 90◦ (Figs. 5.17 and 5.15), both indicating the capacitive
regime all over the frequency range. Instabilities of the phase diagram for samples FLAT29 and 23L
at frequencies of ca. 10 kHz are measurement artefacts, and are not properties of the measured
samples. The TiN15801 shows bent magnitude spectra (Fig. 5.18) with a horizontal line (Rs
regime) for high frequencies and tilted straight line (Cdl) for lower frequencies, indicating high
double-layer capacitance. The phase spectrum matches the amplitude spectrum (Fig. 5.19), it is
at ca. 20◦ for high frequencies (resistive regime) and at ca. 70◦ -80◦ for lower frequencies (capacitive
regime). On the other hand, the nanograss and flat gold samples show a purely capacitive behavior
(straight tilted magnitude curve, and 90◦ phase).

Figure 5.11: Impedances for all channels at 1 kHz and 1 Hz for sample 23L.

Figure 5.12: Impedances for all channels at 1 kHz and 1 Hz for sample FLAT29.
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Figure 5.13: Impedances for all channels at 1 kHz and 1 Hz for sample TiN15801.

Figure 5.14: EIS of FLAT29, magnitude.

Figure 5.15: EIS of FLAT29, phase.
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Figure 5.16: EIS of 23L, magnitude.

Figure 5.17: EIS of 23L, phase.

Figure 5.18: EIS of TiN15801, magnitude.

Figure 5.19: EIS of TiN15801, phase.
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Electrode fouling verification
The approach to verify if the purely capacitive behavior of the investigated MEAs was due their
fouling is to compare an estimated impedance such fouling would create with the experimental
results. The fouling-induced impedance |Z|f ouling would be connected in series with the double
layer impedance, and so if |Z|f ouling would be much higher than the experimental measurements,
the fouling had to be ruled out. Alternatively, if it was within an order of magnitude, or lower
than the measured impedance, it could not be ruled out.
Any additional fouling residing on top of the electrode can be modeled as an additional capacitor
connected in series to the double layer capacitance:
Cf ouling =

ε0 εA
d

(5.15)

where ε0 is 8.85 10−12 F/m, ε is relative permittivity of the fouling material, A is the area
and d is fouling thickness. For one nanometer thick fouling with relative permittivity of 3 (typical
for polymers), over a circular electrode 30 µm in diameter, the capacitance would be ca. 19 pF.
An impedance corresponding to such capacitances can be estimated with Equation 5.1.2. As the
phase is ∼90◦ , the magnitude of impedance |Z| is equal to the imaginary component - ωC1dl , and
solution resistance Rs is negligible. Therefore:
|Z|f ouling =

1
ωCdl

|Z|f ouling (1kHz, 19pF ) = 53M Ω.

(5.16)
(5.17)

This estimation is made for one nanometer fouling, any thicker layer would yield higher
|Z|f ouling . Because measured impedance is |Z|(1 kHz) = 280 kΩ, it becomes clear that no fouling
could be present on the MEAs and the electrode capacitive behavior can only be explained with
the double layer charging.
Long-term stability
Another question that should be answered with impedance measurement at a fixed disturbance
frequency was long-term stability of the electrodes. In DRG cell culture and potential recording
experiments, the MEAs are submerged for several days (or weeks in the case of different cells
lines) in the culturing medium. Because the nanograss coating is a TiW/Au sandwich, the risk of
galvanic corrosion exists [128]. If any of the TiW layer would be exposed to the solution through
pit holes in gold, a galvanic cell would be formed and TiW would be corroded away as the less
noble material. With dissolved TiW, gold coating would lose adhesion to the substrate and would
delaminate from the electrode area.
Therefore, three chips were filled with cell culturing media and placed in an oven at 37 ◦ C.
Impedance was measured at all three chips with MEA-IT after 0, 6, 12, 24, 48, and 120 hours.
Each measurement was repeated five times and mean value and standard deviation were derived.
No long term degradation was observed, showing that the chips were stable and electrodes were
unchanged during potential recordings (Fig. 5.20). A slight decrease in impedance can be seen,
which can be attributed to electrode electrochemical cleaning.

5.3

Potential measurements of DRG neurons on MEAs

In order to evaluate the performance of MEAs enhanced with black silicon nanowires, we needed
an application that is currently investigated by neuroscientists. We decided to use the MEAs to
record the activity of nociceptors acquired from rat dorsal root ganglion (DRG) triggered by the
application of an external BK agonist.
Nociceptors are sensory neurons responding to damaging stimuli such as mechanical injury, heat
or inflammation and are thus responsible for detection and perception of pain. Understanding of
pain mechanisms and role of e.g. specific ion channels in sensitization is usually achieved with
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Figure 5.20: Long-term stability test for three samples. Cell culturing medium was placed in the glass
wells and chips were placed in an oven at 37 ◦ C. At time intervals, the chips were removed from the oven,
cooled down, and impedance was measured with MEA-IT. No degradation can be observed.

electrophysiological recordings of neurons with modified genes responsible for the expression of
a channel of interest and comparing them to unmodified control [129]. Pain stimuli during the
measurement are triggered mechanically [130] or with an agonist. An agonist is a chemical binding
to a specific receptor and triggering a response of the cell. It can be endogenous, i.e. naturally
produced by the body, such as hormones or neurotransmitters, or exogenous, such as drugs. For
the study of nociceptors, a bradykinin (BK) agonist is often used [129]. Bradykinin (BK) is a
peptide binding to B1 and B2 receptors, the former being expressed after injury, and the latter
responsible for vascular contraction reaction. Therefore, the application of BK into a nociceptor
culture emulates an injury and triggers response of the cells. When this happens, a study of injury
pain mechanisms can be performed.
In our study, after the electrochemical tests, chips OLD15, FLAT29, were taken for cell culturing. An NMI-fabricated sample TiN15801 with titanium nitride electrodes [106] was also taken
as a control. DRG neurons were isolated from a three-week-old rat and cultured on the chips for
48 hours. The cells were incubated for 10 minutes in PGE2 (2.5 µM) before the measurements.
Potential recording measurements were made before and 1 minute after application of 1 µM BK
agonist.
In the NMI’s TiN15801 sample, periodic bursting could be observed on few channels before
application of the agonist, and an increased periodic bursting activity could be observed after the
application of the agonist (Fig. 5.21). The noise level was ca. 10 µV and spike height ca. 30 µV.
Rapid bursting started 6 s after introduction of the agonist, lasted for ca. 75 s (region A, Fig.
5.21), after which activity returned to periodic bursts of 2 to 8 spikes (region B, Fig. 5.21).

Figure 5.21: 2 minutes of potential recording from a DRG neuron cultured on a TiN MEA electrode.
No activity could be observed on the OLD15 and FLAT29 chips, as very high noise (ca. 40
µV vs. 10 µV for NMI’s TiN chips) was present. It was not possible to tell if the neurons were
active on those chips, but cell morphology appeared to be correct and similar to the morphology
of active neurons. The result was puzzling, as the fixed 1kHz impedance measurements and EIS
characterization proved the chips viable. Short-circuits, fouling and galvanic degradation were
ruled out, and the EIS spectra showed electrodes with favorable characteristics, even better than
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some other NMI chips that nevertheless were able to perform correctly. The main design difference
between NMI MEAs and the ones I fabricated, was the lead connection thickness. NMI chips are
made with leads few hundred nm thick, whereas my chips had leads with gold thickness between
30 and 50 nm. The films were thin to provide a proper nanowire coating without increasing its
diameter too much.
A possible explanation for the discrepancy between good EIS results and no potential recordings
is that EIS measurements were made with AC signals of few mV, whereas the potential spikes were
in the range of few to tens of µV. It is possible that the impedance of a very thin gold film is nonlinear and a junction effect is present. In such situation, it would be much higher and forbidding
for weak microvolt signals, whereas acceptable for higher millivolt range signals of the EIS.

5.4

Summary, conclusions and outlook

This chapter described the efforts to test a batch of silicon nanograss MEAs designed for intracellular action potential recordings. The chips were tested with impedance measurements at fixed 1
kHz frequency and across a frequency spectra. Impedances at 1 kHz were below 300 MΩ, yielding
a promising result. The electrodes were stable in the solution over a time of at least 120 hours.
They showed purely capacitive behavior and corresponding EIS spectra, but electrode fouling was
theoretically ruled out and the electrodes behaved similarly in EIS to other functional gold MEAs
tested by researchers at NMI, Germany. DRG cell lines were cultured on the MEAs. No potential
recordings were made possible from my MEAs due to very high noise levels. A hypothesis of the
failure based on the very low gold leads thickness was proposed.
Unfortunately, no experiment time or funds were left under the project to verify the hypothesis
and/or to fabricate a functional set of MEAs. Given the possibility, a couple of experimental tests
would be run to test the hypothesis. The chips would be investigated with microvolt level EIS
to set conditions compatible with the measurement signals. Additionally, an I-V curve would be
obtained with a two-point probe system in search for nonlinearities and junction effects. Granted
the test would be positive, a new batch of MEAs would be fabricated with gold leads with thickness
of 400 nm (similar to functional NMI devices), which would be thinned down only at the electrode
sites to produce nanowires with acceptable diameters.
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Chapter 6

Microscopy
This chapter presents and discusses the technical protocol developed for reliable three-dimensional
imaging of cell-nanowire and cell-CNT interactions. Discussion of sample preparation, electron
microscopy, and image postprocessing optimization is made with focus on image three- dimensional
resolution, feature-to-background contrast, FIB and SEM artifacts, sample preparation induced
geometry distortion, and yield of accessible cells.
The method is used to study adhesion and cell-electrode interactions of DRG neurons with flat
gold (FLAT-29), gold-coated nanograss (OLD-15), flat titanium nitride (15801). It is also used to
study interactions of NIH3T3 fibroblasts with flat (glass) and nanostructured (silicon nanograss)
substrates. The results of the latter were published in [2] (see Appendix B).
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6.1

Introduction

The previous chapters presented and discussed the fabrication of silicon nanograss and carbon
nanotube electrodes and their electrochemical testing. Attempts were also made for potential
recordings from DRG cells cultured on nanowire electrode systems. Now we know it is possible
to fabricate nanostructured electrode systems that cells of interest can be cultured on. The key
questions remain unanswered yet: how do the cells interact with the nanostructured substrate?
Do the cells reside on top of the CNT forest or nanograss? Or do the nanowires penetrate the
membrane? What is the morphology of the interacting cells? Do the nanowires bend or break?
To answer these questions, a three-dimensional imaging technique with sufficient resolution
is required. The Nyquist-Shannon sampling theorem defines minimum sampling frequency to be
at least twice the sampled function bandwidth if sampling artifacts should be avoided. In the
context of microscopy, it means pixel size at least twice smaller than the width of the imaged
detail. To avoid aliasing, oversampling with even smaller pixel size should be used. For example,
if a 100 nm thick nanowire should be imaged, the resolution of 50 nm is the absolute minimum,
and 30 nm or smaller should be sufficient to represent it correctly. On the other hand, to resolve
lipid bilayer where a single layer is ca. 2 nm thick, minimum resolution would be 1 nm, and 0.6
nm resolution or smaller would be advisable. While 10 nm resolution is available with standard
scanning electron microscopy (SEM), sub-nm resolution can be provided with transmission electron
microscopy (TEM) systems.
FIBSEM
There has been a long tradition of using TEM for imaging of biological cell ultrastructure. Biological samples are usually polymer-embedded and are microtomed to thin (ca. 50 nm) lamellas
that are transferred onto a TEM sample grid. The method is good for investigating cellular or
tissue cross-sections, but it is troublesome when cells interacting with nanostructured (e.g. silicon)
surfaces need to be imaged [2]. Microtoming of silicon and other hard and brittle materials is not
possible. To facilitate it, an epoxy block would have to be detached from the silicon substrate prior
to microtoming. Focused Ion Beam Scanning Electron Microscopy (FIBSEM) provides an alternative solution for block dissection, and is compatible with hard and brittle substrate materials.
Instead of microtoming the epoxy block with a sharp knife, it is milled with an ion beam which
indiscriminately cuts through all materials. The rate of milling varies for different materials, but
without the risk of breaking hard and brittle substrates. A lamella cut with FIB can be extracted
and transferred into a TEM but, more conveniently, the SEM mode of a dual-beam FIBSEM system can be used to obtain the image. The image does not provide as high resolution as TEM (ca.
2 nm vs. subatomic), but often it is acceptable. Furthermore, instead of cutting out a lamella,
the FIB can be used to ablate thin layers (down to 10 nm) from the epoxy block, which are subsequently imaged with SEM. The technique is called slice-and-view and yields three-dimensional
representations of objects, a convenient alternative to other 3D (TEM tomography) EM methods.
Is FIBSEM suitable for our task? Can it provide images sufficiently answering the cell-nanowire
interaction questions? This chapter presents a study of the issue. Firstly, it describes the development of the FIBSEM method, and secondly it presents results obtained on imaging of NIH3T3
and DRG cells interacting with nanograss spikes and CNT forests.

6.2

Development of the method

This section goes through the details of all subsequent steps of the FIBSEM procedure. Because
the method is relatively new, certain steps have been improved and adjusted for the task. Details
of improvements are presented, as well as experimental details of the actual protocols used for
imaging of NIH3T3 and DRG cells interacting with the nanostructured substrates.

6.2.1

Staining and embedding protocols

After culturing and potential measurements of cells interacting with the nanowires (or CNTs),
they need to be prepared for electron microscopy. This mean fixation (cessation of cell metabolism
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with minimum change to morphology), followed by heavy metal staining for SEM contrast, and
embedding into a polymer block so the sample can be processed in the vacuum of the SEM chamber.
A variety of protocol permutations for electron microscopy biological sample preparation exist [132].
Two alternative protocols had been tested for the purpose of the study here, one for the NIH3T3
cells, and the other for the DRG cells. The protocols are detailed in Tables 6.1 and 6.2, respectively.
Fixation
The purpose of fixation is to preserve cell structure and morphology as close to its living state as
possible. Ideally, proteins and nucleic acid should be stabilized (made insoluble) and stiff so cell
morphology is preserved. Fixation can be made with aldehydes (formaldehyde, glutaraldehyde) by
cross-linking proteins to the cytoskeleton, alcohols (e.g. methanol, ethanol) by denaturation and a
resulting decrease in solubility, or oxidizing agents (e.g. osmium tetroxide) by both denaturation
and cross-linking. Based on a targeted structure, the choice is made whether they are proteins,
nucleic acids, lipids, enzymes, glycogen, etc. Sample volume is also a factor, whether it is tissue
or cell culture, as they require different fixative diffusion rates. In the case of the cell-nanowire
interaction study, the lipid bilayer membrane (and its penetration) is the main target of the fixation.
Proteins and nucleic acids are also important. They preservation helps answer if the cell was in
a healthy or a necrotic/apoptotic state, if any broken nanowires agglomerated within the cytosol
and interacted with it, or if any interaction of the nanowires with the nucleus took place.
Step
1
2
3
4
5
6
7
8
9
10
11
12
13
14
15
16
17
18
19
20
21
22
23

Time
[min]

Chemical agent
0.2 M glutaraldehyde
0.15 M sodium cacodylate buffer
0.15 M sodium cacodylate buffer
4 mM (1%) osmium tetroxide
Millipore water
Millipore water
6mM tannic acid (in DI water)
DI water
DI water
23mM (1%) uranyl acetate (in DI water), in darkness
70 % ethanol
70 % ethanol
96 % ethanol
96 % ethanol
Dehydrated ethanol
Dehydrated ethanol
Propylene oxide
Propylene oxide
1:3 epon:propylene oxide
1:1 epon:propylene oxide
3:1 epon:propylene oxide
Pure epon
Oven, 40◦

60
30
30
60
10
10
60
10
10
120
10
10
10
10
10
10
10
10
30
Overnight
60
120
72 hr

Comment
Fixation
Flush
Staining
Flush
Mordant
Flush
Staining

Dehydration

Embedding

Curing

Table 6.1: Sample processing protocol I, using sodium cacodylate buffer and propylene-oxidesoluble Epon
Glutaraldehyde is the common fixative choice for EM of cell cultures. It provides more rigid
protein structures than formaldehyde, and its slower diffusion rate compared to the latter is not a
problem in cell culture application as it would be in much more bulky tissues. It also yields much
less disruption of cell morphology than alcohols or oxidants. Alcohols cause heavy denaturation
and shrinking, and oxidants also cause heavy denaturation.
Following the choice of the fixative, the second factor to consider is osmolarity of the solution.
To minimize osmotic pressures acting on the cellular membrane during fixation, osmolarity of the
fixative solution has to match osmolarity of the cells. Fixatives are thus buffered, often either
in sodium cacodylate (Na(CH3 )2 AsO2 ) or PBS. PBS is non-toxic and thus easy to handle, but
is prone to precipitation and microorganism contamination [132]. Sodium cacodylate does not
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Step
1
2
3
4
5
6
7
8
9
10
11
12
13
14
15
16
17
18
19
20
21
22
23
24
25
26
27
28
29

Time
[min]

Chemical agent
10 mM PBS
10 mM PBS
10 mM PBS
2.5% Glutaraldehyde (in medium), on ice
10 mM PBS
10 mM PBS
10 mM PBS
1% Osmium tetroxide (in PBS), on ice
DI water
DI water
DI water
DI water
DI water
1% Uranyl acetate (in DI water), in darkness
DI water
DI water
DI water
DI water
50% Ethanol
70% Ethanol
95% Ethanol
100% Ethanol
100% Ethanol (molecular)
100% Ethanol (molecular)
Ethanol (molecular) - Epon, 1:1 (50%)
Ethanol (molecular) - Epon, 1:3 (75%)
100% Epon
100% Epon
Oven - 60◦

1
1
1
120
15
15
15
60
5
5
5
5
5
60
5
5
5
5
20
40
40
40
40
40
40
40
Overnight
360
48 hr

Comment

Flush
Fixation
Flush
Staining

Flush

Staining
Flush

Dehydration

Embedding
Curing

Table 6.2: Sample processing protocol II, using PBS buffer and ethanol-soluble Epon.

precipitate and does not support growth of microorganisms, but its very high toxicity makes it
difficult to handle.
The two protocols used in this study utilized glutaraldehyde as the primary fixative. In protocol
I, 150 mM cacodylate was used as the buffer, while 10 mM PBS was used in protocol II, and both
were isotonic (ca. 300 mOsm) [132; 133]. Because the protocols were used for different cell lines,
it is difficult to compare them directly and assess if osmolarity of the buffer was set correctly.
Qualitatively, the DRG cells processed with protocol II tended to show slightly folded envelopes,
hinting shrinkage. This is only speculative, however, as no precise benchmark of cell shape or size
is available. Most importantly, for a nanowire interaction study cells were considered viable if they
have not collapsed or exploded, maintained continuous membrane, and morphology in the shape
typical for their cell line.
Staining
After the cells had been fixed and flushed, they needed to be stained. Staining with heavy metals
provides a negative contrast of biological structure versus cytosol and medium. Lead citrate,
uranium acetate, osmium tetroxide, vanadyl sulphate, phosphotungstic acid, or phosphomolybdic
acid are viable options for staining. Like fixation, the choice of chemicals is dictated by the targeted
structures, and their selective binding of the metals. The optimal recipe has to be obtained
experimentally for each case.
Protocol I staining is a result of experiments made by undergraduate students Ashley Roberts
and Mikkel Jensen [131]. Optimal protocol recipe for NIH3T3 cells with respect to maximum contrast between cellular membranes, organelles, nucleus against the surrounding cytosol and medium
had been provided by Klaus Qvortrup. It utilizes osmium tetroxide, tannic acid and uranyl acetate. Osmium tetroxide cross-links double bonds within lipid bilayer with Os atoms providing
high contrast of the membranes. Tannic acid does not stain the sample directly, but acts as a mordant for uranyl acetate. Uranyl acetate binds uranium both to lipids and nucleic acids, enhancing
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contrast of the membrane and organelles, and giving contrast to the nucleus contents. Protocol II
staining is optimized by researchers at NMI in Germany for neuronal cell lines. It also employs
osmium tetroxide and uranyl acetate at the same concentrations as protocol I, but without the
tannic acid mordant. Both protocols provide good contrast for the targeted membranes, organelles
and nucleus. Again, direct comparison and a straightforward answer if the mordant was necessary
is not possible, as different cell lines were used for the studies. The recipe with tannic acid provided
the best contrast in Mikkel Jensen’s study [131], and therefore was used in protocol I. One could
advocate adding it to protocol II for DRG neurons as, possibly, it could improve contrast of nuclei
content and membranes. Nevertheless, sufficient contrast for the task of imaging cell-nanowire
interactions was obtained without it (Fig. 6.6).
Dehydration and embedding
After staining and rinsing, the samples were filled with DI water. If water-miscible embedding resin
should be used, the sample was ready for the embedding step. However, if the resin was waterimmiscible, all of the water needed to be replaced with a proper solvent. It is done with a series of
flushes with water-miscible solvent of increased concentration, up to 100%. Dehydration is done
gradually to avoid violent osmotic changes and surface tension forces that would deform the samples
[132]. Most commonly ethanol, methanol or acetone are used, due to the fact that many resins
are soluble in those solvents. If this is the case, the sample is flushed with a series of resin/solvent
solutions of increasing concentration. Finally, after a flush with 100%, the sample is fully infiltrated
with the resin and ready for curing at elevated temperature for two-three days. If a resin is
not soluble in acetone or ethanol, an additional series of flushes with increased concentrations is
performed to replace either of them with the correct solvent. As many resins are not soluble in
ethanol, propylene oxide is often used as the final solvent. The choice of the solvent is dictated by
the resin used and by possible damage as the organic solvents undesirably extract lipids from the
cells and cause shrinkage. Again, it has to be found experimentally for the chosen cell culture or
tissue. The time of dehydration should be long enough only to yield proper replacement of water,
while not too long because shrinkage increases with dehydration time.
Protocol I employed Epon resin which was soluble in propylene oxide, and thus water needed
to be replaced with ethanol, and then with propylene oxide in a series of relatively short 10 min.
flushes. Propylene oxide replaced ethanol in a single step and thus allowed ethanol contamination,
which could slow the curing process [132] down. Protocol II employed Epon soluble in ethanol,
and thus had a simpler dehydration procedure.
Protocol I employed curing at 40◦ for 72 hours, and provided embeddings insufficiently cured.
During imaging, the embedding was damaged with electron beams accelerated with tension above
15 kV, while fully cured resin should not be damaged by electron beams. On the positive side, the
not fully cured resin was more electron transparent, allowing better observation of embedded cells.
It is discussed in detail in the following section. Protocol II employed curing at 60◦ for 48 hours,
and yielded fully cured resins. No e-beam damage was present, but the cells were not observable
with electron beam while buried in the embedding, and had to be located with correlative optical
microscopy, which also is discussed in detail in the following section.

6.2.2

Embedding thickness and uniformity

After curing, the embedding had to be thinned down to 10-40 µm of Epon remaining on top of
the cells. Thicker embedding would require very long FIB milling times, and it would be hard to
locate the cells of interest.
Cell location
Cells can be identified either with optical or electron microscopy. Electron microscopy localization
can be done with embedding covering the cells not more than by 20 µm and the embedding that
has been not fully cured. High acceleration voltages are required for that operation (20-30 kV),
which increases the risk of embedding beam damage, and requires shorter operation times.
On the other hand, as Epon is optically transparent, location of a cell of interest can be
identified prior to FIBSEM operation with an upright microscope. The cell and the topography of
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the embedding above it is recorded and matched with the topographical image obtained with SEM.
This method can be used with very thick embedding layers, as they remain optically transparent.
That would be impractical due to very long milling times, however.
Formation of a thin uniform embedding layer
Therefore, the embedding has to form a thin (10-40 µm) and uniform layer over the whole area
of interest. When liquid Epon is dispensed on a single chip with cultured cells, it forms a droplet
with a small wetting angle. In such a configuration, if it is left to cure without further processing,
the cells residing at the edges of the chip are left with insufficient amount of embedding, which
causes them to dry out and collapse. On the other hand, the cells located in the center of the chip
are covered with a too thick layer and are thus inaccessible to SEM imaging. As a result, accessible
cells are only present within a narrow ring where the embedding has thickness within the required
margin. This gives a very low yield of cells available for electron microscopy per chip.
The standard EM preparation procedure is to dispense an excessive amount of embedding
over the whole chip and grind it down manually to obtain a uniform layer. This method is very
cumbersome, and provides uniformity limited to small areas of few square millimeters. To alleviate
the problem, I looked for alternative embedding formation solutions. I experimentally tested several
alternatives for Epon dispensing and thinning.
The initial idea was to place the chip in a PTFE socket (Fig. 6.1A) and dispense a defined
amount of Epon. The liquid was expected to fill the socket, and form a uniform layer over the
chip. PTFE was used to avoid gluing the chip to the socket, as it shall be easily removable after
Epon curing without the risk of breaking the chip. The method was unsuccessful, though, as
the propylene oxide solution with very low surface tension crept under the chip. This made the
dispensing imprecise and lifted the chip, preventing the formation of the embedding layer with well
defined thickness.
Under the second approach, underpressure suction was applied to the bottom of the chips
(Fig. 6.1B). It was unsuccessful too. Due to sealing issues, the Epon crept into the underpressure
channel. Secondly, the underpressure caused warping of the chips, preventing the formation of a
uniform layer.
The third approach was made with a chamber pressed against the chip (Fig. 6.1C) to seal the
edges and avoid Epon creeping. This was unsuccessful as well, as the chips were prone to breaking,
even with an underlying rubber cushion pad.
A new approach was then undertaken, more similar to the traditionally used methods. It was
made through the modification of the grinding method with the chip placed in a custom made
aluminum socket. A well was milled in the socket with depth higher than the chip’s thickness by
60 µm. Three concentric grooves were milled around the well with decreased depths: 60, 40, and 20
µm (Fig. 6.2). During the embedding procedure, the chip was placed in the socket, pressed down
with a wooden pin and Epon was dispensed. After curing, the pin was cut away, and the embedding
was manually ground. The outer, concentric grooves allowed thickness uniformity control. With
each groove uniformly disappearing, it was made certain that with each step only 20 µ (trench
depth) is removed over the whole chip area, until finally the last groove was polished away, and
20 µm of the embedding remained. The method gave 80% of yield of accessible cells over 10 x 10
mm2 area.

Figure 6.1: Unsuccessful approaches to the low yield problem: PTFE well (A), under-chip suction (B),
over-chip well (C).
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Figure 6.2: Successful approach to the low yield problem was made with a micromachined slot with
concentric trenches. The chip is placed in a well with depth 80 µm higher that the chip’s thickness (A).
It is immobilized with a wooden pick (B). The trenches have depths of 20, 40 and 60 µm. After Epon
dispensing (C), it is cured and ground. Grounding proceeds as the subsequent trenches are removed (D,
E, F). After the last trench is ground away, approximately 20 µm of resin remains over the whole chip.

6.2.3

Sample mounting

After preparation, the sample needed to be mounted in the microscope chamber. A single chip can
be mounted on a standard microscope stub: attached with carbon tape or resin glue and grounded
with silver paint. This is the standard approach, having both advantages and disadvantages. Due
to a small dimension of the stub, the approach allows relative ease of sample positioning within the
chamber, and allows tilting of the stage so the sample’s surface becomes normal to the upcoming
milling ion beam. The disadvantage of the method is the lack of definite positioning of the sample:
each mounting into the stage is not repeatable and if FIBSEM is made within several session,
position and rotation of the stage need to be found manually each time. Also, only one sample
can be mounted at a time.
An alternative mounting approach has been tested to see if multiple samples with definitive
positioning can be mounted within the chamber. An aluminum profile had been machined to
accommodate two standard microscopy glass slides (75 by 25 mm), both aligned against one corner
of the mount and fixed with 2 mm screws. Each microscopy slide can accommodate three 10 by
10 mm chips. The chips were to be glued with cyanoacrylate and grounded with silver paint. The
bottom of the aluminum profile was machined to fit into the SEM stage: a central hole was drilled
to fit a standard SEM mounting screw, and two Ø 1 mm bolts were fitted to align rotation. Such
arrangement allowed precise and repeatable mounting and positioning of six 10 x 10 mm chips. If
stage positions were saved with the SEM software during the first session, the operator could later
quickly and conveniently find those positions for each chip and each milled cell of interest. The
main drawback of the method was the lack of tilting possibility. The large aluminum profile had
to remain normal to the upcoming electron beam, which had disadvantages to FIBSEM operation,
discussed in detail in Section 6.3.6.

6.2.4

Cell identification

After the sample was mounted in the SEM chamber, a cell of interest had to be found. Because
the cells were embedded within the Epon resin, they were not directly accessible to the SEM
imaging. Epon thinning methods were discussed in detail in Section 6.2.2. NIH3T3 cells that
were cultured on glass, nanograss, and carbon nanotubes were identified with high tension (30 kV)
secondary electron detection. DRG cells cultured on TiN and nanograss electrodes were identified
with matching of optical microscopy and electron microscopy of the embedding surface. The first
method was faster (few minutes against ca. 30 minutes), but care had to be taken to avoid electron
beam damage.

6.2.5

FIBSEM slice-and-view

After the cell (or other point) of interest had been located on SEM SE2 image, it was matched
with the SE2 image obtained with the FIB. Next, the initial milling cut was made. The cut had
to be made deep enough to expose the full cross-section of the block embedding, reaching down
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to the substrate. Additionally, it had to be made long enough so the cross-section was visible for
the SEM beam at the high (54◦ or 57◦ , depending on the microscope) angle. SE2 imaging with
FIB was made at low beam currents of tens of pA to avoid surface destruction. Trench milling
was done at higher beam currents, usually few to tens of nA. After the initial trench mill was
done, the slice-and-view operation started. In each iteration, the FIB removed a thin layer of
the cross-section (10 to 100 nm) followed by SEM, obtaining a high Z-contrast BSE image of the
cross-section. The cycle continued, and a stack of SEM BSE images was collected for further image
postprocessing.

Figure 6.3:

Schematic representation of FIBSEM operation with sample (A) normal to the incoming
electron beam (B) and sample normal to the incoming ion beam (C).

FIBSEM was done with three differnt dual-beam microscopes: FEI Helios 600, FEI Quanta,
and Zeiss Auriga, each offering machine-specific detection and milling parameters, and different
chamber geometry. Table 6.3 presents an overview of all the samples, microscopes used and imaging
conditions. Interaction of NIH3T3 cells with glass substrate, nanograss MS-16-05 and MS-15-17,
and CNT forest was imaged. DRG cells on MEA chips were imaged as well: on flat gold, on
nanograss RW-23-07D, and on flat TiN electrodes.

6.2.6

Image post-processing

After the FIBSEM operation was finished, the resulting stacks of images needed to be processed in
order to represent the actual geometry of the imaged objects. Processing was done with an open
source ImageJ software [104], and commercial Imaris package.
Scaling
Regardless of the sample tilt angle, each SEM image in the stack is a projection of a sloped
cross-section of the embedding (Figure 6.3). During FIBSEM operation, the plane of the sloped
cross-section was at angle ϕ (57◦ for Zeiss systems, and 54◦ for FEI systems) vs. electron beam axis,
and at angle 90◦ − ϕ vs. SEM image plane (Figure 6.3. That required dynamic focus adjustment
and tilt correction. Focus was automatically adjusted for working distance offset during SEM
beam scan for the first case, and the image was scaled in the Y-axis direction, compensating for
the projection compression, for the latter. Scaling was done manually during post-processing with
ImageJ software (samples FIBSEM-A..D) or automatically during FIBSEM operation (FIBSEME..H). The scaling factor was aF EI = sin−1 (33◦ ) = 1.83 and aZeiss = sin−1 (36◦ ) = 1.70 for FEI
and Zeiss systems, respectively.
Slice-to-slice alignment
If the condition of no mechanical drift of the sample is met, XY positions of neighboring slice
images should match each other. Unfortunately, this is not the case during most FIBSEM sessions
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Sample

Substrate

Cells

Protocol

FIBSEM-A

Flat glass

NIH3T3

I

FIBSEM-B

NG-1

NIH3T3

I

FIBSEM-C

NG-2

NIH3T3

I

FIBSEM-D

CNT-1

NIH3T3

I

FIBSEM-E

MEA-FLAT

DRG

II

FIBSEM-F

MEA-1

DRG

II

FIBSEM-G

MEA-2

DRG

II

FIBSEM-H

MEA-TiN

DRG

II

Parameters
Platform:
Detector:
EHT:
WD:
Dwell time:
Platform:
Detector:
EHT:
WD:
Dwell time:
Platform:
Detector:
EHT:
WD:
Dwell time:
Platform:
Detector:
EHT:
WD:
Dwell time:
Platform:
Detector:
EHT:
WD:
Scan speed:
Platform:
Detector:
EHT:
WD:
Scan speed:
Platform:
Detector:
EHT:
WD:
Scan speed:
Platform:
Detector:
EHT:
WD:
Scan speed:

Helios600
XX
XX kV
5 mm
XX µs
Helios600
XX
XX kV
5 mm
XX µs
Helios600
XX
XX kV
5 mm
XX µs
Quanta3D
XX
XX kV
5 mm
XX µs
Auriga
ESB
1.8 kV
4 mm
4
Auriga
ESB
1.8 kV
4 mm
4
Auriga
ESB
1.8 kV
4 mm
4
Auriga
ESB
1.8 kV
4 mm
4

Angle:
Averaging:
Pixel size:
Milling current:
Slice thickness:
Angle:
Averaging:
Pixel size:
Milling current:
Slice thickness:
Angle:
Averaging:
Pixel size:
Milling current:
Slice thickness:
Angle:
Averaging:
Pixel size:
Milling current:
Slice thickness:
Angle:
Averaging:
Pixel size:
Milling current:
Slice thickness:
Angle:
Averaging:
Pixel size:
Milling current:
Slice thickness:
Angle:
Averaging:
Pixel size:
Milling current:
Slice thickness:
Angle:
Averaging:
Pixel size:
Milling current:
Slice thickness:

0◦
XX
10 nm
XX nA
100 nm
0◦
XX
XX nm
XX nA
XX nm
0◦
XX
XX nm
XX nA
XX nm
57◦
XX
XX nm
XX nA
XX nm
54◦
40 lines
30 nm
2 nA
XX nm
54◦
40 lines
30 nm
2 nA
XX nm
54◦
40 lines
30 nm
2 nA
XX nm
54◦
40 lines
30 nm
2 nA
XX nm

Table 6.3: Samples used in FIBSEM experiments
as the image is drifting electrostatically (material charges electrostatically and causes beam shift),
and also mechanical drift is possible. This results in either a constant drift of image positions or
in rapid changes. Manual correction of slice positions is possible, yet very cumbersome, especially
for large image stacks containing hundreds or thousands of slices. Stack-reg alignment algorithm
available as an open source plug-in for ImageJ [134] was used.
Skew adjustment
A stack of images is naturally represented as a regular cuboid. As it is a correct representation
of sliced volume in the case of samples tilted to be normal against FIB axis, it is not correct for
samples imaged normally to SEM axis. The sliced volumes were skewed (Figure 6.3B), and thus
these stacks had to be processed to correspond to the actual volume shape. TransformJ Affine
open source plug-in [135] was used.
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Volume representation
Final representation of the processed stacks was made with ImageJ or Amira software. The threshold function was used to remove the background and color look-up tables (LUKs) were used for
better visualization of image components.

6.3

Results

Table 6.3 summarizes the samples used for the FIBSEM experiments. The results of the experiments are discussed for each cell and substrate case, and followed by the summary.

6.3.1

Contrast

For most of the cases, the method provides good contrast between epon embedding (black), glass
substrate (dark gray), microvillus, cellular and nuclear membranes, organelles, mitochondria and
cytosol (bright gray) and nucleus contents (dark gray). All the mentioned components of the cells
(except experiment B) are well-defined and in focus. Experiment B with NIH3T3 cells cultured
on dense nanowires (Fig. 6.7) gave poor contrast between the cytosol and the embedding, which
was either an error made during the staining procedure or during the imaging session. In all the
cases, the cellular membrane had not been stained well and no outline is visible around the cytosol.
The membrane was expected to be present at the contrast transition between the dark gray (epon
embedding) and light gray (cytosol). Because the membrane was not stained well, the cytosol
morphology has to be used for discussion of the interactions between the cells and the substrates.
The nanowires had good contrast against the cytosol, and were seen as bright (white) objects. High
contrast is also present between silicon nanowires and the gold coating, allowing the observation
of coating uniformity.

6.3.2

Slice resolution

All the experiments except experiment C were made with FIBSEM slice thickness of 30 nm, and
the latter was made with slice thickness of 100 nm. Experiment C was performed as the earliest
one, and slice thickness choice was suboptimal. It was thicker than the nanowire diameter and
resulted in a sampling frequency error: after skew adjustment of the stack, the nanowires are
represented as strings of circular objects instead of straight nanowires (Fig. 6.9). Consequently,
slice thickness was changed from 100 nm to 30 nm and all the other nanowire substrates were
imaged with sufficient resolution.

6.3.3

Cell morphology

The sample preparation method is a multi-step procedure with chemical processing heavily changing the cell condition. The final ready-to-image object is a distant derivative of the original living
object. Electron micrographs show only heavy metals embedded in a block of polymer. Thus,
FIBSEM is never a direct observation (nor TEM), and the question how close do the images match
the original objects is crucial. In order to discuss the cell-substrate and cell-nanowire interactions,
we needed to assure that cell morphologies and content had not been altered too much to disturb
the features of interest.
For all the experiments, the EM-imaged cell morphologies resembled the ones seen with optical
microscopy prior to fixation. The morphologies were not collapsed, exploded, or heavily folded
(shrunk). NIH3T3 cells showed elongated morphologies. The DRG neurons were spherical and
only flattened at the bottom, where they adhered to the substrates or to the other cells, as expected.
The envelopes of the DRG cells and their nuclei were folded in several cases. It was likely a shrinkage
introduced either during the fixation or the dehydration step. The shrinkage was not heavy enough
to make the investigation of cell-nanowire interactions problematic. The bottom parts of the cells
that adhered to the substrate were not folded, and seemingly unaffected by the shrinkage.
The DRG neurons were obtained from primary cultures. This caused an inherent contamination
with other cell types: fibroblast and glial. The neurons were easy to distinguish due to their large
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size of ca. 40 µm in diameter and spherical morphology. The problem was that the contamination
was present on electrode surfaces. Out of the four FIBSEM experiments with DRG neurons,
three had a different cell type interfacing between a neuron and an electrode. Fibroblasts could
be identified by their characteristic morphologies: elongated in one direction and flattened (not
spherical). They were sitting directly under a neuron (Figs. 6.6 and 6.11), or next to it and
extending their filopodia under the neuronal cell (Fig. 6.12).
Vacuoles
Vacuoles could be seen within the cytosol of all of the imaged samples. For both the fibroblasts
and DRG neurons, the presence of vacuoles in the cytosol is not considered a sign of a bad cell
condition [136; 137; 138]. Even relatively large vacuoles, as seen in Figure 6.5, are considered a
common condition [137; 138]. As vacuolization of the nucleus is considered a sign of apoptosis
[136], no nuclei vacuolization has been observed within the investigated samples. It also has to be
noted that while the observed vacuoles could be present within the cells during their life cycles,
they also could be sample preparation artifacts when cytosol was not properly stained.

6.3.4

Three-dimensional reconstruction

After a series of cross-section images are taken with the FIBSEM method, they are aligned and
arranged into a stack, and processed with skew adjustment, if necessary. Such a stack represents
a three-dimensional volume of the imaged cell. It is particularly useful if the cell-nanostructure
interaction needs to be imaged from a different view angle. Figure 6.10 presents reconstructed
top views of a cell residing on silicon nanograss. The original cross-section view can be seen in
Fig. 6.9. The series of top views provides new information, inaccessible with the standard crosssectional view. It can be seen that only some of the nanowires interacting with the cell puncture
its membrane, while a large number is flattened or broken, and the number of flattened nanowires
can be estimated quantitatively.

6.3.5

Artifacts

The method is inherently prone to many imaging artifacts. The cells are strongly affected by the
preparation method and the artifacts introduced this way are difficult to identify as no benchmarks
of ideal cell morphology or content exist. Other artifacts can be introduced during the image
acquisition and post-processing stages, while beam shifts, insufficient resolution and charging effects
can introduce visible distortions to the image.
Experiment A is an example of a well-processed stack. The sample was imaged on a non-tilted
stage (Fig. 6.3B) and the reconstruction was done for 100 slices and limited distortions are seen
in Figure 6.4H1) as horizontal ripples, and no distortions can be seen in section H2. The ripples
visible near the substrate are caused by imperfect alignment of the images using the stack-reg
algorithm. This is less evident higher in the cell, as there is no sharp transition between the flat
substrate and the cell.
Experiment C provides an example of artifacts introduced by insufficient resolution, as already
mentioned in Section 6.3.2. The sample was imaged on a non-tilted stage, and this required skew
adjustments. Figure 6.9A shows an as-imaged cross-section and the nanowires are seen as circular
dots. Figure 6.9 shows the cross-section after the skew adjustment.

6.3.6

Adhesion

While morphology of the cells can be easily imaged with optical microscopy of a living culture, the
real strength of the FIBSEM method is the three-dimensional capability of imaging cell adhesion
to substrates and their interaction with nanowires.
Flat substrates
Cells usually do not adhere to substrates or other cells with the whole surface of their adjacent
membranes, but through focal adhesion sites (FAs). FAs are protein complexes that transmit both
69

mechanical forces and regulatory signals between cells. While fluorescent microscopy is sufficient
to image FAs, it does not allow seeing how large is the gap formed between the membrane and the
substrate in between the FAs.
The NIH3T3 cell was adherent to a flat glass substrate (experiment A) with focal adhesion
sites that were clearly visible. They are marked with triangles in Figure 6.4A. The focal adhesion
points sites were in a form of straight long lines (Fig. 6.4B), a result similar to the one reported by
Ryoo et al. [139]. The gap between the cell and the substrates was arc-shaped, with the maximum
of ca. 300 nm.

Figure 6.4: NIH3T3 cell grown on a glass substrate.
DRG neuron adherent to a flat gold electrode (Fig. 6.5) shows tight adhesion and no explicit
FAs can be identified. The gap can be identified as the dark region between the gray cytosol and
bright gold. At the chosen image, the gap is present along ca. 50% of the cell’s section, and is 80 ±
40 nm. The other 50% of the section is either a focal adhesion line or a gap that is narrower than
the resolution of the image (30 nm). The cell also appears to follow the SU-8 insulation closely.
The gap between the cell and SU-8 cannot be observed or measured, however, as the Epon and
the SU-8 have very similar chemistry and provide no contrast.
The DRG neuron residing close to a flat TiN electrode can be seen in Figure 6.6. The neuron
is not adherent to the electrode, but separated by a fibroblast. The maximum thickness of the
fibroblast is ca. 5 µm, which is the effective gap between the neuron an the measurement electrode.
Double layer lipid membrane(s) can be seen between the two cells with no observable gap between
them. The gap is thus narrower than the image resolution of 30 nm. The gap between the fibroblast
and the TiN electrode is 110 ± 75 nm.
Substrates with nanofibres
When cells are adherent to substrates nanostructured with nanowires or nanotubes, in addition
to the cell-substrate gap, the cell-nanowire interaction is of paramount importance. The question
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Figure 6.5: DRG neuron grown on a flat gold electrode (sample FLAT29). Insert: ellipsoidal cross-section
of a different cell type, most likely a glial.

that FIBSEM may answer is if the cells reside on top of the nanowires, is the membrane wrapped
around the nanowires, or is it penetrated. It may also answer how tight is the membrane wrapping
around the wires, i.e. what is the local gap between the wire surface and membrane.
Dense nanograss The NIH3T3 cell cultured on nanograss MS-16-05 (experiment B) is shown
in Figure 6.7. The nanograss was small and dense (see Tab. 2.9 and Fig. 2.10A) and the size of
the clustered objects seen in Figure 6.7 corresponds to nanograss size. This can be explained with
the nanowires being broken off the surface by the adhesion forces of the cellular membrane and
engulfed in vesicles. Alternatively, the nanowires could be broken prior to cell adhesion by liquid
surface tension forces. The latter is unlikely, however, as the processing of nanograss with liquid
resist, solvents and water (as discussed in Section 2.5.4) showed that it does not cause extensive
nanograss damage. The nanowires do not penetrate the cytosol, but are engulfed within vesicles.
The result is interesting, showing that if given specific conditions, the nanowires can be broken
and engulfed into the cell in large quantities. FIBSEM proves to provide sufficient contrast and
resolution for three-dimensional observation of such a process. It is unclear if the cell was alive
when fixed, but no clear signs of apoptosis can be observed (such as vacuolization of the nucleus,
collapse of the cell or bursting of the cytosol). Further proliferation studies could answer questions
on toxicity of substrates with fragile nanowires susceptible to break-off. The study by Lopacinska
et al. [3] (Appendix A) shows that NIH3T3 cell cultures grown on dense and short nanograss do
not show much cytotoxicity. However, the nanograss used in their study is tapered, and thus less
prone to breaking off. An analogical study of cells grown on MS-16-05 would directly answer the
question.
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Figure 6.6: DRG neuron grown on flat TiN MEA electrode.

Figure 6.7: NIH3T3 cell grown on silicon nanograss (MS-16-05).
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Dense CNT forest Figure 6.8 presents results of experiment D, with NIH3T3 cells cultured on
dense CNT forests. The cell resides on top of the forest, forming a large gap between the membrane
and the CNT tips in the center. The result is similar to the study by Hanson et al. [114], where
cells reside on top of the nanostructuring if it is too dense to promote tight adhesion.

Figure 6.8: NIH3T3 cell grown on CNT forest.

Sparse nanograss Figure 6.9B shows a NIH3T3 cell cultured on nanograss MS-23-08 (experiment C), and Figure 6.10 shows top views at different heights. Some of the nanowires were
flattened, other bent towards the cell, and other apparently punctured the cell. The cell does not
reside on top of the nanograss, and some of the nanowires appear to enter the cytosol and possibly
puncture the nuclear envelope (Fig. 6.9B). The result is similar to other reports of cells cultured
on nanowires by Kim et al. [140], or Hällström et al. [141] with heights of few micrometers and
diameters of 90 and 50 nm, respectively. In those reports, electron microscopy of critically dried
cells and confocal microscopy of living cells were used to assess the cell-nanowire interactions.
The EM micrographs showed nanowires extending through the cells and protruding at their other
sides, often with the membrane enveloping the tip of the nanowires. Confocal microscopy showed
nanowires as black dots within the cytosol.
The FIBSEM of 80 nm thick nanowires presented here pictures three-dimensional interactions
between the cells and the nanowires, an improvement over the two-dimensional isometric and top
views of the respective critically dried electron microscopy. Still, the FIBSEM method does not
provide enough resolution to confirm if the membrane is penetrated by the nanowires, or if possibly
the membrane envelops them along their entire height. To address this ambiguity, a recent study
by Hanson et al. [114] performed TEM investigation of neurons cultured on silica nanowires with
varied diameters of 50-500 nm. For nanowires thicker than 300 nm, the cells resided on top of
the forest, while for the thinner ones they adhered to the substrate and engulfed the nanowires.
TEM provided sufficient contrast and resolution to tell that the cellular membrane enveloped the
nanowires in all investigated cases and was not punctured. It is likely this is also the case for
this study and the other studies mentioned herein that the nanowires do not enter the cytosol.
It has not been confirmed, however, as different chemistry of the nanowire surface and different
cell types were used in Hanson’s study, and they also play a role in the nature of the interaction.
Interestingly, the Hanson study shows a membrane maintaining a gap of tens of nanometers around
the nanowires. This cannot be visible in the result of experiment C because insufficient resolution
of 100 nm was used, but it is definitely within the resolution limits of the FIBSEM method.
Also, in a recent study by Berthing et al. [142] fluorescence microscopy was used on human
embryonic kidney 293 (HEK293) cells cultured on substrates with regular arrays of nanowires.
Its results also showed a cellular membrane tightly following the nanowires, with no penetration
present. The method did not provide information on nanowire-membrane gap.
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Figure 6.9: NIH3T3 cell cultured on black silicon (MS-23-08) substrate: A) as-imaged, B) after skew
adjustment.

Figure 6.10: Image series showing the top view FIB-SEM image of the same cell as in Figure 6.9. The
sections have been made from 5 µm above the substrate to 0.25 µm above the substrate. This illustrates
the major forces in play, clearly showing how several nanowires where bent underneath the cell leaving
only a few left to indent the nucleus membrane.
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Gold-coated nanograss (cylindrical vs conical) Experiments F and G used DRG neurons
cultured on MEA chips with gold-coated RW-23-07D nanograss. The conditions of experiments
F and G differed in sharpness of the nanowires and in roughness of the substrate between the
nanowires. Nanowires of experiment F were cylindrical with hemispherical tips of diameters 300
± 90 nm. Nanowires of experiment G were conical with diameters 170 ± 40 nm at half height,
and 70 ± 25 nm at the tips. The surface of substrate used in experiment F was rough with RRM S
= 85 nm 1 . It was caused by the poly-Si etch (silicon oxidizing and silica etching) step applied to
thin the nanowires down. The surface of the substrate used in experiment G was relatively smooth
with RRM S = 24 nm. It was in the state in which it was after RIE processing of nanograss, and
no additional etching was applied.
Figures 6.12 and 6.11 show the results. Between the nanowires, a gap of 50-1000 nm between
the cell and the electrode is present at the rough surface and a gap of 107 ± 57 nm can be observed
on the smooth surface. This can be compared to experiments E and H where cells were cultured
on flat gold and TiN surfaces with gaps of 80 ± 40 nm and 110 ± 75, respectively. Thus, the
cell-substrate gap is roughly 100 nm regardless of cell type and electrode material, provided that
the electrode is smooth. A rougher substrate causes poorer adhesion, a result similar to Prasad et
al. [143].

Figure 6.11: DRG neuron cultured on a black silicon electrode (sample 23L).

1 The RMS values were estimated with manual measurement of the surface cross-section at an electron micrograph.
At N=40 points, vertical distance between surface and a line of reference was measured in pixels and compared with
the scale of the image.

75

Figure 6.12: DRG neuron cultured on a black silicon electrode (sample OLD15L).
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In both samples, a smaller cell of a different type resides between the neuron (identified as large
oval cell) and the electrode surface. As discussed above, those are most likely fibroblast cells. The
neurons sit directly on the cells, or their filopodia, and no direct contact of the neuron with the
substrate is present on most of the surface.
In both experiments, the images clearly show no penetration of the membrane. There is no high
contrast of the cellular membrane, but sufficient contrast between the cytosol and the surrounding
medium had been achieved to tell that the nanowires do not enter the cytosol. The membrane
envelops most of the cylindrical nanowires (Fig. 6.12) maintaining a gap of tens of nanometers
around them, a result similar to Hanson et al. [114]. The conical nanowires poke the membrane
(Fig. 6.11) but do not enter the cytosol.

6.4

Summary, conclusions and outlook

In this paragraph, the application of the FIBSEM method to imaging of cell-nanowire interactions
was tested. The method was first described in detail with several protocol improvements proposed
and tested. Next, a set of experiments with cells cultured on various flat and nanostructured
substrates was devised, conducted, and discussed. FIBSEM allowed three-dimensional imaging of
interaction between the cell and the substrate which is inaccessible to standard EM of critically
dried cells, and provides much higher resolution than confocal microscopy. The method allowed
seeing how close are the cells adhering to the substrates or the electrode sites. Also, the nature
of the cell-nanowire interaction could be explained with FIBSEM without resorting to the more
difficult and time-consuming TEM.
The original question was if the vertically arranged nanowires could be used for intracellular
potential recordings. The results presented here, and also supported by Hanson’s study [114], indicate that the nanowires are not spontaneously uptaken into the cytosol. The membrane follows
the nanowires maintaining a gap of tens of nanometers, even for very sharp (50 nm) and very
high aspect ratio structures. A further FIBSEM or TEM study of cells cultured on functionalized
nanowires would be very interesting and could show if such a modification could promote penetration. Alternatively, a device with vertically actuated nanowires could be devised. The nanowires
would be pushed against the cells, providing more puncturing force and possibly facilitating intracellular measurements. A FIBSEM or TEM study of such process would still be necessary to
confirm the penetration.
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Conclusions and outlook
Nanowire technology
The majority of nanowire research is conducted with well-established nanopatterning and growth
methods. In this thesis, an alternative maskless method of black silicon nanograss was investigated. The experiments proved that nanograss properties such as nanowire diameter, height and
nanograss density can be controlled, and that the method can be integrated into traditional cleanroom processing. Fabrication and electrochemical testing of nanograss-MEA chips proved their
partial functionality. The chips passed all the electrochemical testing that is routinely used for
MEA characterization, but failed to provide good potential recordings from neuronal cells. This
surprising result showed that standard electrochemical testing is not sufficient for proper characterization of MEAs and detection of fabrication defects. Nevertheless, the black silicon method
remains a promising alternative to EBL or other expensive nanopatterning methods, and further
investigation and testing of the fabricated chips will be performed.

FIBSEM method
The FIBSEM method investigated within the thesis proved to be a valid imaging technique for
the observation of cell-nanostructure interactions. While it suffers from the same structure representation problems as TEM, it provides comparable, very high three-dimensional resolution and
much faster and time- and cost-efficient sample preparation. A number of questions in cell research
remain to be answered, and the method is a strong alternative to the other imaging techniques.
Spontaneous membrane penetration is one of such current questions. When the project started in
2009, reports of Kim et al. [140], Hällström et al. [141] or Hai et al. [56] were the state of the art
in cell-nanowire research. It was clear that cells interact with the nanostructures and spontaneous
penetration of the membrane was assumed, but not confirmed. The indirect electric method to
confirm spontaneous membrane penetration was used by Robinson et al. [34] and Hai et al. [37] in
2012, where current was injected by the nanowires and the resulting potential change was measured
by an external patch-clamp system with a traditional glass pipette. When the potential at the
membrane did change substantially, the membrane was assumed to be penetrated. Still, no high
resolution image of the phenomenon was made. On the other hand, in 2012, Hanson et al. [114]
reported TEM of cell-nanowire interactions and observed no spontaneous membrane penetration
even by very sharp (less than 100 nm) structures while cellular membrane followed the nanowires
along their entire length. Berthing et al., [23; 142] used fluorescent microscopy of labeled membranes and observed the same result: the membrane was not punctured. The results obtained
with the FIBSEM method presented in the thesis support these results as well: sharp nanowires
interact with the cellular membrane, a cleft is formed, but no penetration occurs. In Robinson’s
study, about 50% of the nanowires passed the electric measurement test and were assumed to
spontaneously penetrate the membrane. Given a small number of cells investigated in FIBSEM
and confocal experiments, it could possibly explain the lack of observable penetration. It could
also (and more likely) be explained with self-healing of the membrane just after a couple of minutes
after penetration, as reported by Robinson et al. [34]. It would be very interesting to FIBSEM cells
which were fixated right at the point of electric measurement confirming penetration, as performed
in [34], and/or after the electroporation procedure that promotes penetration.
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Other sub-projects
In the course of the study, a number of side projects were implemented as unexpected technological
opportunities or challenges were encountered. The two major ones were presented in the thesis
and published. The use of black silicon as a template for carbon nanotube growth is a novel
concept and it has been patented as it offers a good alternative to EBL or NIL patterning and may
find application where the density and uniformity of the CNT forest are crucial [1]. The second
side project dealt with possible use of titanium tungsten as a biocompatible and self-insulating
background layer for CNT electrodes. Extensive electrochemical testing of the material proved
that it is not feasible to self-insulate it, but nevertheless provided us a good insight into the
material properties and effects of PECVD processing of CNT devices.
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Knowledge of cells’ interactions with nanostructured materials is fundamental for bio-nanotechnology.
We present results for how individual mouse fibroblasts from cell line NIH3T3 respond to highly spiked
surfaces of silicon black that were fabricated by maskless reactive ion etching (RIE). We did standard
measurements of cell viability, proliferation, and morphology on various surfaces. We also analyzed
the motility of cells on the same surfaces, as recorded in time lapse movies of sparsely populated cell
cultures. We find that motility and morphology vary strongly with nano-patterns, while viability and
proliferation show little dependence on substrate type. We conclude that motility analysis can show
a wide range of cell responses e.g. over a factor of two in cell speed to different nano-topographies,
where standard assays, such as viability or proliferation, in the tested cases show much less variation of
the order 10–20%.

1. Introduction
Nanostructured materials that mimic the topography of real
tissues may help expand our knowledge of cell and tissue
biology and provide new materials for bioengineering. An early
approach mimicked the topography of real tissues by generating
grooves and pits at the micrometre scale, because tissue cells in
stretched skin range in size from 10 to 30 mm.1–4 Since the
importance of nanoscale topography in cell behaviour was
recognized, patterning of substrates at the nanometre scale has
received attention; see reviews in ref. 5–10. Fabrication of cell
culture substrates with well-defined nanotopographic features is
enabled by recent developments in photo- and electron-beam
nanolithography,11 polymer demixing, nano-imprinting,12
injection molding,13 and the generation of TiO2 nanotubes of
defined diameters.14 A number of studies have shown that
nanotopography alone can strongly influence a wide range of
cell types, such as stem cells, nerve cells, osteoblasts, and
fibroblasts.9,15–19 On nanotopographic patterned materials, cell
morphology, alignment, adhesion, proliferation, and gene
expression depend strongly on the cell type and dimensions of
the topographical pattern,19 but few studies of motility have
been done on such surfaces,20–23 though cell motility is of
importance for many biological processes. Various cell types cell
types contribute fx. to tissue repair and wound healing: blood
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platelets, lymphocytes, leukocytes, fibroblasts, epithelial and
endothelial cells. Uncontrolled cell migration is involved in
many important pathological processes, such as chronic
inflammatory diseases, vascular diseases, osteoporosis and
cancer.24
We have investigated the response of mouse embryonic
fibroblasts, NIH3T3, to a range of highly nanostructured
surfaces. While recent studies have used grooves, dots or holes,
we study how NIH3T3 responds to surfaces with various types of
spikes. The nanostructured substrates are mainly reactive-ionetched silicon surfaces, called silicon black or nanograss, with
spikes of varying aspect ratio and density.25 We performed
standard biocompatibility assays of cell viability, proliferation
and morphology. To characterize cell locomotion, we also performed a statistical analysis of cell motility from time-lapse
movies of sparsely populated cell cultures, analysed along the
lines used in ref. 26 and 27, using formulae and software similar
to those in ref. 33. In order to investigate the possible effect of
surface wettability on cell properties, as stated in ref. 28 and 29,
we performed static contact angle measurements on the tested
surfaces.
The results show that nanotopographic patterned materials
strongly influence both cell motility and cell morphology, while
viability and proliferation show less pronounced effects of
substrate type. Such varied responses could find applications e.g.
in tissue engineering. These results hence show that motility
analysis can be useful for quantifying a differentiated cell
response to nanotopographies, where standard assays, such as
viability and proliferation, may not necessarily show significant
differences in their response to different surfaces.
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2. Materials and methods
2.1.

The nanograss fabrication method
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Nanograss (black silicon25) samples were fabricated by reactive
ion etching (RIE) of silicon substrates. Process parameters
(chamber pressure, processing gas (SF6 and O2) flows, and the
RF power) were varied to provide a set of different nanograss
morphologies, as described in ref. 30. Micrometre sized, sparsely
distanced spikes (bs01), submicron pyramidal spikes (bs02), and
sub-100 nm bumps (bs03 and bs04) were obtained; see SEM
images in Fig. 2. A sample (bs05) in which the nanograss structures appear bent was also studied; see Fig. 2.
2.2.

Wettability measurements

Contact angle measurements were performed by an automated
surface tensiometer (Data Physics, Germany) consisting of an
optical system that captures the profile of a liquid drop on a solid
substrate, and software that calculates the contact angle. Contact
angles were determined by the static sessile drop method. A 2 ml
Millipore water droplet was placed on the tested surface utilizing
a microsyringe connected to the operating system. The wettability measurements were performed on the native surfaces and
surfaces incubated for one hour at 37  C with a cell culture
medium and air-dried prior to contact angle determination. This
was done to investigate the effect of passively adsorbed proteins
from the supplemented cell culture medium. To measure the
angle created at the liquid–solid interface, images were captured
and analyzed.
2.3.

Cell culture

All reagents were purchased from Sigma-Aldrich unless otherwise specified. NIH3T3 cells were grown in Dulbecco’s modified
Eagle’s medium with Glutamax (DMEM; GIBCO Life Technologies), 10% newborn calf serum, and 1% penicillin–streptomycin (P–S; GIBCO Life Technologies). Cells were cultured at
37  C in an atmosphere of 5% CO2.
2.4.

Cell viability

Samples measuring 1 cm  1 cm were placed in wells of a 24-well
plate and sterilized with 70% ethanol. After 10 min of sterilization,
ethanol was aspirated and samples were washed three times with
a sterile 1 PBS. Samples were seeded with cells at a concentration
of 5  104 cells per well and cultured for 72 hours in medium. After
3 days of cell culturing, the medium was removed and 400 ml of
3 mM calcein AM (live dye) and 3 mM PI (dead dye) was added to
each vial. Cells were incubated with dyes for 30 min and afterwards the signals from calcein and PI were determined with an
automated inverted life science microscope (Axio Observer.Z1,
Carl Zeiss). The single images of each sample were merged to form
a large mosaic image (2  2). Using the pictures obtained from
stained cells, the live and dead cell counts on each picture were
manually computed. Error bars were estimated using the binomial
statistics of the numbers of dead and live cells.
2.5.

Cell proliferation

An MTT assay was utilized to evaluate NIH3T3 cell growth on
the tested surfaces. Cells were cultured for 72 hours as described
3740 | Nanoscale, 2012, 4, 3739–3745

previously, the substrate sample was transferred to a well with no
cells, and 100 ml of a 5 mg ml1 solution of MTT in 1 PBS was
added to each well. MTT was allowed to be metabolized by cells
for 4 hours at 37  C in 5% CO2. Then the medium was carefully
removed from each well and the water-insoluble product was
dissolved in 400 ml DMSO. The plates were shaken for 10 min,
the optical density (OD) of the dissolved solute was read at
560 nm, and the background at 670 nm was subtracted. The
colorimetric signal (absorbance) is proportional to the number of
proliferating cells. Error bars show mean  SD estimated from
results of three independent identical experiments.
2.6.

Cell morphology

Double staining of F-actin and nuclei. Cell morphology was
determined by seeding 1 cm  1 cm samples in wells in 24-well
plates with 5  104 cells per well. After 24 hours of culture, cells
were fixed in 2% glutaraldehyde in 0.05 M cacodylate buffer for
15–20 minutes at room temperature, washed in 1 PBS containing 0.05% Tween-20, and permeabilized with 0.1% Triton
X-100 in 1 PBS for 1–5 minutes at room temperature. After
being washed three times with 1 PBS containing 0.05% Tween20, the cells were incubated in TRITC-conjugated phalloidin for
30 minutes, and rinsed three times with 1 PBS containing 0.05%
Tween-20. Nuclei counterstaining was performed by incubating
cells with DAPI for 1–5 minutes at room temperature, followed
by washing cells three times with 1 PBS containing 0.05%
Tween-20. Tested materials were mounted on slides and examined by a Zeiss Axio Observer.Z1 microscope equipped with 40
magnification objective. The sample was automatically moved
via a motorized stage, and single images were acquired in each
position. The single images of each sample were merged to form
a large mosaic image (2  2). Cell morphology and length were
assessed manually by tracing cell periphery and length and using
those values as input parameters for AxioVs40 V 4.7.1.0 software
(Carl Zeiss).
Scanning electron microscopy. After 24 hours of culture, cells
were fixed in 2% glutaraldehyde in 0.05 M cacodylate buffer for
15–20 minutes at room temperature and stored at 4  C in
a fixative buffer for 24 hours. After that, cells were post-fixed in
osmium tetroxide for 60 minutes. Next, cells were dehydrated
through a graded ethanol series (from 30% to 100%) and incubated for 20 min on dry 100% ethanol. Before capturing SEM
pictures with a Quanta 200 ESEM FEG field emission scanning
microscope, the investigated samples were coated with a 10 nm
gold layer.
2.7.

Cell motility

Cell morphology and cell motility were recorded using a timelapse microscope setup. The setup includes a computercontrolled temperature stage that keeps cells at 37  0.2  C. The
cell culture compartment (CCC) of the set-up consists of (1)
a polycarbonate main chamber for cell culturing on nanograss,
(2) a poly(dimethylsiloxane) (PDMS) seal that fits around the
main chamber, (3) a microscope glass slide on top for microscope
imaging, and (4) a clamping aluminium top part. The PDMS
mould, a microscope glass slide, and the aluminium top part were
This journal is ª The Royal Society of Chemistry 2012
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placed on the top of the polycarbonate main chamber and connected with the screws in order to assemble the CCC. For each
experiment, the polycarbonate main chamber was filled with
a cell culture medium, kept for one hour at 37  C and then
injected with 5  104 cells. The CCC seeded with cells was placed
on the temperature stage, which was mounted on a Zeiss Axiotech with an ASI microscope stage. A home-made LabView
program was used to control time-lapse intervals between
recordings of the experiments and for controlling the microscope
stage movement. Movies of NIH3T3 were recorded approximately 2 h after seeding, when cells appeared well spread out and
hence had adhered well.
2.8.

Statistical analysis of cell motility I

A LabView cell-tracking program was used for the analysis of the
recorded movies.33 Once the cell tracks were determined and
user-validated, the statistical analysis was done with a MATLAB
data analysis program.33 From the tracks, the auto-covariance
t (t2)i of the velocity was estimated. It is well described by
h~
t (t1) ∙ ~

a monoexponential function fitted out to 50 min time separation
(Fig. 1), when the first two data points, at zero and 5 min time
separation, are left out. These two data points have values that
are biased by the noise on position determinations33 and possibly
also a stronger, shorter range correlation originating from
pseudopod activity, as seen clearly in ref. 26 and 27. All datasets
were fitted in this manner, because it results in good fits, which
hence extrapolate well back to zero time separation, thus
revealing the variance h~
t 2i of the velocity, unbiased by noise on
positions and possible badly resolved contributions from pseudopod activity. Beyond 50 min the velocity auto-covariance
decreased to values that are more affected by noise, which is
correlated, as noise always is in an auto-covariance function that
is not a delta-function. This noise may look like (or mask) a real
difference in the simple exponential behaviour; see ESI†. We
might work our way around this problem by fitting to the
velocity power spectrum instead, as done in ref. 27. However, our
goal here is merely to obtain the mean squared velocity without
contamination from positional noise, etc. We are already doing
that in an optimal manner, as seen from the agreement between
our mono-exponential fit and experimental data at less than 50
min time separation. The characteristic time P of this exponential
is the persistence time of cell trajectories.26,33 Fig. 8 shows each
type of surface studied here as a point in the xy-plane, with the
root-mean-square cell speed (RMS cell speed) on a surface as xcoordinate and the persistence time of the same cell trajectories
as y-coordinate.

3. Results

Fig. 1 The auto-covariance of the velocity. Experimental results (black
squares) were calculated from the cell tracks on Si33 and fitted out to 50
min time separation with an exponential function (red; all datasets were
fitted in this manner; see ESI†). The first two data points, at 0 and 5 min
time separation, were left out for reasons given in the text. They are
shown in the ESI†.

Micrometre sized, sparsely distanced spikes (bs01), submicron
pyramidal spikes (bs02), and sub-100 nm bumps (bs03 and bs04)
were fabricated. A sample, bs05, in which the nanograss structures appear bent, was also studied. SEM images of the black
silicon samples are shown together with their measured geometry
in Fig. 2 and Table 1.
Based on the wettability measurements, all tested surfaces (Si,
bs01, bs02, bs03, bs04, and bs05) are hydrophilic in the range
from 55 to 65 . After one hour incubation at 37  C with the cell
culture medium, all surfaces became highly hydrophilic (contact
angle < 5 ).

Fig. 2 Geometrical characteristics of nanograss surface morphologies that were tested for NIH3T3 response. Substrate topography measured on SEM
images. All images were taken at a 30 angle. Scale bar: 2 mm.
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Table 1 Characteristics of different nanograss surface morphologies
tested for NIH3T3 response

Sample

Density
[particles per mm2]

Pitch
[mm]

Diameter
[mm]

Height
[mm]

bs01A
bs01B
bs02
bs03A
bs03B
bs04

5.30
0.04
7.40
24.3
2.16
14.80

0.43
5.00
0.37
0.20
0.70
0.26

0.198
1.743
0.074
0.071
0.095
0.071

0.333
4.216
0.296
0.061
0.286
0.102

Fig. 4 Cell viability on the tested samples (calcein–PI test). Error bars
were estimated using the binomial statistics of the numbers of dead and
live cells. There were no dead cells, hence the vanishing error bar, on PS.
Fig. 3 Morphology of NIH3T3 cells on flat Si in CCC after 2 hours (left)
or 26 hours (right) after seeding with cells. Scale bar: 100 mm.

It is essential to account for the phase of cells during experiments. Further data analysis depends on it, as does comparison
of results across the whole study of cell response to various
substrates. Cell cultures display different properties in the lag
phase during adaptation to a new environment phase, the log
phase of exponential growth, and the stationary (plateau) phase.
As we observe that cells respond in different ways to proteincoated and uncoated surfaces, e.g. in Fig. 3, NIH3T3 displays
various morphologies on flat Si in CCC after 2 hours (left) or 26
hours (right) after cell seeding into the CCC. Therefore, data
analysis of cell motility was done for the first 24 hours of
experimental trajectories, starting 2 hours after cell seeding
where the cells appeared to have attached, to ensure that it
primarily is the effect of the substrate that the study is measuring,
and not of some protein coating left by cells.
3.1.

Fig. 5 Measurement of growth of NIH3T3 cells in response to the
different substrates – MTT test. Error bars show mean  SD from three
independent experiments.

Cell viability and cell proliferation

Measurements of cell proliferation and cell viability are often
used to determine cell response to a particular stimulus or toxin.
We used cells grown on tissue-grade polystyrene (PS, 24-well
plate, NUNC) as a reference condition. To assess cell viability/
death on our various surfaces, the calcein–propidium iodide
assay was used (Fig. 4), and to estimate cell proliferation rates,
we used the MTT assay (Fig. 5). About 5% of the cells were dead
on most of the tested materials (Fig. 4). The exception was the
surface bs05, which apparently was strongly cytotoxic, since
approximately 50% of cells on it were dead (Fig. 4). In contrast,
PS did not induce any detectable cell death. The cytotoxicity of
the bs05 surface was also apparent in the MTT proliferation
assay (Fig. 5). Comparing Fig. 4 and 5, some small differences
between cell viability and proliferation were observed, with cells
on flat Si and some of the nanostructured surfaces (b02 and bs04)
showing slightly less signal in the MTT assay, possibly indicating
lower metabolic activity on such substrates compared to those of
PS, bs01 and bs03.
3742 | Nanoscale, 2012, 4, 3739–3745

3.2.

Surface induced changes in cell morphology

The various surfaces induced different cell morphologies. To
quantify these morphological changes, NIH3T3 cells were fixed,
permeabilized and stained with TRITC-conjugated phalloidin
(green) to visualize F-actin (Fig. 6). Cell areas and lengths were
evaluated from the fluorescence-emitting regions and represented
as histograms (Fig. 6). The cells cultured on bs03, bs04 and bs05
showed similar cell areas and lengths. The bs01 sample was
characterized by more than 50% cells with the area values
between 500 and 1000 mm2, which means that the cells are very
small. The NIH3T3 cells on Si in contrast displayed various
morphologies, their areas were in the range from 30 to 3000 mm2,
and lengths between 20 and 140 mm.
SEM pictures of NIH3T3 cells cultured on the bs02 and bs03
are presented in Fig. 7. The differences in cell shapes and sizes are
observed not only between two different samples, bs02 and bs03,
but also for cells cultured on the same sample.
This journal is ª The Royal Society of Chemistry 2012
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Fig. 6 Visualization of the actin component of cytoskeleton. NIH3T3 cells were fixed, permeabilized and stained with TRITC-conjugated phalloidin
(green) to visualize F-actin. Images were captured by a Zeiss Axio Observer.Z1 microscope equipped with 40 magnification objective. The single
images of each sample were put together to form a large mosaic image. The cell areas and lengths were evaluated from the fluorescence-emitting regions
and represented as histograms. The differences in cell areas and lengths of NIH3T3 cells on tested samples indicate that cells respond to topographic cues
in various ways, even when proliferation- and viability assays cannot distinguish between substrates (Fig. 4 and 5). Scale bar: 100 mm.

3.3.

Statistical analysis of cell motility II

Fig. 8 shows each type of surface studied here as a point in the
xy-plane, with the root-mean-square cell speed (RMS cell speed)
on a surface as x-coordinate and the persistence time of the same
cell trajectories as y-coordinate. Flat Si and bs04, whose topography features the finest nanograss spikes of all surfaces studied

here, have the lowest values of the RMS cell speed. At the other
end of the x-axis, with the RMS cell speed approximately two
times larger, one finds bs01, which features large, sparse spikes.
On this sample we find the smallest persistence time P, whereas
on the sample bs03 with sub-100 nm bumps, we find the longest
persistence time P. The flat Si characterized by the lowest values

Fig. 7 SEM pictures of NIH3T3 cells cultured for 24 hours on the bs02 (top row) and bs03 (bottom row) samples. The differences in cell shapes and
sizes can be observed not only between two different samples, bs02 and bs03, but also for cells cultured on the same sample. Scale bar: 5 mm.
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Fig. 8 Persistence times P of cells on the different surfaces plotted
against the values of the RMS cell speed. Both values were obtained by
fitting a monoexponential function to the auto-covariance of velocities in
trajectories. These results show that nanotopography alone can lead to
large variations in the RMS cell speed and persistence time. This type of
motility analysis provides a new and different parameterization of
differences in cell responses to various surfaces.

of the RMS cell speed, displayed the second-longest persistence
time among the tested samples.

4. Discussion
The study was designed to answer some specific questions:
 Can we observe any changes of cell responses to flat and
nanograss substrates by measuring cell viability, proliferation,
morphology, and motility? Do different measurements of cell
properties correlate?
 If yes, can we use those parameters to discriminate whether
one type of substrate will affect cell behaviour more than the other
will? Do they provide a comparable amount of information?
Common biocompatibility parameters used to measure cell
responses to nanostructured substrates include cell viability,
adhesion, proliferation, and morphology. In ref. 31 it was shown
that laser-structured Si micro- and nanospike scaffolds can
influence NIH3T3 and primary neuronal cell behaviour. In this
interesting study, cell adhesion and morphology were used as
main biocompatibility parameters.
In the present study NIH3T3-cells were grown in sparse
cultures on nanograss structures. Based on the wettability
measurements, all tested surfaces (Si, bs01, bs02, bs03, bs04, and
bs05) are hydrophilic. However, in general, surfaces upon treatment with a supplemented cell culture medium containing serum,
are coated immediately with proteins.32 Therefore, liquid contact
angles as measured on dry, pristine surfaces are difficult to
interpret and do not lead to any firm conclusions. After incubation with the cell culture medium, the tested surfaces became
highly hydrophilic showing that all samples display a similar
wettability profile to cells. In ref. 29 it was shown that the optimal
cell adhesion was obtained for small roughness ratios of 3D micro/
nano silicon structures, independent of the surface wettability and
chemistry. This observation implies a non-monotonic dependence
of NIH3T3 fibroblast adhesion on surface energy.
3744 | Nanoscale, 2012, 4, 3739–3745

Cell viability, proliferation, and morphology were determined,
as those methods are by far the most commonly used to assess the
impact of materials. We found that a viability assay (Fig. 4) and
the MTT cell growth assay (Fig. 5) give correlated results, with
the sample bs05 showing less growth and viability. To assess the
morphological effect of tested substrates, the NIH3T3 cells were
labelled with TRITC–phalloidin to visualize F-actin. The
differences in the cell areas and lengths of NIH3T3 cells on tested
samples were observed and they indicate that cells respond to
topographic cues in various ways, even when proliferation and
viability did not differ between substrates (Fig. 6).
In addition to commonly used biocompatibility methods, we
studied cell motility on nanograss substrates by statistical analysis of time-lapse recorded movies of trajectories of individual
cells in sparsely populated cultures. While we observed no simple
correlation between surface nanotopography and cell motility,
the results show that nanotopography alone can lead to large
variations in the values of the RMS cell speed and persistence
time of the motility, nearly an order of magnitude. The large
influence of substrate topography on cell motility and its
significant influence on cell morphology do not correlate with the
results of the other assays, where e.g. the flat silicon substrate
does not appear as particularly different from the other samples,
and bs01 also gives results that appear average. In the present
study, no simple interdependence was displayed between cell
morphology, expressed as cell area and length, and cell motility.
Cells come in a wide range of morphologies as indicated by
Fig. 6. The SEM images in Fig. 7 are only showing what
appeared to be representative images of a few cell morphology
types in the culture. They indicate that differences in shapes and
sizes of NIH3T3 cells, and a number of filopodia per cell are
observed not only between the bs02 and bs03 samples, but also
for cells cultured on the same sample.
Our results indicate that the simple motility analysis presented
here parameterizes cell response to surfaces better than established cell assays do. This may contribute to an improved
understanding of the impact of topographic features on cell
behaviour. The topography of ECM steers cell motility through
topographic guidance. In cell and tissue engineering, a greater
knowledge of cell motility may help design and engineering of
biomaterials with better control of cell behavior. Motility
promoting substrates will ensure cells can reach their targets
faster and slow cells down in other regions with motility reducing
chemical and topographic patterns. Such substrates may
improve the fraction of cells that reach desired phenotypes in
tissue engineering.
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a b s t r a c t
We present here a proof of concept for a novel fabrication method of vertically aligned carbon nanotube
forests, utilizing black silicon nanograss (a forest of silicon nanometer-sized spikes created with reactive
ion etching) coated with titanium tungsten diffusion barrier as a template. The method allows maskless
deﬁnition of carbon nanotube forests with control of their density, nanotube diameter and height. Four
nanograss reactive ion etching recipes are investigated and their wafer-to-wafer repeatability, wafer uniformity, and density control is discussed. Evaluation of carbon nanotube forests grown on the nanograss
substrates is presented with discussion of their morphology, diameter distribution, and catalyst thickness
inﬂuence.
Ó 2012 Elsevier B.V. All rights reserved.

1. Introduction
Carbon nanotubes due to their unique physicochemical properties are a subject of extensive studies in many application ﬁelds
including electronics, electro-chemistry, or biotechnology, to mention the few. For nanotube devices to reach their industrial maturity, economical and high in yield fabrication methods must be
accessible. Plasma enhanced chemical vapor deposition (PECVD)
is the state of the art approach for growth of sparse CNT forests
[1]. Metal catalysts (nickel, iron, or other) are used in the process,
where each single particle nucleates one nanotube, and deﬁnes its
diameter and structure. Therefore, the catalyst pattern deﬁnes distribution of carbon nanotubes in the forest [1].
Several approaches of patterning the catalyst are available,
offering different levels of control and feature size. The simplest involves annealing of a thin (few to tens of nm) ﬁlm of the catalyst,
where it agglomerates into nanoparticles with a random distribution of droplet size [1]. Thicker ﬁlms require patterning as surface
tension prevents them from breaking up into the particles. Photolithography is a well established patterning method, but unfortunately it is limited to submicron resolutions. E-beam writing
offers ultimate resolution however it is too expensive for mass production. Alternatively shadow masking has been used for catalyst
patterning [2]; yet it suffers proximity errors. Self assembly also offers a good alternative and can provide nanometric patterning [3],
⇑ Corresponding author.
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but do not allow mesoscale (in the range from 100 to 1000 nm)
feature sizes. Finally, solid spherical nanoparticles of catalyst metals are commercially available with narrow distribution of the
diameters and could be dispersed from a volatile solution; however that approach offers poor control on the particle distribution.
We present here a novel cost-effective maskless fabrication
method meeting the needs of well controlled CNT distribution.
The method is maskless in the sense that it alleviates the need
for deﬁnition of single CNT positions, which would have to be done
with EBL or other techniques. Masked (or other) techniques are
still required to create the larger-scale patterns containing islands
of the CNTs (e.g. electrode pads), and this can be realized with e.g.
UV-lithography. The method relies on use of a topographical conﬁnement of the metal catalyst on a nanostructured diffusion barrier. The topographical conﬁnement is created from a silicon
black [4], also known as ‘nanograss’ (Fig. 1a), onto which the diffusion barrier is conformally coated with titanium tungsten (Fig. 1b).
The density, aspect ratio and height of the nanograss are controlled
solely with the parameters of the reactive ion etching (RIE) of the
plane silicon wafer [4]. With a suitable combination of TiW coating
and nanograss topography, very limited space is left between the
coated nanograss protrusions. The catalyst is deposited with
e-beam evaporation and as the deposition is highly directional, it
resides mostly on the nanograss hemispherical caps and ideally
does not reach the gaps between the protrusions in sufﬁcient
amounts to form catalytic particles.
Annealing causes the catalyst residing on the peaks to agglomerate into single droplets. As the droplets are isolated from each
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Fig. 2. SEM top views of the investigated nanograss samples: (a) RIE1, (b) RIE2, (c)
RIE3, and (d) RIE4. The images were taken in the centers of the wafers. The scale bar
is 1 lm and applies to all four structures.
Fig. 1. The concept of growing a CNT forest on a conformally coated silicon
nanograss (scale bar 1 lm, the typical nanograss spike size and distance is between
50 nm and 5 lm). (a) Silicon nanograss protrusions (scale bar 1 lm), (b) TiW coated
nanograss (scale bar 1 lm), (c) CNTs grown on the coated nanograss from annealed
8 nm Ni thin ﬁlm on top of the TiW (scale bar 5 lm), (d) close up of the CNTs grown
on the protrusions. Most of the CNTs grow from single peaks of coated nanograss
(1), while minority grows from merged protrusions (2) or from in-between the
protrusions (3).

other their size distribution ﬁts within a narrow range deﬁned by
the average amount of the catalyst deposited on each nanograss
peak. This leads to creation of a uniform forest of CNTs with one
nanotube growing from one nanograss protrusion (Fig. 1c). Therefore, the density of the forest is deﬁned by the density of the nanograss, CNT diameter is controlled by the average catalyst thickness
and the CNT length by PECVD processing time. This paper presents
a proof of concept for that technology, with fabrication details and
uniformity analysis.
2. Results and discussion
2.1. Silicon nanograss
The RIE method offers maskless fabrication of black silicon
nanograss. The masking effect is obtained with the native silicon
oxide residing on the wafers and the etched protrusion proﬁles
and densities are controlled with a balance between chemical
and physical etching processes present within the RIE. This offers
a rich variety of morphologies, densities, aspect ratios and heights
[4]. To control the catalyst distribution well the nanograss protrusions shall be straight or slightly undercut pillars, so the gaps that
remain after the diffusion barrier coating are of a minimal size. The
aspect ratio of the protrusions shall not be too high, as the coated
protrusions are supposed to mechanically support the nanotubes.

The density of the protrusions per surface area should be batch
repeatable and uniform across the wafers. Finally, the protrusions
shall not cluster but be distributed uniformly. Otherwise, large
gaps between the protrusions would allow the catalyst to collect
and form nanoparticles of uncontrollable sizing.
A recipe known from previous studies [5] produces protrusions
with the above mentioned morphology (RIE_1) and was chosen as
a starting point. Three additional recipes were investigated (RIE_2,
RIE_3, RIE_4) to evaluate how well the protrusion density can be
controlled, the clustering avoided and the morphology preserved.
Two 400 wafers were fabricated with each recipe to evaluate wafer-to-wafer repeatability. Chamber pressure and processing time
were varied and the other plasma processing parameters were kept
constant: SF6 = 30 sccm, O2 = 27 sccm, coil power = 0 W, platen
power P = 120 W, chuck temperature T = 10 °C (Table 1).
After fabrication, scanning electron micrographs (SEM) of each
nanograss wafer were obtained (Fig. 2) at radial distances from
the wafers’ center: 0, 10, 20, 30, 40 and 50 mm. Images were processed with ImageJ software in order to retrieve the statistical
information on peak density and nearest neighbor distance
(NND). The images were subjected to Gaussian ﬁlter (2 pix), and
binary threshold was applied. The threshold value was set for each
image manually preserving the least bright peaks. Particles were
counted with the particle analysis standard ImageJ function, and
the mean and variance of the distances between nearest neighbors
(NND) were measured with a Delaunay–Voronoi triangulation
algorithm plug-in [6].
On the investigated 400 wafers the morphology of the nanograss
is preserved within a radius of 30 mm. Beyond that central region
the protrusions are collapsed or undeveloped. This is a common
feature of RIE fabricated nanograss: as the edge effects disturb
plasma distribution over the wafer, the nanograss exhibits proper

Table 1
Nanograss fabrication recipes. Each recipe was used at Advanced Silicon Etcher (ASE) machine to fabricate two wafers. The other
parameters were: SF6 = 30 sccm, O2 = 27 sccm, coil power = 0 W, platen power P = 120 W, chuck temperature T = 10 °C.
Recipe

Processing time [min]

Chamber pressure [mTorr]

TiW coating [nm]

Nickel deposition [nm]

RIE_1a
RIE_1b
RIE_2
RIE_3
RIE_4
Control_a
Control_b

4
4
16
3
3
–
–

40
40
48
20
38
–
–

250
250
–
–
–
250
250

8
10
–
–
–
8
10
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Fig. 3. Radial uniformity of two silicon nanograss recipes (RIE_3 and RIE_4). Mean
nearest neighbor distance was measured with Delaunay triangulation algorithm.
Fig. 5. SEM images of the fabricated CNT samples: (a) ﬂat control sample with 8 nm
of catalyst (Control_a), (b) ﬂat control sample with 10 nm of the catalyst
(Control_b), (c) silicon nanograss coated with 8 nm of catalyst (RIE_1), (d) silicon
nanograss coated with 10 nm of catalyst (RIE_1b). Scale bar: 2 lm for all images.

Fig. 4. Nanograss NND control with RIE chamber pressure and processing time.

morphology over a limited, central area of the wafer [5]. The mean
NND between the protrusions tends to increase slightly outwards
the center of the wafer (Fig. 3). Wafer-to-wafer mean NND repeatability is within 10% on the measured wafers and allows control of
the distance between 150 and 700 nm for all investigated recipes
(Fig. 4).
2.2. Carbon nanotubes
After the plasma processing each wafer was sputter-coated
with TiW, and e-beam evaporated with Ni (Table 1). The wafers
were subsequently processed with PECVD in an Aixtron BlackMagic system with ammonia used as a reducing agent and acetylene.
The processing recipe was: chamber pressure set to 6 mbar, NH3
soak (250 sccm) for 60 s at room temperature, temperature ramp
to 625 °C, wait for 10 s, DC plasma (800 W), C2H2 feed at 50 sccm,
wait for 30 s, temperature ramp to 750 °C and process for 15 min.

Fig. 6. Diameter distributions of the CNT forests.

Control samples with a ﬂat TiW surfaces were co-fabricated.
Images of the CNT forests on samples RIE_1a, RIE_1b and their corresponding control samples were taken with SEM (Fig. 5) and analyzed with ImageJ software. The diameters and the CNT number
density were measured manually. Histograms were used to evaluate the diameter distributions (Fig. 6).
A visual inspection as well as histograms indicate a signiﬁcant
difference in CNT formation between the two ﬂat control samples
(Fig. 5a and c). The CNT forest on the sample Control_a with 8 nm
of the catalyst is relatively uniform, while the forest grown on sample Control_b from 10 nm of catalyst exhibits high non-uniformities with several CNTs of high diameter present.
Investigation of the CNTs grown on nanograss shows a considerable improvement of the diameter distributions for both RIE_1a
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and RIE_1b samples, correlated with the fact that most of the nanotubes grow from single nanograss protrusions (Fig. 5). While it is
unavoidable that part of the CNTs grows from in-between the
nanograss protrusions, or that the catalyst merges on two or more
neighboring protrusion peaks forming one CNT, the histograms
show considerable narrowing of the diameter distributions at the
both samples (Fig. 5c). The mean diameter for samples RIE_1a
and RIE_1b are 53 and 88 nm, respectively. It indicates the expected dependence of the CNT diameters on the catalyst amount;
more investigation is needed however in order to quantify this
effect.
The narrow end of the histograms can be attributed to CNTs
growing from in-between the CNTs, while the thick diameter CNTs
seem to be growing from merged protrusion tops (Fig. 1c) (growth
of the CNTs from large gaps caused by clustering should not be
considered, as the nanograss recipe RIE_1 exhibits negligible clustering). Both histograms are fairly symmetrical and that indicates
lack of dominance of either of the effects. The diameter distribution
is narrower for the sample covered with less catalyst (RIE_1a). This
can be explained with lower probability of peak-to-peak particle
merging, as well as lower amount deposited into the narrow gaps
between the protrusions, and thus lower probability of CNT
growth.
3. Conclusions
Within this study we presented a novel concept for a maskless
method of growing vertically aligned carbon nanotube forests on
silicon nanograss with controllable density and diameter distribution. It is possible to control the nanograss properties with RIE processing parameters and obtain nearest neighbor distance between
the protrusions in the range of 150–700 nm. The growth is waferto-wafer repeatable and yields ca. 40% of each wafer surface.
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Growth of the carbon nanotubes on the nanograss highly improves
their diameter distribution and NND, and the mean diameter is
controllable with the amount of deposited catalyst.
4. Outlook
Titanium tungsten used as the diffusion barrier is advantageous
due to its electric conductivity and chemical stability. This renders
the method to be a promising solution for CNT device fabrication,
including electrochemical sensors, Raman resonators, or ﬁeld
emission guns. Good electric conductivity of the nanograss coated
with TiW have been proven with four-point probe measurements
[7], and further investigation will involve measurements of CNT
forests conductivity, grown with the said method. For applications
of electrochemical sensing the electrically connecting base layer
needs to be isolated. Numerous studies report several different approaches, including silica coatings [8], CVD polymer coatings [9] or
spin coated resins [10]. Applicability of these solutions will be
investigated, as well as self-insulation of TiW through anodic oxidation, as it is a promising feature of the titanium tungsten [11].
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ABSTRACT
We demonstrate an application of three-way flexible
micro four-point probes for indirect uniformity
characterization of surface morphology. The mean sheet
conductance of a quasi-planar 3D nanostructured surface
is highly dependent on the surface morphology, and thus
accurate sheet conductance measurements may be useful
for process uniformity characterization. The method is
applied for characterization of TiW coated nanograss
uniformity. Three-way flexible L-shaped cantilever
electrodes are used to avoid damage to the fragile surface,
and a relative standard deviation on measurement
repeatability of 0.12 % is obtained with a measurement
yield of 97%. Finally, variations in measured sheet
conductance are correlated to the surface morphology as
characterized by electron microscopy.

INTRODUCTION
Densely nanostructured surfaces and nanowire arrays
are relevant for a number of applications, including
photovoltaics [1], superhydrophobic surfaces [2] and
surface enhanced Raman spectroscopy [3, 4]. A range of
tools such as Atomic Force Microscopy (AFM), Scanning
Electron Microscopy (SEM) and ellipsometry [5] are
available for characterization of homogeneity of surface
morphology as well as other physical properties. There is
no established method for measuring the homogeneity of
the electrical properties of fragile nanostructured
surfaces.
Micro four-point probes (M4PP) with straight
cantilevers [6] have in recent years proved to be a very
useful tool for accurate sheet resistance and carrier
mobility characterization of ultra thin films [7].
Compared to conventional four-point probes, the M4PP
greatly reduces the destructive nature of the probe contact
[8]. However, electrical characterization of fragile
surfaces such as organic thin films and high-aspect ratio
nanostructured surfaces require an even gentler probe
contact in order to avoid structural damage induced by
lateral contact forces during mechanical contact.
Three-way flexible L-shaped cantilever electrodes have
been developed to achieve static contact on planar
surfaces which drastically reduces frictional tip wear [9].
This type of probe is here applied to provide

978-1-4577-0156-6/11/$26.00 ©2011 IEEE

non-destructive
contact
to
fragile
conductive
nanostructured surfaces.
In this paper, we propose a four-point probe method
for indirect uniformity characterization of nanostructured
surfaces. We investigate the measurement repeatability as
well as the sensitivity to surface morphology variations
by characterization of fragile TiW coated nanograss.
Using three-way flexible electrodes we demonstrate how
the mechanical contact may be non-destructive, resulting
in an increased measurement yield compared to
conventional straight cantilever electrodes.

CONDUCTANCE AND MORPHOLOGY
The exact analysis of four-point measurements of
non-planar structures is not trivial. However, we may
define a mean sheet conductance GS for a quasi-planar 3D
structured conductive film with a mean thickness d much
smaller than the electrode pitch s, d≪s. The mean sheet
conductance is dependent on the thin film conductivity
and morphology. The conductivity of thin films with a
thickness comparable to the carrier mean free path is
strongly dependent on the film thickness [10, 11].
However, the film thickness and specific surface
morphology are both simple geometrical effects, and it
follows that four-point measurements may be used as an
indirect method to monitor variations in surface
morphology, e.g. nanowire density, length and diameter.
(a)

Δz
30 o

(b)

δ
Δz

z
y
x

Figure 1: Schematic view of the conventional straight
cantilever (a) and the L-shaped cantilever (b) engaged a
distance ∆z on fragile TiW nanograss. The straight cantilever is
virtually incompressible and thus slides with a distance δ while
damaging the nanograss. In comparison, the L-shaped
cantilever exerts far smaller lateral force and thus allow to the
probe tips to maintain a non-destructive static contact.
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THREE-WAY FLEXIBLE ELECTRODES
To obtain a high measurement yield on fragile thin
films and to avoid excessive sample damage, contact
forces must be minimal. Straight cantilever electrodes are
virtually incompressible in the cantilever length direction,
hence for the straight cantilevers used in this work, the
spring constant is more than two orders of magnitude
larger in the length direction than in orthogonal
directions. Thus, straight cantilevers will exert a large
lateral force on the fragile nanostructured surface during
engagement. In contrast, L-shaped cantilevers are
designed to be equally flexible in all directions, and so the
reaction force is almost perfectly normal to the sample
surface and the lateral force insignificant Flat ≈ 0. Figure 1
shows a schematic comparison of the two cantilever
designs resulting in destructive and non-destructive
mechanical contacts to a nanograss surface for the straight
and L-shaped cantilevers, respectively.

EXPERIMENTAL
The samples used in this investigation are TiW coated
silicon nanograss. High aspect ratio nanograss was
prepared by deep reactive ion etching (DRIE) of 100 mm
boron-doped silicon wafers (1-20 Ωcm) using the black
silicon method [4] and subsequent sputter deposition of
semi-conformal TiW with a nominal thickness on planar
surfaces of 300 nm. The DRIE process was performed in
an STS ICP Advanced Silicon Etcher and TiW coating
was done in a Wordentec deposition system.
Micro four-point probes where fabricated in 5 µm
thick polysilicon using a process described by Özlem et
al. [12] and the cantilever electrodes were coated with
10/200 nm Ti/Ni. Both straight and L-shaped cantilevers
have a nominal spring constant of approximately 10 N/m
normal to the sample surface.
Experiments to evaluate mechanical contacts were
performed in-situ in an FEI Nova 600 NanoSEM with a
M4PP SEM Module. Four-point repeatability and
uniformity measurements were performed on a CAPRES
microRSP-M150 using lock-in technique with a
frequency of 11 Hz and a current set-point of 200 µA.
Measurements were done with 20 µm electrode pitch and
the mean sheet conductance was calculated using the dual
configuration method [13, 14].

RESULTS AND DISCUSSION
Non-destructive contacts
To study contact scrub marks on nanograss, in-situ
M4PP measurements with simultaneous recording of
SEM images were performed with both cantilever types.
For an engagement depth ∆z of 1-2 µm, large scrub marks
resulted from the straight cantilevers, cf. Fig. 2 (a,b),
while no damage was observed for L-shaped cantilevers,
cf. Fig. 2 (c,d). Even for an engagement depth of 20 μm,
static contact was maintained and no visible damage at the
tip contact area was observed. The results are
representative for several experiments and visible damage
was in no cases observed with the L-shaped cantilevers.

Figure 2: In-situ SEM images of M4PP measurements on TiW
nanograss samples. (a,b) with engagement ∆z of 1-2 µm, the
straight cantilever probes leave large scrub marks with a
radius of ~1 μm, (c,d) while the L-shaped cantilever probes
leave no visible sample damage.
Table 1: Measurement repeatability on TiW nanograss with
65 measurement attempts for both probe types.
Cantilever type
Straight
L-shaped
0.1835
0.1838
Sheet conductance, GS (S)
Standard deviation
0.55 %
0.12 %
76 %
97 %
Measurement yield1
1
Good measurements / measurement attempts

Measurement repeatability
The measurement repeatability for the straight and
L-shaped cantilevers is compared based on 65
measurement attempts (separate touchdowns with lateral
steps of 5 µm) for both probe types; and the results are
summarized in Table 1. The relative standard deviation in
repeatability using L-shaped cantilevers is similar to that
on planar thin film materials [15], whereas the straight
cantilever probes exhibits a 1σ repeatability, which is five
times larger. Both probe types measure the same mean
sheet conductance since the sensitivity of dual
configuration four-point probe measurements is very
small at the probe contacts [16] where damage occurs for
the straight cantilevers. In addition, the L-shaped
cantilever probe shows a clear improvement in the
measurement yield, reaching 97 % compared to 76 % for
the straight cantilevers. The reduced measurement yield
observed with the straight cantilevers is related to poor
electrical contact and is most likely associated with
nanograss fracturing.
Sample uniformity
Characterization of process uniformity and process
control in manufacturing are interesting applications. For
such applications the method must be sensitive to
variations in surface morphology. Figure 3 shows an
example of the radial variation in measured sheet
conductance of a TiW coated high aspect ratio nanograss
sample compared to a planar TiW coated reference
sample. Small peak-to-peak sheet conductance variations
of 4% are measured on the reference sample due to
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1 µm

Figure 3: Sheet conductance characterization of nanograss uniformity (•) and a planar reference wafer (×) with conformally
sputter-deposited TiW. SEM micrograph inserts with corresponding scale bar relates the change in sheet conductance to the
nanoforest morphology which is radial symmetric on the wafer with origin in the wafer center.

process chamber shadowing effects. However, the
reference sample variations are insignificant compared to
the dominant variations on the nanograss sample which
appear radial on the wafer. Radial process variations
caused by plasma loading effects is a well known
phenomenon [17] and it also affects the nanograss density
and morphology as the micrograph inserts reveal. Several
similar nanograss samples were processed with slightly
different plasma parameter yielding different results, but
the large sensitivity to variations is representative for all
samples measured.

CONCLUSION
Four-point probe measurements have been proposed
as an indirect method for characterization of surface
morphology. A relative standard deviation in
measurement repeatability of 0.12 % has been found,
which is very close to measurement repeatability on
planar conductive samples [15]. The method displays
high sensitivity to variations in surface morphology and
could be a possible metrology solution for process
uniformity optimization and process monitoring.
Non-destructive micro four-point measurements have
been demonstrated with three-way flexible cantilever
electrodes whereas conventional straight cantilevers leave
large scrub marks at the electrode contacts on these fragile
nanograss samples. The non-destructive contacts result in
a measurement yield of 97 % which is a significant
improvement compared to straight cantilevers (76 %).
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ABSTRACT
This paper presents an assessment of titanium tungsten
(TiW) coatings and their applicability as components of
biosensing systems. The focus is put on using TiW as an
electromechanical interface layer between carbon nanotube
(CNT) forests and silicon nanograss (SiNG) cell scaffolds.
Cytotoxicity, applicability to plasma-enhanced chemical
vapor deposition (PECVD) of aligned CNT forests, and
electrochemical performance are investigated. Experiments
include culturing of NIH3T3 mouse embryonic fibroblast
cells on TiW coated silicon scaffolds, CNT growth on TiW
substrates with nickel catalyst, and cyclic voltammetric
investigation with PBS-buffered potassium hexacyanoferrate (II/III).
Keywords: electrochemistry, carbon nanotubes, titanium
tungsten, biosensing

1

INTRODUCTION

Carbon nanotubes, aside from other applications, are of
great interest in bioelectrochemical detection. Multiple
sensing applications and electrode arrangements have
continuously been reported within the last years [1].
Usually, CNT electrodes are formed on flat substrates.
However, nanostructured surfaces with controlled
roughness are effective scaffolds for cell culturing and
tissue interfacing [2]. Proper choice of surface morphology
may either promote or impede cellular growth, and thus
allow patterned control of these. In our research, we seek
for synergy of both technologies: electrochemistry of
carbon nanotubes and scaffolding capabilities of
nanostructured surfaces. As one of the first steps towards
this goal, we need an electric interface layer between the
CNTs and the scaffolds. The aim is an electrically
conductive conformal coating, which is biocompatible and
electrochemically stable.
Titanium tungsten is a chemically stable, mechanically
robust, and electrically conductive material. Its thin
conformal coatings can be deposited by sputtering, and thus
we chose it as a candidate for our application. Additionally,
TiW (as well as pure titanium) exhibits an interesting
feature of anodic oxidation [3], [4], [5]. Resulting oxide
layer is highly resistive and stable. The thickness can be

controlled by the applied potential level [3], thus leaving
conductive core leads for the electrodes. If feasible, this
could be highly advantageous as usually CNT electrodes
are being coated with insulation layers of silica [6] or spin
coated polymers [7], and this could be avoided and would
simplify the system and fabrication process. It needs to be
noted that such an electrode with fully exposed (not buried
within an isolation layer) vertically aligned CNT forest is
prone to collapse due to capillary forces. However, it has
been proven that such a process appears during drying of
the CNT electrodes, not during the initial wetting, and that
critical point drying in CO2 can revive the wetted CNT
forests [8].

2

EXPERIMENTAL METHODS

All the investigated samples were prepared by
magnetron sputtering of TiW (10%at.Ti:90%W, Wordentec
coater) onto low doped (resistivity 1-20 Ωcm) 4” silicon
wafers with either flat or nanostructured surfaces.
Nanostructuring of silicon was made by the black silicon
method [9] with reactive ion etching (RIE) in STS ICP
Advanced Silicon Etcher system using CF4, SF6, and O2
plasma. Nickel deposition was made by e-beam evaporation
and gold deposition by thermal evaporation, both in a
Wordentec coater system.

2.1

Cell growth

Silicon nanograss wafers were coated with 100 nm of
TiW and diced into chips of 10x10 mm2. NIH3T3 cells
were cultured for 72 hrs to obtain an adherent monolayer on
the chips and flat Pyrex substrates that were used as a
control. NIH3T3 cells were grown in Dulbecco’s modified
Eagle’s medium with Glutamax (DMEM; GIBCO Life
Technologies), 10% newborn calf serum (NBS; Sigma) and
1% penicillin-streptomycin (P/S; GIBCO Life Technologies). Standard conditions: 37°C and an atmosphere of
5% CO2 were applied. Vybrant™ CM-DiI labeling solution
(Molecular Probes) was used for determining the cell
viability according to protocol, which was provided by
supplier. To visualize fluorescently labeled cells, a Carl
Zeiss Axio Imager M1m equipped with an AxioCam Mr.5
camera was employed.

2.2

Carbon nanotube growth

3

Flat and nanostructured silicon wafers were coated with
100 nm of TiW. No additional diffusion barrier was used.
Nickel catalyst was deposited with a nominal thickness of
6 nm. Subsequently, PECVD growth was performed in a 6”
Aixtron Black Magic system (6 mTorr N2, 160 sccm NH3,
40 sccm C2H2, 100 W DC plasma, 750 ⁰C, and 15 min).

2.3

Electrochemistry

Cyclic voltammetry (CV) of 10mM potassium hexacyanoferrate (II/III) in 50mM phosphate buffered saline
(pH = 7.02) (PBS) was used to assess electroactivity of the
samples. GAMRY Reference 600 potentionstat was used,
with a commercial Ag/AgCl (3M KCl) reference electrode,
and a coiled platinum wire counter electrode. Working
electrode area was defined by an O-ring with 3.75 mm
diameter. CV cycles were run at a scan rate of 50 mV/s. 50
consecutive CV cycles were run for each sample to assess
stability.
Three types of samples were investigated: (A) TiW on
flat Si; (B) Au islet on flat Si/TiW; (C) PECVD-grown
forest of aligned CNTs. All TiW coatings had 100 nm
nominal thickness. Gold was thermally evaporated (20 nm)
through 1.5 mm thick PMMA shadow mask with Ø0.5 mm
holes.

a

3.1

RESULTS AND DISCUSSION

Silicon nanograss fabrication

Silicon nanograss scaffolds were investigated with SEM
(FEI Quanta 200 FEG) at 45º angle. Silicon formed rippled
pyramidal structures, as well as high aspect ratio spikes
(Figure 1a). Titanium tungsten conformally coated the
nanostructures (Figure 1b), and balled up around surface
irregularities (inset of Figure 1b).

3.2

Cell growth

Investigation with fluorescent microscopy reveals good
proliferation and cell adhesion to the scaffold substrates
with the cells exhibiting extended morphologies. Within a
used time frame of 72hrs, no signs of cytotoxicity were
observed, i.e. cellular adhesion, spreading and growth
proceeded normally, resulting in characteristic cell
morphology.

3.3

Carbon nanotube growth

SEM imaging (SEM LEO, 5kV) shows sparse,
vertically aligned CNT forests on both flat and
nanostructured substrates (Figure 2a). TEM imaging (FEI
Tecnai, 80kV, bright field) reveals carbon nanofibre (CNF)

b

5 µm

c

5 µm

2 µm

Figure 1: Silicon after treatment with SF4/SF6/O2 plasma forms pyramidal and corrugated nanostructures (a). Coating of the
formed nanograss with TiW results in a conformal layer (b) balling up on the corrugations (inset).
Deposition of nickel catalyst and PECVD processing creates a hierarchical CNTs forest (c).

a

b

5µm

c

10 nm

100 nm

Figure 2: Quality of the fabricated CNT forest was assessed with SEM (a) and TEM (b, c). The forests are vertically aligned
with fibres of 20 to 100 nm in diameter. Structure of the tubes is bamboo-like with mostly nanofibres (CNFs) present.
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structure (Figures 2b and 2c) which is typical for PECVD
grown aligned forests [10]. The process has tip-growth
character with nickel catalyst nanoparticles placed at the
tops of the fibers.
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The CVs of sample A (Figure 3a) show a strong
passivation of the TiW coating due to the anodic oxidation.
Formation of the insulated layer is nearly instant and the
following CVs are stable within most of the potential range,
revealing only small passivation for the highest potential.
Sample B passivates in an analogous manner (Figure
3b), however, the gold islet remains electroactive, still
providing well defined redox peaks of hexacyanoferrate.
Peak separation (Ep) decreases with subsequent CV runs
and stabilizes after ca. 20 cycles (Figure 3c). This can be
attributed to electrochemical cleaning of the gold. On the
other hand, it cannot be attributed to an influence of the
TiW anodic oxidation. When an identical sample is
passivated by 50 consecutive CV runs in pure 50mM PBS,
after switching to the hexacyanoferrate solution the Ep is
still not stable. In fact, multiple cycling in hexacyanoferrate
is still needed in order to stabilize the Ep.
No significant difference in redox response can be
observed for sample C (Figure 3d). Even though the chips
are fully covered by the nanotubes, the CNT forests are
relatively sparse (Figure 2a) and thus a significant amount
of the underlying material is exposed to the electrolyte.
Interestingly, the expected anodic oxidation behavior of the
underlying material does not occur in the same manner as
for sample A. The redox peak of hexacyanoferrate remains
unaffected and only a hint of anodic oxidation is given by a
drop of a curve tail for higher potentials. This can be
explained by nitridation of the TiW, resulting in formation
of, for instance, TiWN. Alternatively, it could be explained
by conductive amorphous carbon contamination which is
created by the PECVD in the absence of the catalyst [10].
The second explanation has been excluded, however, by
removing all the carbonous material (including CNTs) in
air plasma (50W, 0.6mbar, 2min) and repeating the CV
runs of the samples with no observable change.
In order to find out if anodic oxidation of TiWN is
possible, additional 50 CV cycles with an increased
potential window of -0.4 to +1.5V were run with sample C
(Figure 3e). This time, the anodic oxidation was observed
and the sample was fully passivated leaving no
electroactivity. The full passivation of the CNT electrode
can be explained with the oxide layer extending into the
CNT-TiW interfaces and undercutting their electric
connections (Figure 4).
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Figure 3: Cyclic voltammograms of: a) pure TiW, b) Au
islet on TiW (first two runs), c) Au islet on TiW (runs 2 –
50), d) CNTs on TiW, e) CNTs on TiW, wider potential
window. All CVs were made at a rate of 50 mV/s.

CNT
Au
TiW or TiWN

passivation

Si
Figure 4: A plausible explanation for full passivation of
the CNT forests is too small aspect ratio between planar
features and created oxide thickness. Low aspect ratio
results in a full passivation of the electric interfaces
between single CNTs.
Unfortunately this prevents us from creation of selfinsulated TiW-CNT electrodes with only the CNTs
remaining electroactive. It is questionable, whether this
would be possible if the nitridation of the TiW could be
avoided (e.g. with PECVD using hydrogen as a reducing
agent instead of ammonia). As the problem is most likely
caused by passivation of the CNT-TiW electric interface, a
ratio between CNT average radius and titanium tungsten
oxide thickness (created at a given potential) seems to be
the crucial factor (Figure 4). The aforementioned gold islet
electrode remains active after anodic oxidation, and its
radius is at least two to three orders of magnitude larger
than the oxidized TiW thickness. This indicates, that forests
of CNTs with larger diameters (a couple hundreds of nm)
or islets of single-walled carbon nanotubes (SWNTs) which
are closely packed [10] could be applied to create selfinsulated TiW-CNT electrodes.

4

CONCLUSION AND OUTLOOK

Titanium tungsten proves to be a suitable material for
electrically conductive coatings of silicon nanograss
scaffolds for cell culturing. It also provides a good diffusion
barrier for Ni catalyst and allows growth of electrically
connected and vertically aligned CNT forests.
Anodic oxidation of TiW can provide functional selfinsulation of an electrode, until the electrode’s dimensions
are considerably larger than the thickness of the created
passivation. This was not the case with the investigated
samples, which passivated fully, however modification of
CNT forest parameters could solve the problem.
Additionally, the presented as-grown hybrid TiWN-CNT
electrodes still have a potential for practical applications.
An example would be enzymatic detection: CNTs attached
to an electroactive non-insulated underlayer, and modified
with enzymes have been shown functional in detection of
NADH using diaphorase [11].
A closer look on the chemistry of TiW processing in
ammonia / acetylene PECVD should be made to directly
verify the results. Analytical TEM imaging of the interfaces
between a single CNT and the underlayer would help to

directly identify the material. Investigation of the nitridation and oxidation dynamics would help optimizing the
processes and possibly allowing creation of electrodes with
insulated underlayer.
Alternatively, hydrogen-based PECVD growth of CNT
forests could be performed, to avoid nitridation of the
titanium tungsten and assess if fabrication of CNT electrode
structures with anodically insulated surrounding TiW is
feasible.
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Abstract
Using high resolution focused ion beam scanning electron microscopy (FIB-SEM) we study the details of cell-nanostructure
interactions using serial block face imaging. 3T3 Fibroblast cellular monolayers are cultured on flat glass as a control surface
and on two types of nanostructured scaffold substrates made from silicon black (Nanograss) with low- and high nanowire
density. After culturing for 72 hours the cells were fixed, heavy metal stained, embedded in resin, and processed with FIBSEM block face imaging without removing the substrate. The sample preparation procedure, image acquisition and image
post-processing were specifically optimised for cellular monolayers cultured on nanostructured substrates. Cells display
a wide range of interactions with the nanostructures depending on the surface morphology, but also greatly varying from
one cell to another on the same substrate, illustrating a wide phenotypic variability. Depending on the substrate and cell,
we observe that cells could for instance: break the nanowires and engulf them, flatten the nanowires or simply reside on top
of them. Given the complexity of interactions, we have categorised our observations and created an overview map. The
results demonstrate that detailed nanoscale resolution images are required to begin understanding the wide variety of
individual cells’ interactions with a structured substrate. The map will provide a framework for light microscopy studies of
such interactions indicating what modes of interactions must be considered.
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managed to obtain some detail by critically point drying
a chemically fixed and stained digestive gland epithelium and
demonstrates that FIB-SEM can be used for imaging internal
structures in biological samples [18]. The method proved suitable
for obtaining gross tissue morphology and comparison with
embedded TEM images, but the method lacks intracellular detail
due to poor contrast which is also illustrated in [3].
Studies have also been done with light microscopy methods
such as confocal microscopy, were cells have been imaged in
contact with nanostructures in the form of substrates or probes
[2,10,19]. These images can be made in physiological relevant
solutions, but they require fluorescent labelling and are generally
resolution limited to about 200 nm [20].
Transmission electron microscopes (TEM) together with heavy
metal stained and embedded samples provide high resolution and
detailed ultrastructural information in biological specimens
[3,8,21,22]. The required thin samples are typically cut by an
ultramicrotome. However, for composite samples also containing
glass or silicon substrates as used in this work, there is a risk of
delamination and distortions during ultramicrotomy [23,24].
Therefore the substrate is often removed prior to thin sectioning
by either etching [8,22], temperature induced cleavage [3,15] or
other methods [21,25,26]. Exceptions are Dalby et al., who

Introduction
Nano- and micro-fabricated structured substrates achieve an
increasing amount of interest in cell biology, where their uses are
as diverse as biochemical manipulation [1,2], supporting and
controlling cell movement [3–5], electrophysiological measurements [6–8] and intracellular measurements [9,10]. Despite this
multitude of uses and large interest in nanowires in cell biology,
the basic modes of interaction between nanostructured substrates
and cells are poorly understood, both in terms of the topography
on an ultrastructural level, and in terms of the biological processes
when compared to for instance endocytosis of dispersed particles
[11,12] where several pathways have been studied intensely.
Examples in literature often show images of critically point dried
(CPD) cells imaged by a scanning electron microscope (SEM). This
method provides excellent images showing how cells lie on the
particular substrate, and one can get an idea of the level of
interaction with the substrate by cell protrusions such as
lamellipodia [2,4,10,13,14]. However it cannot be seen how the
nanowires behave below or inside the cells. Combining CPD cells
on substrates and focused ion beam SEM (FIB-SEM) does provide
some answers about the cell-substrate interaction, but CPD leaves
little intracellular ultrastructure intact [15–17]. Drobne et al.
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We present an overview map of the observed interactions
between the nanostructured substrate and the cells. Some of these
intricate interactions have, to our knowledge, not been reported
previously and demonstrate how complex these can be. For
example we observed how nanowires were broken off from the
substrate and subsequently engulfed by the cells and ordered in
tightly packed clusters. We also observed how microvilli of cells
could probe into the nanostructures they rested on. Lastly we also
show an instance of nanowires indenting the nucleus without
penetrating it. This leads to numerous issues to consider when
performing light microscopy on such samples as many of the
nanostructures used for optical studies are often not directly
observed by e.g. fluorescence from the nanostructure itself. The
map also provides a starting point for organizing observations
from the many different reported experiments and is a beginning
to categorise the many different interactions and eventually
studying the detailed underlying pathways.

manages to avoid substrate removal as they use PMMA structured
substrates which can be sectioned by an ultramicrotome [27], and
Gnauck et al., who uses a FIB to gain access to fibroblast cells on
silicon microstructures [28]. Substrate removal could pose an
obstacle if nanostructured substrates are to be removed mechanically as the process risks deformation of the nanostructures, but if
suitable chemical agents exist, part of or all the substrate can be
chemically etched away leaving the structures intact [8]. By using
FIB-SEM substrate removal is not required and this is beneficial in
circumstances when the substrate for some reason cannot be
removed and is not suitable for microtomy. Alternatively, one
could make use of lamella cut-outs made using a focused ion beam
(FIB) and image them in the TEM, but this is a very time
consuming process [29] although providing higher ultimate
resolution than SEM. Here we use block face imaging with the
FIB-SEM to image multiple-cell volumes at the expense of the
higher resolution in TEM.
The large interest in nanostructures and their possible
applications in cell biology have sparked many studies investigating the cell-substrate interactions. In 2004, Dalby et al., published
a study showing how fibroblast would use filopodia to probe
a substrate covered with PMMA nanopillars. They provided SEM
images of CPD cells and TEM images of embedded cells [27].
Several other studies have also been published on the subjects of
cell morphology [27,30], differentiation [31–33], and motility
[4,34] on nanostructured substrates. There is in particular a large
interest in excitable cells on nanostructures for electrical signalling
and recording. For instance increasing cell signalling by growing
cells on CNT covered substrates [7,35], or close-proximity or
penetrating nanostructured arrays for measurement and activation
[2,8,36,37]. Several electron microscopy studies have been made
of the interfaces [8,15,16]. In the Thomson Reuters Web of
Science database, the search term ‘‘nanowire* and cell* and bio*’’
indicates about 200 publications per year in the field. It highlights
the importance of furthering our knowledge of cell-nanostructure
interactions, and the need for categorising the effects we see to
gain an insight into the biology involved as has been partly done
with endocytosis of nanoparticles [11,12].
In-situ FIB-SEM imaging gives the opportunity to do serial block
face imaging which can be reconstructed to a 3D representation of
the sample and provide a large 3D image volume [38]. Several
reports present how FIB-SEM can be used to image frozen
biological samples [24,29,39], but ultrastructure visibility is limited
due to the poor contrast. Combining the techniques known from
polymer embedded TEM samples, and the fast FIB-SEM method
it is possible to achieve a fair quality of the ultrastructure and
volume [3,21,26,38–40]. Except for Bittermann et al., the literature on embedded FIB-SEM on biological samples tends to focus
on various forms of substrate removal as was the case for TEM –
depending on the sample this may introduce artefacts or simply be
impractical. The focus on removal comes from the embedding
method which leaves a large volume of resin above the cells, and
removing the substrate makes the cells easily available from below.
In this paper we present a study of block face FIB-SEM imaging
of polymer embedded 3T3 Fibroblast cell monolayers on
nanostructured substrates without prior removal of the substrate.
To our knowledge we are one of the few (apart from [28]) to show
FIB-SEM images of resin embedded cells on nanostructured
samples without any removal of the underlying substrate, and
present FIB-SEM images of cells cultured on a set of different
substrates: Flat glass is used as a reference and two morphologies
of silicon nanowires are used. We tested both a tilted- and a nontilted milling approach depending on the sample.
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Materials and Methods
Nanostructure Substrate Fabrication
Two different black silicon substrates also known as ‘‘nanograss’’ [41] were used: one provides high density silicon nanograss
(Nanograss A), while the other has sparser nanowires (Nanograss
B). A table of the substrates’ different characteristics can be seen in
Table 1, refer to Figure S1 for SEM images of the substrates.
The black silicon nanograss was made from 40 low doped silicon
wafers using maskless deep reactive ion etching (DRIE). Differing
nanostructures were obtained by controlling the reactive ion etch
parameters [42]. For instance the density is controlled by varying
the process chamber pressure and coil electrode power, whereas
the height scales linearly with processing time. DRIE was
performed in an advanced silicon etcher (Surface Technology
Systems), the SF6/O2 ratio was 1.11, while the platen power was
120 W, and the chamber pressure was between 8 and 56 mTorr.
This formed nanostructured ‘‘silicon grass’’ at a rate of about
2 nm/s [42].

Cell Monolayer Culturing
Mouse embryonic fibroblasts (NIH3T3) were cultured on plain
glass substrates, and 10610 mm diced silicon chips with Nanograss A and Nanograss B (Table 1). Before culturing, the chips
were sterilised with 70% ethanol for 20 minutes, and flushed 3–4
times with pure water or PBS. The cells were cultured in
Dulbecco’s modified Eagle’s medium with Glutamax (DMEM;
GIBCO Life Technologies), 10% fetal bovine serum (FBS; Sigma)
and 1% penicillin-streptomycin (P/S; GIBCO Life Technologies).
Standard conditions of 37uC and an atmosphere of 5% CO2 were
applied. As capillary forces during drying is known to incur
nanowire bending and clustering [43], care was taken to always
have liquid covering the samples during preparation.
Table 1. Overview of the different nanostructured substrates,
their processing parameters, and their morphology.

Sample

Height [nm]

Width [nm]

Density [1/mm2]

Nanograss A

9906190

80660

9.660.8

Nanograss B

11706280

70640

4.560.3

The uncertainties are 2 times the standard deviation giving a two sigma/95%
confidence.
doi:10.1371/journal.pone.0053307.t001
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steps are required: image scaling to correct for imaging on a slanted
surface; alignment of the individual slices; and a coordinate
transformation to match the original volume – all of which was
done with the open source ImageJ software.
The image is first scaled to obtain the image aspect ratio of the
true slice surface instead of the compressed projection image from
the tilted view. When image stacks are obtained, small random
shifts between the slices occur, which is corrected with the stackreg
plugin for imageJ. Lastly, affine volume transformations and
rotation is performed to level the substrate to reshape the image
volume to the original sample geometry. This procedure was done
both for ordinary tilted milling, but also for non-tilted milling
showing how a representative 3D stack can be obtained also when
using non-tilted milling. To illustrate some of these transformations, the image stack obtained with non-tilted milling of a cell on
glass can be observed from the side in Figure 1. For further detail
refer to Text S2.

Cell Monolayer Post-culture Processing
After culturing for 72 hours the cells were fixed, stained and
embedded (cf. Text S1 for the full protocol). First, the samples
were fixed with 2% glutaraldehyde in 0.05 M sodium cacodylate
buffer, pH 7.2 (isotonic, 300 mOsm) for 1 hr, rinsed in 0.15 M
sodium cacodylate buffer pH 7.2 (2630 min), and postfixed in 1%
osmium tetroxide in 0.12 M cacodylate buffer pH 7.2 (isotonic,
300 mOsm) for 1 hour. Next, the specimens were rinsed in MilliQ water (2610 min) to remove osmium residues, and stained with
1% tannic acid in Milli-Q for 1 hr. Following a rinse in Milli-Q
(2610 min), the sample was stained with 1% uranyl acetate for
2 hrs. The specimens were dehydrated and embedded in Epon
according to standard procedures, please refer to Text S1 for the
full protocol.
The polymerised Epon formed a meniscus over the substrate,
leading to a thick resin layer in the centre and a thinner layer near
the chip edges. This meant that a circular band of cells were
directly accessible with the FIB-SEM, with an excessive thick layer
in the centre which thinned out towards the periphery leaving only
collapsed cells outermost.

Results
We first describe the blank sample with cells on glass and
evaluate the FIB-EM quality. Next, the overview map of the
observed interactions on nanostructures is presented, followed by
discussions on interactions observed on different substrates.

FIB-SEM
Two FIB-SEM beam systems from FEI were used: the Quanta
FEG 3D, and the Helios NanoLab600. The first system makes use
of a dedicated backscatter detector and the second an in-lens
detector.
The cells of interest were localised from atop in standard SEM,
using the highest acceleration voltage (30 kV) to detect cells
underneath the embedding material (cf. Figure S2). In this paper,
results are presented which were typically buried 5 mm deep in the
embedding medium (cell top to surface). When a cell of interest
was located, the acceleration voltage was lowered to 1.5–5 kV
depending on the equipment and crossover alignment of both
electron and ion beams was performed. To gain access to the cell,
rough milling at high ion beam current was used, forming a trench
in front of the cell. The time for trench milling was approximately
10–20 minutes, followed by finer milling prior to image recording.
Both microscopes have installed G2 Slice and View software
provided by FEI Company. It offers recording of slice stacks with
a practical slice thickness as low as 10 nm in our experience, and
image sizes and resolution allowing detailed imaging of whole cells.
The thickness is limited by the ion beam alignment and stability
and not the software. Automatic refocusing of the image is possible
when the specimen holder is tilted and milling is done normal to
the sample surface, but not for larger samples where non-tilted
milling had to be performed (also called slanted milling [40]).
To avoid damaging the dedicated vC backscatter detector in the
Quanta FEG 3D large samples could not be tilted. Thus to
compare non-tilted and tilted sample images a post-processing
algorithm was developed to get representative image volumes and
comparable images (please refer to Text S2). Besides allowing
milling of large samples, another advantage of non-tilted milling is
the decreased brightness gradient resulting from deep trench
imaging [40]. However, this process is more computational heavy,
and suffers more if the slice thickness is not sufficient for resolving
1D nanostructures compared to tilted-milling.
If the slice thickness is not sufficiently small for resolving the 1D
nanostructures, slanted milling (horizontal sample) would to
a larger degree lead to these appearing as pearls on a string (see
images of cells on Nanograss B).

Cells on a Flat Substrate
For the NIH3T3 cells cultured on the unstructured blank
sample of flat Pyrex glass and investigated with FIB-SEM the final
stack’s resolution given by the pixels of the original image was
10 nm in X direction, 10 nm in Y direction and 100 nm in Z
direction. Please note that the coordinates differ from that of
typical cell microscopy as the FIB mills perpendicular to the
sample making the X- and Y direction the width and the height of
the cell respectively, instead of letting the Z direction denote the
height of the cells as in confocal microscopy (cf. Text S2).
The correction procedure compromises the resolution in the Y
direction as each pixel here have been multiplied with 1.27 as the
SEM image is a projection of a 52 degree slanted surface (cf. Text
S2), also see Text S2 for a comparison of as-imaged and corrected
front view images.
The image of the cell on glass (Figure 2) shows a cell with well
defined organelles, membranes, and nucleus. Some vacuoles are
seen in the cytoplasm of the cell on plain glass which is to be
expected for fibroblasts, however no vacuoles were seen in the
nucleus and vacuolisation as sign of apoptosis was not observed
[44]. The reconstruction was done for 100 slices of non-tilted
milling and only limited distortions are seen in Figure 2 H1 where
horizontal ripples appear, whereas there are no distortions to
mention in the section shown in Figure 2 H2. The ripples visible
near the substrate are possibly due to imperfect alignment of the
images using the stack-reg algorithm (cf. Text S2), which is less
evident higher in the cell where there is no sharp transition
between a flat substrate and the cell.
Even though no specific staining has been used to mark specific
organelles or adhesion sites, the FIB-SEM method gives a high
resolution three dimensional stack which here provide unique
images. For instance when the stack has been corrected (and even
before) it is possible to directly observe where the cell is in contact
with the substrate. This can be observed both in the front view and
top view, cf. Figure 2. From these images one can see that the cell
interfaces with the substrate in lines, and not as points. This could
be correlated with fluorescent labelled actin or focal adhesion
stains to determine what these lines exactly represent [21,45,46].
Figure 2 A is a non-processed SEM image front view, since the

Image Processing
After the slice and view stack has been recorded several steps are
required to convert it into a useful 3D dataset. To do this three
PLOS ONE | www.plosone.org
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Figure 1. Side views of the non-tilted milling obtained image stack of a cell on glass showing the sequential processing operations’
effects. A) The individual slices have been aligned forming a fairly smooth image using stack-reg algorithm. B) Then the substrate is corrected such
as to annul the effects of automatic E-beam shifts in the Slice and View program, resulting in a 52 degree substrate. C) Finally the image stack is
rotated 52 degrees to represent the sample on the flat substrate having been cut at an angle.
doi:10.1371/journal.pone.0053307.g001

Case II Indented membrane: The outer membrane may be
indented to fold closely around the nanowire. The nanowire could
penetrate the outer membrane although the present images do not
clearly show if that is the case. In extreme cases, the nanowires
were seen to indent the nuclear envelope. Some nanowires have
been flattened, meaning that the pitch between the remaining
nanowires have been increased, possibly allowing the cell to sink
down on the remaining nanowires thereby allowing the nanowires
to reach further into the cell than Case I and to affect the nucleus
shape. This was only observed for Nanograss B.
Case III Uptaken: Nanowires, torn off from the substrate,
and taken up by the cell. Wires can be found inside the cell in
clusters within vesicles, an interaction seen in all cells, but more
extreme in Nanograss A.
Case IV Flattening: Cell flattening weak nanowire forest.
This effect is in particular seen in Nanograss A, but also seen to
a lesser extent in Nanograss B.
Case V Interface: In some instances nanowires were torn of
the substrate and would remain in the interface between cells.
Only observed in Nanograss A.
Case VI Probing: All cells showed varying degree of microvilli
or bleb like structures [47] probing the nanowires, but were in
particular prevalent in Nanograss A.
Case VII Vacuolisation: Increased vacuolisation in the cell,
in some cases these contained nanowires. Illustrated by images
from Case II and Case IV.
These different cases are based on the FIB-SEM images from 10
different cells, 5 cells on Nanograss A and 5 on Nanograss B.
Table 2 gives an overview of the interactions observed in the
different cells. With the limited number of cells examined we
cannot conclude much about the general frequency of these cases,
nor give any indication as to the dynamic processes involved. For
half of the studied cells, the cell was found to be on top of the
nanowires (Case I), while Case IV was observed for the
remaining 5 cells. All of the cells expressed multiple cases as can
be seen in Table 2.

processing steps diminish the resolution and image quality slightly
(cf. Text S2); however, the same adhesion sites are observed in the
fully processed stack as observed from Figure 2 H2.

Cells on Silicon Nanowires, an Overview
During experimentation we have found several different ways
that the cells interact with nanostructured substrates. In some
instances the cell appeared to break off the nanostructures and
engulf them, in other cases the nanowires appear to have
penetrated the cell and in some the cells where observed lying
on top of the nanostructures, these and more interactions are
illustrated in Figure 3 (for those accustomed to TEM images, an
inverted version can be found in Figure S3).
Based on the observations, we have defined 7 overall different
interactions between the silicon nanowires and the cells, creating
a starting point for a map of cell interaction with nanostructured
substrates (Figure 3). It is a map showing cell morphology and not
behaviour such as differentiation, toxicology or motility. The
figure shows a schematic presentation of the interaction, a wide
field image and a larger magnification of the same interaction
(although not necessarily on the same cell or sample).
Many of the nanowire-cell interactions would not have been
easily observable using light microscopy, ordinary SEM with CPD
cells, or TEM of single microtomed slices. The images hence
illustrate the unique capability of the FIB-SEM for imaging cells
on nanostructured substrates. All these cases show that studying
cells on nanostructures can lead to complicated interactions most
likely affecting the cells in numerous ways compared to the blank
glass sample.
The different morphological cases observed in the investigated
cells:
Case I On top: A nanowire forest working as a scaffold for the
cell, where the cell has little to no contact with the underlying flat
substrate beneath the wires, but rather the cell rests on top of the
nanowires, which may create inwards bulging of the cell
membrane. Observed for both types of nanograss, however more
common in Nanograss B.
PLOS ONE | www.plosone.org
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Figure 2. FIB-SEM image of cell on glass showing front view and top views. A) Front view shows a non-processed as-imaged slice of a cell
on a glass substrate. One can see the nucleus, microvillius, and organelles such as mitochondria in the cell cytosol. The triangular arrows highlight the
discrete points where the substrate and cell are in contact. Dashed white lines indicate the two height levels of the horizontal top view sections
shown below. H1) Horizontal top view section of the cell close to the substrate level for the fully corrected stack, here it is seen that the cell contacts
with the substrate in lines. The two white arrows show one such site where the cell touches the substrate. H2) A top view of the stack is shown
higher up in the cell.
doi:10.1371/journal.pone.0053307.g002

flatten the nanowires (Case IV) and engulf them (Case III), as
seen in Figure 4 A. Nanowires were also observed stuck in between
two adjacent cells’ membranes (Case V). Five cells were imaged
(not whole cell 3D slice and view), all of them showed varying
degrees of nanowire uptake into organelles appearing like vesicles
(Figure 4). Two cells showed significantly lower concentration of
engulfed NWs than Figure 4 A. Four cells almost completely
flattened the nanowires, whereas the remaining was situated on
top of the nanowires. Generally the substrate also induced a high
level of microvilli activity probing the nanowires as illustrated by
Case VI, and in some instances increased vacuolisation as Case
VII.
Once inside the cell, nanowires tended to agglomerate in
vesicles or areas with a distinct lack of heavy metal staining. It is

Only a single cell showed Case II behaviour, whereas uptaken
nanowires (Case III) were observed in all the cases, however the
most extreme cases were observed in the cells which also displayed
a high degree of nanowire flattening (Case IV). In a single
instance nanowires in between two cells were seen (Case V). As
mentioned all 10 cells showed varying degree of nanostructure
probing (Case VI), and 3 cells showed increased vacuolisation
(Case VIII) while having rather extreme nanowire uptake (Case
III).

High Density Silicon Nanowires (Nanograss A)
In the case of cells cultured on Nanograss A, the images indicate
that the nanowires did not have sufficient mechanical strength to
withstand forces exerted by the cell. The cells would typically
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Figure 3. Map of the various cell-nanowire interactions observed. 6 cases are outlined with a schematic view and two supporting FIB-SEM
images illustrating the case. Case VII, vacuolisation is to a large degree observed in images displaying Case III and Case VI.Inverted view can be found
in Figure S3. The close-up images are either regions from the lower magnification image or higher resolution images from a different image.
doi:10.1371/journal.pone.0053307.g003

not clear whether the agglomeration of the nanowires was caused
during endocytosis, where the cell uptakes the nanowires in
vesicles to avoid direct contact with the cytoplasm, or the
nanowires had agglomerated prior to intake due to nanowire
clustering or a wetting effect.
In some instances the nanowires appear as hollow cylindrical
objects with ellipsoidal cross section when cut at oblique angles;
while direct end-on imaging provides round cross sections (cf.
Figure 4 and Figure S4). However, the nanowires are not expected
to be hollow, as they are created by a top-down processing
approach by etching of a monocrystalline silicon substrate. This
observation can be explained with the formation of a native silicon
dioxide at the nanowires’ surfaces or even some plausible oxide
growth during processing. Silicon dioxide has a higher secondary
electron yield than bare silicon, in fact, K. Okamoto in 1980
showed how measuring the ratio in secondary electron signals
from bare silicon and silicon oxide could be used to determine the
thickness of the oxide [48]. This effect means that surface oxide
would yield a larger generation of secondary electrons than bare
silicon, resulting in higher brightness. The images showing ‘hollow’
nanowires have been obtained with an in-lens system from FEI,
which also captures secondary electrons. This explains why the
nanowires have a bright oxide ring around an inner silicon core,
producing the hollow looking nanowires. This is not observed in
the other images presented in this paper as a designated
backscatter electron detector has been used (for instance see
Figure 3, Case III close up), limiting the visual effect of the
increased secondary electron generation from the oxide.
Nanowires could to some degree have been flattened during
handling or perhaps be a result of cell deformation or shear forces
during the embedding process. However as the nanowires in
Figure 4 B show, the nanowires appear to be tilted in either
direction indicating that it is due to a specific cell interaction with
microvilli instead of overall cell volume changes or any dislocation
during the embedding procedure. Furthermore, the nanowires
outside the range of the cells are freely standing up (Figure S5),
and images of embedded nanowires having endured the same
treatment can be seen in Figure S1 and also shows standing
nanowires.

Low Density Silicon Nanowires (Nanograss B)
For the cells cultured on Nanograss B many of the same
phenomena were observed as with Nanograss A. For the 5
investigated cells, 4 of them were found to be lying on top of the
silicon nanowires as illustrated by Case I (see Figure 3 or Figure
S6). To some extent nanowires were also bent underneath the cell
as Case IV. Like Nanograss A, nanowires were found inside the
cells as described by Case III, and microvilli interaction with the
nanograss was observed (Case VI), albeit both cases appear to be
less prominent compared to Nanograss A. Unique to a single
investigated cell, nanowires were seen indenting the nuclear
membrane (Case II).
For one cell cultured on low density silicon nanowires, the
nanowires appear to enter the cytosol and penetrate the cellular
membrane (cf. Figure 5). However, the resolution of the images is
not sufficient to unambiguously determine whether the nanowires
are enveloped by a membrane or not. The nuclear envelope
appears not to have been penetrated but rather indented and
remains on top of the nanowires (cf. Figure 3) much like the case
for the outer membrane when cells lie on top of nanowires (Case
I). Also observed on the figure is the difference between an ‘as
imaged’ and corrected image. On the ‘as imaged’ slice, the
nanowires appear as isolated white dots due to the nanowires
being cut by the FIB at a non-normal angle. In the fully corrected
stack, the nanowires appear as a string of white dots, which
illustrates a case of insufficient Z-resolution (excessive slice
thickness) in slanted milling. The slices were made at an interval
of 100 nm for this particular sample, exceeding the diameter of the
nanowires (approximately 70 nm). This means that the nanowires
cannot be fully represented in the recreated volume and
accordingly takes shape as a string of spheres. Figure 5 therefore
illustrates the suboptimal sampling frequency which gives rise to
artefacts in the reconstruction, even though important cellular
features are still discernible.
The reason why the nanowires in the corrected image in some
cases does not show the entire length of the nanowire (top-tobottom) is that the nanowires were tilted compared to the imaging
plane (cf. Figure 5). In general, the cell appears to have exerted
significant force to the nanowires, in some instances slightly tilting

Table 2. Overview of the different cases observed in the 10 cells.

#

Substrate

Case I

Case II

1

A

2

A

3

A

X

X

4

A

X

5

A

X

6

B

X

X

X

7

B

X

X

X

8

B

X

X

X

9

B

X

X

10

B

X

Case III

Case IV

X

X

Case V

Case VII

X

X

X

Case VI

X
X

X

X

X

X

X

X

X

X

X

X

X

X

Here it is evident that cells express more than one case and that some of these might be related, and in some instances be prerequisites for certain cases.
doi:10.1371/journal.pone.0053307.t002
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Figure 4. FIB-SEM image of cells on Nanograss A, illustrating different cell behaviours on the same substrate. A) FIB-SEM image
showing a cell having engulfed broken-off nanowires, and clearly bent silicon nanowires underneath the cell. The nanowires are closely packed in
tightly formed clusters inside what appears to be vesicles. B) Another cell on the same substrate, this time the nanowires have been bent by the cell
but not completely flattened.
doi:10.1371/journal.pone.0053307.g004

cell. In addition, Nanograss A also seemed to have higher silicon
uptake and it is accordingly fair to assume that it would have
a significant influence on the cells, and possibly also induce
apoptosis as the vacuolisation in some cells suggest [44]. It is
unclear whether the nanowires are uptaken only directly from the
substrate’s surface or whether they are taken up from the
surrounding solution, which could be possible for Case V where
loose nanowires are situated in the interface between cells.

them, but in other bending them such that they lie under the cell
(cf. Figure 6).
This stack is a good example of multiple behaviours observed in
a single cell with Case II, Case IV and Case VI behaviour. The
cell’s nuclear membrane is indented by the nanowires (Case II),
but it also flattens some of the nanowires (Case IV) while probing
the nanowires (Case VI). Flattening of nanowires is best seen in
Figure 6 where horizontal top view sections are displayed, again
illustrating the unique volume viewing quality of the FIB-SEM.
Compared to Nanograss B, the dense silicon nanowires in
Nanograss A seem more fragile even though their characteristics
are fairly similar except for their density; Nanograss A was to
a larger extent not able to withstand adhesion forces exerted by the

Discussion
The cells breaking up and bending the nanowires implies
a certain amount of force applied to the substrate. Regarding the

Figure 5. FIB-SEM images of a cell on Nanograss B. A) As imaged (y-corrected) slice showing the nanowires which appear as white dots due to
insufficient sampling frequency. Also worth noting is the example of Case III behaviour with microvili probing the nanograss as outline by the white
frame. B) The fully corrected stack can be seen, here the stack has been fully corrected such that independent white dots representing a single
nanowire align, illustrating the suboptimal sampling frequency. In some cases the nanowires are not shown from top to bottom as they are slightly
tilted compared to the section, quite possibly due to interaction with the cell. Also seen is how the nucleus is avoiding the nanowires (white arrows),
and the rippling artefacts which occurs in the corrected front view as previously mentioned.
doi:10.1371/journal.pone.0053307.g005
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Figure 6. Image series showing the top view FIB-SEM image of the same cell as in Figure 5 on Nanograss B. The sections have been
made from 5 mm above the substrate to 0.25 mm above the substrate. This illustrates the major forces in play, clearly showing how several nanowires
where bent underneath the cell leaving only a few left to indent the nucleus membrane.
doi:10.1371/journal.pone.0053307.g006

nanowires can be calculated to be around 300 nN as a rough
estimate.
If we only look at gravitational forces, a cell used in this
experiment is estimated to be no heavier than 5 ng (mass of a HeLa
cells is about 2–3 ng). This will give rise to a force of about 50 pN
when ignoring the buoyancy. Assuming that the density of the cell
is 10% higher than the medium, this only results in a gravitational
force of 5 pN, which according to the rough estimate of the
nanowire strength should not be sufficient to flatten or break the
nanowires as we have observed and would in the observed cases
also be distributed over many wires. The cells can however apply
considerable in-plane forces, single focal adhesion site (FAS) forces
of 10–30 nN have been reported by Balaban et al., and in addition
a single cell has been shown to be able to resist a transverse pulling
force of 450 nN without detaching from the substrate [45]. Forces
measured on single pillars have been reported in the 50 nN range
for fibroblasts [50,51]. Measuring the lateral deflection of silicon
nanowires for CPD dried cell on the substrate, Li et al., reported

forces in play responsible for the nanowire perturbations seen in
the different cases, it is a well-known issue that capillary forces can
result in nanowire clustering, which is why samples were kept wet
after the first wetting [43]. It is evident from the images showing
standing nanowires underneath cells and from the blank nanowire
samples (Figure S1) that capillary forces and processing did not
induce extensive clustering or breaking of wires, although some
collapsed nanowires are always to be expected during fabrication
and processing.
Several studies have been made on forces involved in nanowire
bending and breaking. Using AFM measurements on silicon
nanowires Hoffmann et al., measured standing silicon nanowires
bending strengths. For a variety of nanowire sizes (diameters from
90–190 nm) with height width ratios between 4 and 12 they
obtained a maximum force before fracture between 1 mN and
7 mN [49]. The relationship between the maximum force and the
aspect ratio of the nanowire appear to be linear, assuming similar
conditions for our silicon nanowires, the fracture force for the used
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cell traction forces in the mN range for three different cells lines
[52]. Munevar et al. reported average traction forces for migrating
fibroblast in the order of 1–5 mN per cell, by measuring the
displacement of substrate integrated beads in the wet state [53].
We speculate that these numbers from the literature describing
cell forces could indicate that focal adhesion sites and cell
movement do have the necessary strength to cause some of the
effects which we have observed. In most cases (6 out of 10
observed), the cell was seen lying on top of the nanostructures
where cell forces were not sufficient to bend a large amount of
nanowires. Migrating cells, however, might incur higher traction
forces and possibly be able to flatten larger areas of nanowires as
seen in some instances in literature [53].
Regarding the presented map it should seen as a first attempt at
organising the cell-nanostructure interactions as has been done e.g.
with endocytosis of nanoparticles [11,12]. Many of the observed
cases we have observed have also been seen or hinted in literature
on a wide variety of cell types and substrates. For instance cells
have been found to reside on top of nanostructures (Case I) in
several papers [14,22,28]. Hanson et al. used ultramicrotomed thin
sections to describe the interface between cortical neurons on
nanopillars. By varying the dimensions and density of the pillars
they found cells that lied on top of the structures (Case I) and also
how a cell could sink down onto the pillars resembling Case II
[22] though they did not observe nuclear indentation. TEM
images of nuclear indentation (Case II) were obtained by Hai
et al., where spine shaped gold protrusions indents the nucleus
membrane [8].
Regarding the uptake of 1D nanostructures (Case III), a lot of
the focus has been on carbon nanotubes and their possible
toxicological effects [54,55], but other materials has also been
investigated [56–58]. Common for these studies is that the
nanostructures were in some form of suspension, while uptake of
initially substrate fixed nanowires does not appear to have been
reported elsewhere.
As discussed above, certain cell types are able to exert significant
forces on nanostructures [45,50,51]. But the structures they used
were quite robust as they were used for force measurements so the
same flattening effect (Case IV) was not seen to such an extreme
degree. Cell probing of the nanostructures (Case VI) have been
seen in multiple instances [27,59], whereas increased vacuolisation
(Case VII) due to nanowire uptake to our knowledge has not been
reported, but increased vacuolisation due to other perturbations
have been documented [60,61]. By organising the interactions one
might find correlations between the complex interactions and
better our biological understanding of the underlying pathways as
has been done with endocytosis of nanoparticles [11,12].

It was also shown that non-tilted FIB-SEM milling could be
performed and the stack be reconstructed with the developed
method using the freely available software (ImageJ). For non-tilted
milling, one should be mindful of having sufficient sampling
frequency, while tilted milling was less susceptible to the issue
when imaging vertical nanostructures.
Even though the two nanowire substrates were quite similar,
differences in cell behaviour could be observed. Nanograss A
appeared to have more fragile nanowires which more easily broke
of the substrate, were engulfed by cells or simply flattened
underneath the cell. Nanograss B in contrast proved to be a more
sturdy substrate, but still nanowires were flattened, tilted, and
uptaken. The difference between these two substrates seems to be
linked to the density of nanowires, where Nanograss A had
a higher density of wires leading to groups of nanowires sticking
together and more nanowires being bent. In either case both
substrates has a strong perturbing effect on the cell morphology.
As we have shown, the vast phenotypic variability gives a large
difference in cell appearance on nanostructures, and illustrates that
single cell investigation is not sufficient. Quantification of cellnanostructure interactions thus requires careful statistics by
methods with higher throughput, for instance light microscopy
methods, and then supported with representative imaging with
FIB-SEM, which is outside the scope of this paper. This study
provides an overview map that serves as a starting point for
development of high throughput light microscopy methods
capable of investigating cell-nanostructure interactions taking
due care of the many possible types of interactions. Additionally,
to make the map more complete we suggest using TEM for higher
resolution imaging cell-nanostructure interfaces imaging as it can
be used to resolve how the cell membrane bends and if it has been
penetrated, thus expanding on the previous work of [8,22].
Investigations using electron microscopy have lead to an
increased understanding of the vast complexity of cellular
membrane anatomy; this is particular true for the different
nanoparticle uptake pathways in cells which have been observed
[11]. The field of endocytic pathways has evolved from a singular
focus on clathrin-mediated endocytosis to 10 different mechanisms
[11], illustrating the complexity of cellular membrane transport.
Likewise the case of uptaken nanowires will likely have numerous
pathways, and the way the cells interact with anchored nanostructures may cause novel pathways to come into action.
Furthermore, the 7 cases presented in the map should by no
means be interpreted as an exhaustive list, the vast complexity of
endocytic pathways illustrates that much research is warranted
into this field.
Our work focused on ultrastructural FIB-SEM investigations of
cell-nanostructure interactions. To attain a greater understanding
of the interactions we would suggest extensive correlated studies
with fluorescent markers, and the usage of molecular techniques to
block certain molecular mechanisms to be able to pin-point the
biological processes involved, using the presented map as a starting
point.

Conclusions
FIB-SEM imaging of cells on nanowires provides a unique 3D
imaging modality, and has the ability to resolve a variety of
different internal and external interactions between cells and
a nanostructured substrate, based on embedded and heavy metal
stained samples. The method presented show interactions with
a resolution not obtainable with confocal/fluorescence microscopy, and allows 3D reconstruction of the sample not easily obtained
with TEM.
Regarding the trueness of our images, many of the interactions
were seen in multiple cells. In addition, the ultrastructure of the
cells seems well preserved with visible cell membranes, nuclei and
organelles. The fact that the nanowires did not collapse during
sample handling also indicates that the images provide a fair
representation of what could actually have taken place in vitro.
PLOS ONE | www.plosone.org

Supporting Information
Figure S1 SEM images of the two types of nanograss substrates
used. The two upper images show ordinary SEM images of the
substrates, whereas the two below show the nanograss substrates
having endured the embedding process. The embedded substrate
images show standing nanowires and some which have tilted like
the non embedded ones.
(TIF)
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Figure S2 Examples of SEM images taken from above at 30 kV,
showing cells lying on a nanostructured substrate underneath an
embedding layer. Left, image of cells (lighter grey) that can be
found from atop on a good sample obtained with backscatter
detector. The small white dots are small defects in the surface of
the embedding layer. Right, secondary electron signal also shows
visible cells underneath the epon, but with less contrast.
(TIF)

(TIF)
Text S1 Supplementary information describing the embedding
protocol used for embedding cells on substrates.
(DOCX)

Here the image processing after the slice and view
process is explained. The developed steps for data processing of an
image stack obtained both on a tilted and non-tilted substrate is
described.
(DOCX)

Text S2

Figure S3 Overview image where the EM images have been

inverted.
(TIF)
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Characterization of nanomaterials
in food by electron microscopy
Agnieszka Dudkiewicz, Karen Tiede, Katrin Loeschner, Louise Helene
Soegaard Jensen, Eric Jensen, Rafal Wierzbicki, Alistair B.A. Boxall,
Kristian Molhave
Engineered nanomaterials (ENMs) are increasingly being used in the food industry. In order to assess the efficacy and the risks of
these materials, it is essential to have access to methods that not only detect the nanomaterials, but also provide information on
the characteristics of the materials (e.g., size and shape).
This review presents an overview of electron microscopy (EM)-based methods that have been, or have the potential to be,
applied to imaging ENMs in foodstuffs. We provide an overview of approaches to sample preparation, including drying, chemical
treatment, fixation and cryogenic methods. We then describe standard and non-standard EM-based approaches that are available
for imaging prepared samples. Finally, we present a strategy for selecting the most appropriate method for a particular foodstuff.
ª 2010 Elsevier Ltd. All rights reserved.
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Nanotechnology has beneficial impacts on
many areas affecting human life, including health care, consumer products and
the food sector. In the food sector, nanotechnology is, or is likely to be, a key
technology in processing, packaging,
additives and safety. In particular, engineered nanomaterials (ENMs) are finding
increasing application in food or foodrelated products. For example, inorganic
ENMs (e.g., antimicrobial nanosilver and
barrier-improving nanoclay) are used in
packaging and storage containers to extend product shelf-life. Organic vitamincontaining nanomaterials are designed as
encapsulates or used in nanoformulations
for increased nutritional value in targeted
delivery to increase bioavailability [1–3].
Natural nanomaterials can also be found
in food (e.g., casein micelles in milk) and
the occurrence of unintentionally manmade nanomaterials can be caused by
conventional food-processing technology
[e.g., arising from regulated food additives
(e.g., SiO2 – E551 or TiO2 – E171)].
The increased use of ENMs has raised
concerns over the safety of applying them
in food and food-related products [4].
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However, the risk assessment of ENMs in food is challenging. One of the major limiting factors is the availability of suitable analytical techniques to detect and to
characterize ENMs in food and beverage matrices. This
may also prevent industry from rapidly developing
‘‘nanofoods’’, since it is hard to assess how ENMs alter
the properties of products.
It is known that ENMs are highly reactive because of
their high surface-to-volume ratio, meaning that they
can interact with proteins, carbohydrates and fats in
food, as well as nucleic acids, ions, minerals and water
[5]. Of particular interest are protein-nanoparticle (NP)
interactions, since specialists speculate that the type of
proteins surrounding the NP (corona) can determine the
fate and the subsequent impact of ENMs in an organism
[6].
In order to understand the risks of ENMs, it is necessary to have analytical methods that are able not only to
quantify the materials within a food matrix but also to
provide data on the characteristics of the material. Ideally, the methods should be unambiguous and involve
limited manipulation of the samples, as such manipulations may introduce artifacts. Electron microscopy (EM)based approaches address many of these requirements
and are therefore likely to play a key role in the analysis
of ENMs in food matrices in the future.
EM enables visualization and characterization of
nanosized objects. The great resolving power of EM is
a result of the application of an electron beam with
a wavelength well below the nm range. Optical

Trends

microscopy, operating at wavelengths k in the range
400–800 nm and numerical aperture (NA) 1, AbbeÕs
diffraction limit d = k/2NA gives a resolution of
200 nm. Since the wavelength of an electron beam
is much shorter than that of light, the resolution of an
electron microscope is much higher. For an electron
microscope working with an acceleration voltage of
100 kV, the value of the wavelength will be
0.0037 nm [7]. An overview of the various EM
methods is given in Fig. 1. Two main imaging techniques are likely to be employed for ENM detection
and/or characterization, namely scanning EM (SEM)
and transmission EM (TEM).
SEM creates an image of the sample by scanning the
sample surface with a low-energy beam of electrons (1–
30 keV) and detecting the electrons scattered off the
sample. This technique is used for imaging of the sample
surface and can provide images with great depth of field,
where the whole area of the micrograph is in focus. In a
focused ion beam SEM (FIB-SEM), the ion beam can cut
into the material and a solid specimen can be sectioned
for 3D imaging (this can also be achieved with in situ
microtomes [8]).
In TEM, a high-energy electron beam (80–300 keV) is
transmitted through a very thin layer of the sample. A
fraction of the beam is scattered from the sample while
some electrons can be transmitted with little change in
energy or direction. Contrast in TEM is based on detection of these beam interactions with the sample, providing a high-resolution image and allowing

Figure 1. Principles of imaging by optical microscopy compared with electron microscopy techniques [transmission electron microscopy (TEM),
scanning electron microscopy (SEM) and focused ion beam (FIB)-SEM].
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characterization by numerous spectrometric techniques
(see sub-section 4.2 and section 7). TEM imaging can
provide a wealth of data about the morphology of
nanosized objects compared to SEM methods, but has a
major drawback in that it can be very difficult to prepare
thin samples (see sub-section 2.2.1.4).
Both conventional SEM and TEM methods usually
need complex processing of the specimen prior to
imaging so that the sample can be inserted into the
vacuum chamber of the electron microscope. These
problems may be partly overcome through the use of
environmental SEM (ESEM) and environmental TEM
(ETEM), where it is possible to maintain a higher vapor
pressure around the sample. The sample can then be
imaged while hydrated. It is also possible to encapsulate
hydrated samples behind thin electron-transparent
membranes or to image under cryogenic conditions (see
sections 5 and 6).
EM imaging as an analytical technique is not by itself
sufficient for comprehensive characterization and
detection of ENMs in complex matrices, so supporting
information is essential for chemical identification (e.g.,
using spectroscopic techniques providing elemental
analysis) (see section 7).
This review provides an overview of the applicability
and the suitability of different EM techniques for characterizing ENMs in food samples. Where specific techniques have not yet been applied to imaging ENM in
food, examples have been taken from related fields (e.g.,
nanomedicine, nanotoxicology and environmental
nanotechnology).

2. Sampling and sample preparation for electronmicroscopy imaging
2.1. Sampling
The first, very critical issue of sample preparation for EM
analysis is the sampling regime. Since the sample volume
that can be analyzed by EM is very small, obtaining a
representative set of samples from a complex bulk structure is challenging, so a suitable number of replicates have
to be prepared for each sample and ideally a uniform distribution of the sample components should be achieved.
Sampling procedures should be selected based on the
type of ENM and the nature of the sample matrix. Also,
the small sample volume has an impact on the limit of
detection (LOD) (i.e. the number of particles that can be
visualized). If number concentrations are low, then the
imaging analysis could be like ‘‘looking for a needle in a
haystack’’. The volume will also affect quantification
(e.g., particle-number concentration or elemental
quantification by coupled spectroscopic techniques), so,
if the concentration of ENMs in the sample is not high
enough, separation and pre-concentration techniques
should be considered (e.g., cloud point extraction [9]).
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2.2. Sample preparation
As standard EM instruments operate under vacuum
conditions, a food sample containing water cannot be
introduced into the sample chamber without prior
preparation. There are three ways of dealing with hydrated samples for EM imaging, which are described in
more detail below:
 chemical fixation, followed by dehydration or drying
and conventional SEM or TEM;
 imaging using ESEM or liquid capsules; or,
 freezing followed by cryo-TEM or cryo-SEM
2.2.1. SEM, TEM and FIB-SEM
When analyzing food with intact cellular structures (e.g.,
meat, fruits and vegetables), the aim is to minimize
changes in the sample matrix in order to be able to observe
the distribution and the interactions of ENMs within cells
and tissue in the form that they will occur in the ‘‘real
world’’. In general, the methods of choice for preparing
these types of matrices include fixation of the specimen
(e.g., with glutaraldehyde) and post-fixation (e.g., with
osmium tetroxide) followed by chemical dehydration and
either critical-point drying for SEM or resin embedding for
TEM and FIB-SEM. Liquid samples and emulsions (e.g.,
milk, yoghurt or salad dressings) can be encapsulated in
agar and prepared using the same methods [10,11].
2.2.1.1. Chemical fixation and staining. By preserving
protein structure with glutaraldehyde and post-fixing
unsaturated lipids with osmium tetroxide, it is possible to
perform imaging of fat-based and protein-based processed food with minimal impact on the sample matrix. If
the post-fixation step is omitted, the fatty acids and
unsaturated lipids will not be fixed. Osmium tetroxide
also stains the lipids and has further impact on protein
fixation. Other heavy-metal stains (e.g., uranyl acetate
or lead citrate) may be applied and a mordant (e.g.,
tannic acid) can be used to enhance both staining and
preservation of ultrastructures.
For ENMs, heavy-metal staining may create or enhance contrast on the micrograph, if the particle material and matrix have a different affinity to the staining
compound. The heavy metal can provide a negative
contrast, if it is molded around the particle (or the particle coating) outlining its structure. For example, in
studies of the uptake of polylactide NPs in HeLa cells,
heavy-metal staining of the cells enabled visualization of
the NPs using bright-field TEM by increasing the contrast [12]. The negative staining technique was originally developed for imaging virus particles and bacteria
[13], but organic coatings on NPs can also be made
visible. This method has been used to reveal creatine and
albumin coatings on gold NPs (AuNPs) [14].
However, staining can also lead to difficulties in distinguishing ENMs from densely-stained organic structures of the same size. In some cases, unambiguous
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identification can be very difficult (e.g., it is impossible to
distinguish between polystyrene NPs and vascular
structures in cells) [15]. Only a comparison of a sample
that is known to contain particles with a blank sample
will prevent misleading interpretation of such images, so
it is essential to use appropriate control samples.
2.2.1.2. Chemical dehydration. Dehydration of the
sample with ethanol is considered to be the best choice
for food matrices, and it may also improve preservation
of ENM structures compared to many other solvents that
have traditionally been used (e.g., acetone). Studies with
silica NPs have shown that agglomeration during sample preparation using this method is much less than if
oven-drying or freeze-drying was used [16]. However,
ethanol dehydration cannot be used for food products
with high levels of saturated fats or especially watersoluble carbohydrates. Extensive chemical treatment
may also induce artifacts. For example, removal of water
and fat during sample preparation can lead to a removal
of ENMs that are associated with one of the phases; and,
reactions between the chemicals used for sample preparation and the ENMs may be possible. The effect of the
dehydration treatment on ENMs in a particular sample
type should therefore be evaluated fully before the
method is employed for food analysis.
2.2.1.3. Drying. One approach to overcoming the
problems of loss of components due to chemical treatment is to use sample-drying techniques. Liquid samples
(e.g., soups or juices) may be concentrated when dried
and then analyzed by applying the sample to a SEM stub.
This type of approach was previously employed for the
characterization of NPs in sunscreens [17]. For TEM
analysis, samples of ENM-liquid suspensions are generally prepared by simply applying a droplet onto a TEM
grid, which is covered with a membrane (e.g., carbon or
formvar), or immersing the grid in the sample. Samples
need to be dried prior to imaging. This process can be
accelerated by partially absorbing the liquid (e.g., using
filter paper). This technique prevents agglomeration
artifacts in dried ENM dispersions [18].
For food samples, these methods can be applied, if the
food matrix is liquid and its density is sufficiently low to
allow the formation of a very thin film. Liquid samples
may also be diluted by solvents such as methanol to
increase spreading during drying, but this may influence
the agglomeration state of ENMs [17].
Good spreading of the drop on the TEM grid is
important to enhance the distribution of the ENMs on
the grid surface. Distribution can also be enhanced by
inducing hydrophilicity of the grid coating [19] or by
ultracentrifugation of the sample [20]. The latter technique does not introduce artifacts connected with
uneven spreading of the sample drop during drying and
can provide quantitative data e.g., [21].
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Milder methods of water removal (e.g., freeze-drying)
may also be used. Using this approach, the sample does
not have to be chemically treated and rapid freezing can
be used to preserve surface structure (5–10 lm deep)
[22].
Fast freezing followed by sublimation is an alternative
approach to drying ENM suspensions [23]. A further
advantage of removing water from a sample, especially
hydrated or liquid samples, is that the ENMs can be
enriched in the residue, and that simplifies detection and
analysis. However, artifacts are more likely to occur
because of the higher density and the structural change
of the sample.
2.2.1.4. Preparation of thin sections for TEM imaging. One
of the most challenging steps in TEM is preparation of a
sample sufficiently thin to allow the electrons to pass
through. More complex food samples can be embedded in
resin and cut in 15–90 nm thin sections [24] by means of
ultramicrotomy. Ultramicrotomy is the standard method
for preparing thin sections of resin-embedded biological
materials by sectioning the sample with the cutting edge
of a glass or diamond knife [25]. The sample is mounted
on a vertically moving arm moving with a defined speed
against the knife edge. The cutting process is controlled
under a binocular microscope.
Another option of thin-section preparation is FIB
milling. More information about the method can be
found in [26]. Liquid samples can be prepared as resinembedded specimens for TEM imaging without sectioning. For this purpose, a water-soluble melamine resin
(e.g., Nanoplast) is added to the sample. A drop of the
specimen is then deposited on the TEM grid mounted on
horizontal centrifuge, which removes excess liquid from
the grid to form a layer sufficiently thin for TEM imaging
the resin then polymerizes to prevent drying artifacts
[27,28].
2.2.2. Liquid-cell technique and ESEM. The liquidcell technique and ESEM often do not require any sample
preparation, enabling imaging of the specimen in its
unperturbed state. However, to enhance visualization of
the fraction of interest in the sample, some pre-treatment
may be given to the sample. For example, Quantomix
capsules used in the WetSEM liquid-SEM technique are
suitable for centrifugation, so this method could be used
to increase adhesion of the fraction of interest to the
capsule membrane [29]. The capsule membrane can also
be treated (e.g., with gelatine or poly-l-lysine) to improve
specimen adhesion, as demonstrated for NPs in environmental matrices and sunscreens [17,30].
2.2.3. Cryogenic methods. Samples can be prepared
for EM imaging using ‘‘physical fixation’’ by freezing the
sample. Water is often part of the ultrastructure of
http://www.elsevier.com/locate/trac
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biological samples or food matrices, and drying the
samples will change the structure dramatically. In
principle, freezing is the ideal sample preparation method
because chemical treatment and therefore sample alteration can be avoided.
The key to good sample preparation in cryo-EM is the
freezing process. As ice crystals grow, only water molecules are incorporated into the ice crystals, and the specimen is thereby segregated into crystals of water and
ridges between containing enriched regions with the dissolved material (e.g., solutes and macromolecules). Formation of large ice crystals can even rupture and destroy
whole cells in biological samples. The preservation of the
ultrastructure thus depends on avoiding formation of ice
crystals or at least preventing them from growing larger
than the structures of interest in the sample. Obtaining
amorphous ice, so called vitrified water, from liquid water
by ultra-rapid freezing was first reported in the beginning
of the 1980s [31]. Even using ultrafast freezing, the
thermal conductivity of water will limit the cooling rates
inside specimens and vitrification of samples thicker than
a few lm is impossible without adding cryoprotectants or
applying very high pressure [32].
Different freezing methods are available, including
plunge freezing (rapid immersion freezing), contact freezing (metal mirror or slam freezing), spray freezing (propane jet) and high-pressure freezing [13,33]. The choice of
method depends mainly on the dimension of the sample.
In the absence of cryoprotectants, large samples with
dimensions of mm–cm are not likely to be preserved
without ice-crystal damage. These samples have to be
infiltrated with a cryoprotectant (e.g., glycerol or sucrose) before they can undergo freezing.
For liquid samples (e.g., suspensions and emulsions),
plunge freezing can be applied where the sample is
plunged into a coolant (e.g., liquid propane, ethane or
nitrogen). Instruments for plunge freezing are commercially available but home-made solutions also exist.
Typically the liquid (e.g., a suspension) is pipetted on a
microperforated, glow-discharged cryo-TEM grid, the
excess of liquid is removed by blotting and the grid is
plunged into the coolant.
If preservation of a thin layer (5–20 lm) on the
sample surface is sufficient, the so-called contact-freezing
technique can be used [34]. The sample is rapidly
slammed against a cold polished metal surface with high
heat conductivity. Because of the generally low heat
conductivity of the samples, only a surface layer is frozen
with a sufficiently high speed to avoid ice crystal formation.
Another method is spray freezing [35]. There, the
sample is placed between two plates and a jet of liquid
propane, cooled with liquid nitrogen, is applied. The high
dynamic pressure of the jet guarantees fast cooling. With
high-pressure freezing, samples of up to 200 lm thick
can be vitrified. The method utilizes the fact that water
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expands during crystallization by applying a large pressure to the sample during freezing thus counteracting
ice-crystal formation. The drawback of high-pressure
freezing is that it requires relatively expensive instrumentation, even though references to ‘‘home-made’’
high-pressure freezing, exploiting the expansion of water
during freezing in closed containers, do exist [36,37].
Cryo-SEM might require sectioning of the sample by
the so-called freeze-fracture method. The sample is
fractured and inspected under cryogenic temperatures.
Freeze-fracture provides access to the inside of a bulk
sample. Samples have a tendency to break at the natural
planes of weakness (e.g., the hydrophobic interior of
cellular membranes) [38]. The fracture can be succeeded
by sublimation of water from the ice surface to reveal
more of the embedded solid structure [39].
There are several possibilities to prepare cryo-fixed
samples for TEM. Plunge-frozen samples can be directly
investigated in a TEM equipped with a cryo transfer
holder. Samples from contact, spray or high-pressure
freezing can undergo freeze substitution (i.e. dehydration
at low temperatures in parallel with infiltration of a resin) [13]. Subsequently, the sample can be treated as
chemically fixed.
Another possibility is to fracture a sample that has
been sandwiched between plates during freezing. The
plates are separated in a special device and a replica of
the freeze fractured surface is made for TEM investigation, typically by shadowing with platinum or gold and
carbon. Thicker samples (e.g., from high-pressure freezing) can be sectioned in a cryo-ultramicrotome and the
frozen sections investigated in a TEM equipped with a
cryo transfer holder. This technique is cryo-electron
microscopy of vitreous sections (CEMOVIS) [40].

3. Improving location of engineered nanomaterials
For some ENMs, it is possible to use auto-metallography
(AMG) or silver enhancement to increase the NP size. In
this process, silver from solution, is deposited onto
existing particles so that they reach sizes visible in lowmagnification EM or even light microscopy. The basic
principle is that silver ions adhere to the catalyticallyactive NP or crystal and are then reduced by electrons
released from reducing molecules touching the NP. This
method was applied successfully to AuNPs, silver NPs
(AgNPs), quantum dots (QDs) (e.g., CdSe) and nanocrystals of metallic compounds generated in vivo [41].
To get an overview of the distribution of ENMs in an
inhomogeneous sample, it is helpful to visualize the
presence of the particles at a relatively low magnification. In correlative optical and EM, specific areas are
identified by screening (e.g., with a confocal microscope)
and then re-located at the EM level. This approach is
suitable for absorbing or fluorescing NPs with sufficient
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contrast in TEM (e.g., metal ENMs or QDs) [42]. By
increasing the number of images and sub-samples,
detection, representativeness and statistics can also be
improved.

4. Standard methods of electron microscopy
4.1. Scanning electron microscopy
Pioneer experiments leading to development of SEM
methods were performed in 1935 by Max Knoll. In the
next seven years, the first SEM was constructed in the
USA. The resolving power of the prototype was at a level
of 1 lm, but it was soon upgraded to 50 nm [43].
SEMs today achieve resolutions of 1 nm using highresolution imaging instruments – and 3 nm using
conventional instruments. However, it has to be noted
that the resolution that can be achieved strongly depends on the sample. Organic samples (e.g., foodstuffs)
need to be covered with a layer of electrical conductive
substances (e.g., metal or carbon) to avoid charging effects during imaging. Also, the energy of the electron
beam has to be adjusted accordingly to avoid damaging
the specimen.
Contrast in SEM emerges from scattering of the electron beam by the sample. SEM employs several detectors
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that select specific energy ranges of the scattered signal.
Low-energy secondary electrons (SEs) primarily provide
information on the surface topography while highenergy backscattered electrons (BSEs) can be used for
mapping contrast based on differences in atomic number, Z, of elements of which the sample is composed,
thereby providing good contrast for heavy and light
elements (e.g., AgNPs in cells) [29]. Images obtained
with a BSE detector can give visible contrast when the
difference between Z of elements is as low as 0.1 [43]
and therefore provide a simplicity of data interpretation
superior to other imaging techniques. BSE imaging is a
characteristic feature of SEM and is crucial for further
instrumental developments (e.g., WetSEM).
Samples for SEM are mounted on aluminum or carbon
stubs (e.g., by sticking with quick-setting glue, epoxy
cement, wax, silver paint or double-sided sticky tape).
Tapes can also contain carbon to avoid electrical
charging of the sample. Unlike TEM, in SEM, prepared
samples can be introduced for imaging in bulk form, as
there is no need to cut thin sections. Generally, sample
preparation is less challenging for SEM imaging, compared to TEM. For example, liquid samples can be dried
directly on the SEM stub, as demonstrated for sunscreens
[17], or closed in agar capsules that, after chemical
treatment, undergo incision (e.g., model salad dressings)

Figure 2. (a) Scanning electron microscopy (SEM) image of focused ion beam (FIB)-milled block face of fixed, stained and embedded HeLa cell;
(b) transmission electron microscopy (TEM) image of silver nanoparticles in resin embedded, unstained rat tissue; (c) liquid SEM image of
unstained coffee cream (BSE detector); (d) WetSEM image of metal-based nanoparticles in lake water; (e) Cryo-SEM image of freeze-fractured,
uncoated oil-in-water emulsion; and, (f) Cryo-FIB-SEM image of adherent cell (3T3 fibroblast) after slight sublimation.
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[11]. SEM also gives the possibility of tilting the sample
to allow observation from different angles and 3D
imaging [44].
The characteristic depth of field given by SEM micrographs is of great utility for food analysis, as it allows the
effects of ENMs on food structure to be established and
the ENMs to be located. The effectiveness of the technique was demonstrated in studies on collagen crosslinking with AuNPs for application in a drug-delivery
system [45]. In this research, SEM micrographs allowed
the authors to measure the effects of the NPs on the
porosity of collagen gel, while TEM analysis showed the
organization of the NPs in the gel structure. Compiling
data from micrographs by SEM and TEM methods is good
practice, since the resolution range of SEM limits the
possibility of observations on the morphology of ENMs.
Although conventional SEM is commonly used to
visualize the specimen surface, in some studies, samples
are also fractured to analyze the internal structure. For
example, in research on beef microstructures, samples
were chemically fixed and after dehydration in ethanol,
cryo-fractured [46]. In this way, sample alteration was
minimized since frozen ethanol does not form crystals.
Another method for observing a fractured sample is
FIB-SEM. Dual-beam FIB-SEM is a powerful alternative
to TEM, when a large-volume biological sample (e.g.,
whole cells, or tissue) needs to be imaged. It is a hybrid
3D imaging technique combining FIB milling with SEM,
where the two beams meet at their focal points. The ion
beam is used as a cutting tool, milling slices off the
sample, while the SEM images the freshly cut surface.
The third dimension is obtained by stacking of subsequent SEM images taken after each FIB sectioning of
the bulk material [47]. Resolution is limited to about
10 nm in 3D volumes and requires the particles to provide a good atomic number contrast in the extremely flat
FIB-cut surface.
Compared to TEM, FIB-SEM provides five-fold lower
resolution of 5–10 nm in the X and Y dimensions and
10 nm in Z dimension [48]. This allows correct imaging
of organelles, cytoskeleton, nucleus, nucleolus, and
vesicles, but prohibits detailed information on lipidbilayer structures and single molecules. However, the
main advantage is the wide magnification range offered
by SEM mode, and the available image volume of tens of
lm, making the whole-cell morphology and structure
imaging easily achievable. An image of a sample prepared by FIB-SEM milling can be seen in Fig. 2a (stained
HeLa cell).
FIB-SEM 3D images usually suffer resolution anisotropy (image anisotropy occurs when voxels – 3D pixels –
are not cube-shaped). This can be avoided only if the FIB
resolution is pushed to its limits (i.e. state-of-the-art FIB
minimum probe size and position is stable for 10 nm slice
milling [48] and thus slice minimum thickness can be
very close to the lateral resolution set by the SEM).
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However, thicker sections are often needed when higher
volumes are imaged and time is constrained, and that
creates vertical to lateral anisotropy.
Another source of lateral anisotropy is the angle between the two beams. In most dual-beam systems, the
electron beam is arranged vertically and the ion beam at
an angle of 52. It is common to tilt the sample stage to
allow straight ion milling.
4.2. Transmission electron microscopy
The first TEM was constructed in 1931 by Max Knoll
and Ernst Ruska, later winner of the Nobel Prize in
Physics. Because of its high resolution and availability in
many laboratories, conventional TEM is frequently used
in research on nanosized objects. The technique has
found application in many studies on food nanostructures {e.g., [49,50]}, so it is regarded as a promising tool
for characterizing ENMs within food matrices.
The resolution in state-of-the-art TEM is about
0.07 nm and developments are aiming to upgrade it to
0.05 nm [51]. For TEM, resolution strongly depends on
the thickness of the prepared sample and the accelerating voltage for the electron beam – the higher the voltage, the better the theoretical resolution. For imaging
food samples, especially those containing structures
prone to electron damage, the optimal accelerating
voltage of TEM would be limited to up to 100 kV as for
most biological samples.
There are several ways of acquiring an image by TEM,
and a more detailed description of these methods can be
found in the literature [52]. For bright-field TEM imaging, scattered electrons are totally absorbed by an
objective lens aperture and the un-diffracted part of the
beam passes through the aperture hole to form an
image. The user observes a dark object on bright background with absorption or interference contrast. In TEM,
bright-field imaging of a non-crystalline sample contrast
emerges mainly from differences in sample thickness and
differences in sample density (atomic number), with
thicker sample regions and regions with higher density
appearing darker. Metal-based ENMs typically give significant contrast in these matrices (e.g., [17,30], as
illustrated in Fig. 2b showing a bright-field image of
AgNPs in rat tissue).
Bright-field TEM is widely used in food research {e.g.,
in studies on morphology analysis and sizing of natural
food nanostructures (e.g., starches [49] and casein micelles [50])}.
Dark-field TEM imaging is based on detecting the
fraction of the beam diffracted by the sample. This
method visualizes a bright object on dark background.
Dark-field imaging employed in scanning TEM (STEM)
allows imaging of NPs and biological specimens without
staining and with a sub-nm spatial resolution [53]. For
imaging the distribution of heavy elements (e.g., silver or
gold) in a light-element matrix (e.g., organic tissue), one
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can take advantage of the high-angle-scattered electrons
in STEM that are mainly caused by the interactions of
electron beam with atomic nuclei (scattering is proportional to Z2). Detection is achieved by the high-angle
annular dark-field (HAADF) detector placed in a circle
around the electron beam (e.g., HAADF can be used to
image AuNPs with 4-nm resolution within a cell, which
amounts to several lm of organic matter) [54].
High-resolution TEM (HRTEM) utilizes interference
contrast to provide resolutions capable of visualizing
atomic layers of crystalline samples and can be applied
for imaging of crystalline ENMs within organic matrices
(e.g., food). HRTEM was used for imaging and sizing
uranium oxide nanocrystals on the surface of bacteria
[55]. In some cases, high-resolution imaging enables
identification of ENMs using their characteristic lattice
spacing {e.g., fullerenes [56]}. By observing coherent
electron-nanodiffraction patterns, details of the morphology and 3D structure of ENMs can be revealed [53].
The 3D arrangement of ENMs within a matrix can be
observed by electron tomography. Tilting the sample
holder in the microscope, a 3D image can be obtained,
recording images of the sample at different angles, followed by a computed back-projection [57].

5. Electron microscopy of hydrated samples in
their original state
Imaging artifacts caused by invasive preparation
methods can be partially overcome by relatively new
developments in EM that allow imaging of hydrated and
even fully liquid samples. A range of methods can be
employed, including liquid TEM, environmental TEM
(ETEM), environmental SEM (ESEM), liquid SEM/WetSEM and liquid scanning TEM (WetSTEM) [58].
For example, techniques for high-resolution imaging
of liquid samples in TEM are being developed (resolutions of 0.3 nm have been reported [59] with 9-nm
oxide windows and 2–5 lm of water, and [60] of
3 nm with 50-nm silicon-nitride windows and
approximately 10 lm of water). Special microfabricated chips with thin-film windows that can be penetrated by the electron beam are used for this purpose.
These chips allow a sample to be imaged in its fully
hydrated state, thus avoiding any change from staining or dehydration. Typically, the microchip has a
sturdy substrate of silicon for mechanical stability and
an opening containing the window. The material
chosen for the window must be resistant to pressure
and electron transparent in such a way that the
contribution to the signal from the window can be
said to be negligible [59,60]. This method has been
used to observe the synthesis of NPs [61]. It has been
shown that high-Z particles can be located in comparatively thick volumes of liquid and that the
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superstructure of organic composites (e.g., cells) can
also be seen [59,60]. These devices could provide new
insights into the interaction of NPs with food samples.
The liquid-cell method brings many of the advantages
of ETEM to regular TEM. With ETEM, a partially hydrated sample can be viewed. The main difference between the liquid-cell method and ETEM is the pressure of
the liquid. In ETEM, the liquid exists as vapor and can
only partially hydrate the sample. In the liquid-cell
method, the sample can be completely immersed and
hydrated.
Though ESEM does not operate under atmospheric
pressure, it is possible to image samples with 100% relative humidity over the specimen surface, because the
sample remains in a chamber saturated with water vapor. Imaging in ESEM involves detection of electrons
scattered by the specimen surface and molecules of the
gas in the sample chamber [62].
In ESEM, it is possible to dehydrate the sample
partially in the sample chamber by reducing the vapor
pressure. This practice may be very helpful for ENMs
analysis. In an aqueous sample imaged at 100%
humidity, only the surface of the water droplet can be
imaged and particles distributed within are not visible
[63]. ESEM does not need sample coverage with an
electrical conductor, since ions present in the water
vapor neutralize charged regions. The technique does
not require extensive sample preparation so it is a
good option for imaging food products in their native
state, as demonstrated for starch-containing imitation
cheeses [64]. ESEM was also proved to produce highcontrast images of nm-sized and lm-sized inorganic
contaminations in bread and biscuits [65]. In studies
on natural nanostructures in surface water, ESEM
imaging was able to provide data on the primary
structures of the particles while conventional SEM
imaging showed aggregated colloids and particles [63].
The disadvantage of the ESEM method is that it has
a lower resolution than conventional SEM imaging
{10–100 nm [58]}.
In WetSEM, a sample is encapsulated in a special device designed by Quantomix allowing samples under
fully liquid conditions to be imaged through an electrontransparent membrane – similar to the liquid-cell technique used for TEM. This method is suitable for imaging
objects made of elements with high atomic numbers,
which will give good contrast on the micrograph [66].
Water and fat present in the sample may be clearly
distinguished by this method [66,67]. WetSEM is a good
option for analysis of metals and metal oxides in environmental samples in their unperturbed state [30], so it
is also promising technique for investigation of liquid
foodstuffs in their native state. Fig. 2(c) and Fig. 2(d)
show a liquid-SEM image of coffee cream and a WetSEM
image of metal-based engineered NPs suspended in lake
water, respectively.
http://www.elsevier.com/locate/trac
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Like ESEM, the disadvantage of WetSEM is that the
resolution is lower than standard methods {10–100 nm
[58]}. Also ENMs will move in the liquid due to
Brownian motion, so focusing can be a challenge
[17,30]. Further, the capsule membranes can be prone
to damage by the electron beam [17,30,58].
WetSTEM has a resolution of 5 nm. For this method,
a drop of sample is applied on the TEM grid, which is
then placed on TEM sample holder, fixed on an SEM stub
and inserted into an ESEM. Imaging of hydrated samples
is achieved in annular dark-field mode by employing a
BSE detector situated beneath the sample [68].

recent paper, 0.33-nm resolution was obtained in 3D
with viral particles, enabling 3D reconstruction of the
detailed protein structure [74]. The technique can be
applied for imaging NP suspensions {e.g., metal NPs
[73], solid lipid NPs [75] or micelles [76] and vesicles
[77]}.
Cryogenic techniques are very useful for imaging of
semi-liquid and solid food samples that cannot be fixed
chemically [i.e. fat-based or polysaccharide-based foods
{e.g., chocolate [69] and bread [78]}, or samples where
the preservation of the matrix structure is of strong
interest {e.g., meat [79]}.

6. Cryo-electron microscopy

7. Analytical electron-microscopy methods

Cryogenic SEM (cryo-SEM) is applied to investigate the
ultrastructure of bulk samples. The samples are kept
frozen by a cryo-stage in the microscope and viewed
under high vacuum, which allows high-resolution
imaging. In some cases, it is possible to view uncoated
samples at low acceleration voltages because the samples
are, to some extent, protected from beam damage by the
low temperature [see Fig. 2(e)].
The fracture planes in freeze fracture are virtually
impossible to control, and, in samples where the fracture
does not reveal the structure of interest (e.g., a cross
section between heterogeneous materials or in cases
where 3D imaging is desired), it is possible to perform
FIB-SEM on the frozen specimens [see Fig. 2(f)]. This has
the advantage over ultramicrotomy that very small
structures of interest can be selected by using cryo-SEM
prior to milling.
It is always wise to compare several methods to avoid
conclusions made on the basis of artifacts. A number of
studies have applied both cryo-SEM and ESEM to hydrated samples. Cryo-SEM has higher resolution, while
ESEM enables observation of dynamic changes to the
structure [69]. The combination of the two is beneficial
to understanding the structure, as the micrographs can
sometimes be complementary [64].
Cryo-SEM is likely to be a very useful approach for
analysis of foreign nanosized objects embedded in food
matrices, as long as their structure can be distinguished
from the structure of the food product. The method has
been used in characterizing NP bio carriers [70] and
polymer nanocapsules [71], and even in visualizing
cellular uptake of polymer NPs [72].
For cryo-TEM, contrast of biological specimens is
achieved by slightly under focusing the sample. By
keeping the thickness of the amorphous ice film low and
working at low-dose conditions, high-resolution imaging
is possible (e.g., 15 nm AuNPs with 0.2 nm lateral resolution) [73].
Cryogenic samples are better able to sustain extended
radiation and this results in improved image quality. In a

Analytical EM allows the determination of the elemental
composition of a specimen or specific areas or spots of a
sample. This is often done by scanning the electron beam
over the sample. The most common example is energydispersive X-ray spectroscopy (EDS). EDS and wavelength-dispersive spectroscopy (WDS) enable X-ray
microanalysis of spectra emitted by atoms of the sample.
WDS is much more precise than EDS, as it also analyses
light elements, but, because of the high costs of the
detector, it is rarely used.
EDS is a helpful tool for identifying the chemical
composition of ENMs, especially to distinguish between
inorganic ENMs contained in an organic food matrix.
EDS can be combined with SEM, TEM, WetSEM, liquid
TEM, STEM, ESEM, ETEM and FIB-SEM.
For TEM, HAADF and electron energy-loss spectroscopy (EELS) are usually applied for characterizing inorganic materials, but these methods can also be useful for
identifying carbon-based NPs. The combination of EELS
and EDS allows elemental analysis of most elements,
since some are mainly detected by one of the methods.
EDS is generally better suited for detecting elements of
high atomic number (Z), whereas EELS can readily detect
low-Z elements {e.g., EELS has been used to image
the distribution of carbon nanotubes in cells, since the
nanotube EELS spectrum is slightly different from the
carbon bound in organic materials [56]}.
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8. Data interpretation and analysis
In most cases, the volume of a sample taken for EM is
relatively small compared to the volume of the original
food product or environmental material (e.g., for TEM a
few lL are dried on a grid for analysis, whereas a typical
bottle of soft drink contains several 100 mL). If the food
product or environmental material is heterogeneous or
an inhomogeneous distribution of NPs within a
homogenous material is expected, random sampling and
investigation of several samples are necessary to obtain

Method and approximate
resolution
SEM resolution: 1–3 nm

Type of food matrix

Type of ENM and examples
from the literature,
references

Advantages

Disadvantages

Food powders, meat, fruit,
vegetables, emulsions,
protein gels, and proteinbased foodstuffs

High atomic number
{e.g., Au [45], Ag [29], TiO2,
and ZnO [17]}
Organic particles

Allows imaging of foodstructure parameters {e.g.,
porosity [32]};
ENM can be localized in a
sample [29];
EDS analysis can provide
information on particle
chemistry;
Freeze-dried specimens can
be imaged [45]

Pre-processing can introduce
artifacts;
Organic samples need to be
provided conductive
coating;
Coating with conductive
substance may obstruct
elemental analysis;
Mainly for analysis of surface
of prepared sample

Meat, fruit, vegetables,
emulsions, and proteinbased foodstuffs

See SEM (above)

Allows 3D imaging of
sample sections; ENM
location in sample is
possible;
EDS can be performed;
FIB can be applied in cryoSEMs

If not frozen, sample has to
be embedded in resin;
Sample preparation can
introduce artifacts and
cause loss of components

Non-turbid liquids, without
suspended solids and low
concentration of dissolved
substances, sectioned solid
specimen

Inorganic ENMs {e.g., metal
and metal oxides, quantum
dots [17,42]}
Organic ENMs {e.g.,
polylactide particles in
stained matrix [12], and
fullerene C60 and carbon
nanotubes [56]}

Allows detailed imaging of
ENMs and sample
morphology;
Simple sample preparation
for liquids;
Application of EELS, EDS and
tomography for 3D images is
possible;
It is possible to stain, and
therefore characterize, the
ENM coating

Pre-treatment to remove
water can alter the ENM
organization;
Solid samples have to be
chemically treated resulting
in artifacts and loss of
components;
Only a thin section of the
sample is imaged and that
may not be representative of
the bulk sample;
Particles may be damaged or
misplaced during sectioning;
Organic ENMs need to be
shaped differently from
sample components

Electron beam is scanned over
sample and scattered electrons
are detected
FIB-SEM resolution: 10 nm in 3D
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Table 1. Overview of electron-microscopy (EM) methods discussed and suitable for characterizing engineered nanomaterials (ENMs) in food matrices

Ion beam mills a free surface and
the SEM images are acquired
TEM resolution: 0.07 nm
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Electron beam passing through
the sample
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Method and approximate
resolution

Type of ENM and examples
from the literature,
references

Advantages

Disadvantages

Meat, fruit, vegetables, and
protein-based foodstuffs

High atomic number ENMs
{e.g., Ag [54]}

HAADF detector applicable

See bright-field TEM (above)

ESEM
resolution: 10–100 nm [58]

Liquids, emulsions, and
complex, solid-food samples

Applicable for same types of
ENMs as SEM (above)

Minimal sample preparation;
Dynamic changes in sample
may be observed;
No coating needed for
imaging;
Sample may be observed in
original state [63];
Application of EDS analysis
is possible

Resolution may be too low to
detect ENM;
FIB mode not applicable, so
ESEM can be used for surface
analysis only;
Some particles may be
covered by a layer of free
water [63]

WetSEM resolution: 10–100 nm [58]

Liquids, and emulsions

Applicable for same sample
types as SEM (above) and
ENMs {e.g., [17,30]}

No sample preparation
required;
No artifacts related to sample
preparation;
Water and fat phase can be
distinguished [66,67];
Application of EDS is
possible [68];
Dynamic changes may be
observed

Resolution may be too low to
detect some ENMs;
FIB mode not applicable;
ENMs can drift inside the cell
and move away from the
membrane [17,30]

STEM resolution: 4 nm [54]

Type of food matrix

TEM electron beam scanned over sample
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Liquid sample in chamber with electron-transparent window

Liquids without suspended
solids, and non-turbid

Metal-based and organic
ENMs with shapes
distinguishable from naturalsample components

Observation of the sample is
possible in gaseous
environment, which keeps
sample partially hydrated;
Application of EDS is
possible

Evaporation may alter the
structure of ENMs;
See liquid TEM (above)

Cryo-SEM resolution: 1–3 nm

Liquids, emulsions, and
complex, solid-food samples

Organic ENMs {e.g., nano
bio carriers [70], polymer
nanocapsules [71], and
polymer nanoparticles [72]}
See SEM (above)

Surface structure well
preserved;
Freeze-fracture and FIB
possible;
Avoids artifacts connected to
chemical treatment;
Sample less prone to
charging when frozen;
Applicable for whole range
of food products [69,78,79];
Application of EDS possible

Risk of ice damage to sample
structure
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ETEM resolution: 0.12 nm [85]
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Figure 3. Decision tree illustrating choice of electron-microscopy (EM) methods available for imaging of defined sample types.
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representative results. Even if a relatively large sample
volume is taken and prepared for analysis (e.g., for SEM),
the volume that can be analyzed is still limited. The
detection of NPs requires relatively high magnifications
which limits the field of view. For biological samples
(e.g., cells and tissues), methods for sampling and
quantitative analysis of ultrathin sections by TEM have
been developed [80,81].
A major challenge is the analysis of samples with very
low concentrations of NPs, which can for example be
expected if NPs enter foodstuffs by migration from
packaging materials. For a given mass concentration,
the number density of NPs depends on their size (e.g., for
a sample with a mass concentration of AgNPs of 0.01%
m/v, 18 NPs could be expected per analyzed volume of
1 lm3 if the particle diameter is 10 nm). By contrast, for
100 nm AgNPs at the same mass concentration, at least
55 lm3 have to be analyzed to find a single particle. The
LOD depends on the preparation and imaging technique
and the NP properties (e.g., size and composition), but
also the size of the volume analyzed.
We should also keep in mind that, for determining the
size distribution of non-spherical NPs, 3D information is
required. For example, TEM shows only a projection of a
certain orientation of the NP, whereas other methods
(e.g., FIB-SEM, tomography or single-particle analysis)
offer 3D information about NP size and shape. Nevertheless, these methods will have limitations at very low
particle-number densities.
For risk assessment of ENMs, scientists are advocating
that information is generated on a range of characteristics
(e.g., shape, size, size distribution, state of agglomeration,
surface properties and the presence of impurities). EMbased approaches can provide information on many of
these characteristics, particularly shape and size. One
of the challenges is how to extract this data from EM
images in a representative, reproducible way. Precise
qualitative and quantitative image analysis is therefore
required {e.g., the accuracy of determining the average
particle size and the size distribution of particles contained in a sample depends on the number of particles
measured and a valid statistical approach might require
thousands of measurements [58,82]}. Automation of
image analysis is therefore crucial for extracting data
in a reproducible, objective way. However, many of the
available image-analysis softwares are based on manual
or per-pixel characterization. Manual interpretation is
often inexact and tedious, whereas per-pixel classification may lead to errors (e.g., in the correct determination
of particle boundaries, especially when facing high noise,
which is typical for EM images). Innovative object-based
quantitative image-analyzing systems, which enable cross
linking of neighboring objects, thus allowing structural
and relational acquisition of information (e.g., distance,
relative positions and composition) may overcome these
limitations [58]. Examples for the application of automated

Trends

image analysis for sizing NPs can be found in the literature [83,84].

9. Conclusions
EM methods can detect and characterize ENPs in a wide
range of matrices. The potential of EM for observing
interactions of ENMs with complex food matrices is
improving with refinement of existing techniques and
the development of novel techniques (e.g., wet-state
imaging systems). The traditional EM methods are
promising candidates for high-resolution imaging of
complex 3D structures containing known inorganic
ENMs. However, to date, not much work has been done
on ENM-food studies. The main challenge for researchers
is sample preparation, which may not be adequate for
foodstuffs containing ENMs in the structure. Careful
evaluation of the various methods, considering the
highly varying sample matrices and types of ENM, is
strongly recommended. A table of guidance covering the
available choices of EM, based on the research covered in
this review, shows the main possibilities and some pitfalls (Table 1).
In most cases, the use of more than one of the available techniques should be considered in order to get
complementary micrographs and to determine how
processes of sample preparation may alter the structure
of the sample. The EM analysis should naturally be
backed by other traditional analytical methods [58].
Fig. 3 provides a potential decision tree to help the reader
select the most appropriate EM method(s) for a specific
food sample.
We anticipate that EM-imaging techniques will mainly
be applied to the validation of detection and quantification methods. The location of individual NPs in a realworld food sample by EM is very much like finding a
needle in a haystack, due to time-consuming analysis of
small sample volumes and the issues of representativeness and reproducibility, and probably also the wide
range of natural nanostructures present in the sample.
EM would therefore have to be performed as a complementary analysis to separation and analytical techniques for real-world samples.
Imaging of food samples containing ENMs is still at the
development stage. None of the methods discussed is
complete and reliable just yet, and this review highlights
the necessity of further research and evaluation of the
methods.
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[81] T.M. Mayhew, C. Mühlfeld, D. Vanhecke, M. Ochs, Ann. Anatomy
– Anatomischer Anzeiger 191 (2009) 153.
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